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Preface

Adult humans contain about 2 pounds (approximately 0.8 kilograms) of
phosphorus. While this is less than 1% of the total mass of an average 70 kg
person, phosphorus is critical for all life on earth. Phosphorus in biology is
almost exclusively in the PV [þ5] oxidation state and rarely changes oxidation
states. Essentially all the phosphorus atoms in organisms are present as an-
ions of the fully oxidized inorganic phosphoric acid (H3PO4), its phosphoric
anhydrides, and phosphate monoesters and phosphate diesters. Some 85% of
body phosphorus is present as the solid inorganic calcium phosphate salts of
bone and teeth. The remaining 15% (about 120 grams) is distributed among
soluble inorganic phosphate and organophosphate esters and anhydrides.

The most prevalent and perhaps most central is adenosine triphosphate
(ATP), coming in at an inventory of about 75 grams in an adult human. The
bis-phosphoric anhydride linkages in the triphosphate side chain are acti-
vated thermodynamically, but sufficiently stable kinetically as the tetra-anion
at physiological pH values that ATP is the major cellular energy currency.
Evidence of its metabolic centrality to power almost every mechanical and
chemical process in living organisms is the observation that organisms make
and use their body weight in ATP every day. For humans that could be up to
75 kilograms, representing about a thousand-fold turnover of the ATP pool
daily, 99.9% of which is used to power all the nonequilibrium processes that
keep cells and organisms alive. By the time a human reaches the age of 75 years,
he/she will have biosynthesized and spent up to two million kilograms of ATP to
stay alive. That is testament to phosphoric anhydride chemical biology.

Depending on whether one is energy-centric or information-centric, the
other prime or more prime type of phosphate linkage in organisms is
the phosphodiester linkage. Most notably, the only covalent linkage holding
the monomer nucleotides together in both RNAs and DNAs is the inter-
nucleotide 30,5 0-phosphodiester bond. The fidelity of information from
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generation to generation stored in DNA and the transcriptional fidelity of
information transfer from DNA to RNA on the way to all the proteins of
proteomes depends on the kinetic stability of the internucleotide phos-
phodiester bonds, each of which is a monoanionic in biological milieus.

Both RNA and DNA editing, from RNA splicing to restriction endonuclease
cuts on double stranded DNA to clustered regularly interspaced short pal-
indromic repeats (CRISPR)–CRISPR associated protein 9 (Cas9) manipula-
tions of genomic DNA, involve enzyme-mediated internucleotide
phosphodiester phosphoryl group transfers.

The importance of being anionic is at the center of phosphate chemical
biology. The negative charge on inorganic phosphate, phosphoric an-
hydride, phosphodiesters, and phosphomonoesters, so essential to all their
biological roles, stems from the three pKas of the parent phosphoric acid
H3PO4. With pKa1 at pH 2, and pKa2 at pH 7.2, inorganic phosphate at
physiological pH is approximately 50% the monoanion and approximately
50% the dianion. When glucose is enzymatically phosphorylated to glucose-
6-phosphate it is trapped inside cells because it is a mix of monoanion and
dianion and faces an energy barrier for diffusion out through the lipidic cell
membrane. The internucleotide bonds of RNA and DNA bear one negative
charge at every phosphorus atom, making them polyanions, which both
affects their intrinsic stability as repositories of information and promotes
electrostatic interactions with cations, large and small.

Phosphorus chemical biology thus underlies most of life’s reactions and
processes, from the covalent bonds that hold RNA and DNA together to the
making and spending of 75 kg of ATP every day to run almost all metabolic
and mechanical events in cells, from ion pumping to protein synthesis, to
protein motors moving cargoes to microtubules and other protein polymers
that give shape to cells from moment to moment.

Starting from inorganic phosphate, the most abundant source of phos-
phorus on the planet, in the ionization state of the phosphoric acid dianion,
we examine the chemical consequences of two forms of dual or orthogonal
reactivity. First, is that phosphate anions are electrophilic at the central
phosphorus atom and nucleophilic at the peripheral oxy anions, giving polar
opposite modes of reactivity in organismic metabolism. Second, the dehy-
drative condensation of two molecules of phosphoric acid yields the thermo-
dynamically activated phosphoric anhydride linkage that is also kinetically
stabilized at physiological pH, in part by the phalanx of surrounding oxyanion
negative charges. This second duality, thermodynamic activation with unusual
kinetic stability, allows ATP and congeners to power otherwise unfavorable
equilibria as the side chain phosphoric anhydride linkages are hydrolyzed.

Phosphate chemistry is so pervasive in biology that it undergirds almost
every contemporary topic in biochemistry, molecular biology, and cell biol-
ogy. Phosphodiester chemistry enables RNA splicing and CRISPR–Cas9
editing of genomes. Phosphoryl transfers arising from the attack of nu-
cleophilic substrates on Pg of ATP (cleaving the Pb–O–Pg anhydride linkage)
both dominate low molecular weight carbohydrate metabolism and carry the

Preface vii



flux of all 520 protein kinases of the human kinome. Attacks by cosubstrate
nucleophiles instead at Pa of ATP, congeneric NTPs, and on Pa of 20deoxy
ATP and dNTP congeners to cleave the Pa–O–Pb phosphoric anhydride side
chain, constitute nucleotidyl transfers that are the dominant reactivity mode
for building or replicating RNAs, DNAs, proteins, oligosaccharides, and
membrane phospholipids. The preference for nucleotidyl transfers to build
energetically unfavorable condensed biopolymers may arise from enzymatic
hydrolysis of the phosphoric anhydride bond of inorganic pyrophosphate
coproduct in every chain elongation step.

Some 30% of cellular ATP may be spent in pumping ions, in and out of
cells or into and out of subcellular organelles (protons into vacuoles, calcium
ions into the endoplasmic reticulum). ATP and guanosine triphosphate
(GTP) are spent for assembly and disassembly of microtubules, for powering
motors that transport protein cargoes from one part of the cell to another,
for unwinding DNA and RNA by helicases, for ATP-dependent cleavage of
short-lived proteins by proteasomes, and for a plethora of other cellular
reactions. Cyclic nucleotides, from the classical 30,50 cyclic adenosine
monophosphate (cAMP) and cyclic guanosine monophosphate (cGMP), to
dicyclic-GMP and dicyclic-AMP, to the mammalian hybrid cyclic nucleotide
cyclic guanosine monophosphate–adenosine monophosphate (cGAMP) that
signals foreign double-stranded DNA in host cell cytoplasm, form the basis
of low molecular weight signaling molecules.

Over the past three decades phosphoproteomics, posttranslational modifi-
cation of protein side chain residues, has taken center stage in phosphoryl
group biology. Some 270 000 serine-, threonine-, and tyrosine-protein side
chains are predicted as protein kinase target phosphorylation sites in the
global human proteome. However, these three residues are joined by six
others (aspartate, glutamate, cysteine, histidine, arginine and lysine) that are
undercounted or missed entirely in the standard mass spectrometry work-
flows to identify acid-stable phosphopeptides. This is not a monograph cen-
tered on the canonical phosphoproteome and its myriad biological effects, but
it does examine the noncanonical phosphoproteome of the remaining six
protein residues. The chemistry of those six phosphorylated residues illus-
trates catalytic vs. regulatory roles, thermodynamic and kinetic stability, and
the chemical logic for protein phosphatases to reverse phosphorylation states
for only some of the nine amino acid side chains in full phosphoproteomes.

In a real sense the approach of this monograph follows the utterance of
Alexander Todd, 1957 Nobel laureate in chemistry: ‘‘where there is life, there is
phosphorus’’. From a few central precepts of reactivity of inorganic phos-
phate, phosphoric anhydride linkages, phospho-monoesters and diesters,
the effects of natural substitution of one of the four oxygens of phosphate by
carbon (phosphonates), nitrogen (phosphoramidates), or sulfur (phosphor-
othioates), the scope and logic of phosphorus chemical biology is developed
to examine why life depends on phosphorus.

Christopher T. Walsh
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SECTION I

Introduction to Phosphorus
and Inorganic Phosphates

Section I contains two introductory chapters. The first summarizes some of
the properties of elemental phosphorus relevant to its chemical biology. It
also frames the themes and attributes of phosphorus in the inorganic
phosphate oxidation state that permeates every aspect of cell metabolism.
Phosphorus joins carbon, hydrogen, oxygen, nitrogen, and sulfur as one of
the six most abundant elements requited for life.

Chapter 2 introduces both inorganic phosphate, inorganic pyrophosphate
and inorganic polyphosphates and their roles in form and function of or-
ganisms. Some 85% of inorganic phosphates are deposited in bones and
teeth enamel while the other 15% have myriad roles in metabolic biology.
Pyrophosphate and the higher order linear polyphosphates introduce the
thermodynamically activated but kinetically stable P–O–P anhydride bond as
the key functional group in phosphate chemical biology.

There are four properties of phosphorus which form the backbone themes
of its chemical biology. First, is the observation that phosphorus is largely
redox inert in biological systems. Essentially all of its chemistry relevant to
biological function is in the [þ5] oxidation state. Second, over the eons of
global oxygenation of the earth planetary phosphorus in surface rocks has
accumulated as the most oxizided PV form, inorganic phosphoric acid. The
first two pKa values of inorganic phosphoric acid are at pH2 and pH7, so
phosphates can exist as divalent anions complexed with neutralizing
cations.

Third, inorganic phosphate can react in two modes in biology. It can be-
have as an electrophile at phosphorus, or it can behave as an oxygen nu-
cleophile, e.g. as the phosphate dianion. This orthogonal reactivity allows
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great versatility in the roles of phosphate and to phosphoric anhydrides in
biology. The fourth key property is evinced in the phosphoric anhydride
linkages of inorganic pyrophosphate and inorganic triphosphate, and is
carried over to the triphosphate side chains of ATP and congeneric nucleo-
side triphosphates. The P–O–P–O–P side chain in ATP is tetra-anionic
at neutral pH and thereby kinetically stable. The two phosphoric an-
hydride [P–O–P] bonds are thermodynamically activated for transfer of each
P as an electrophile. This duality of thermodynamic activation with kinetic
stability enables life.

2 Section I



CHAPTER 1

Introduction to Phosphorus
Chemical Biology

Alexander Lord Todd, 1982

‘‘I would guess that if life exists anywhere else in the universe it will do so only
on a planet on which phosphorus is readily available.’’6

1.1 The Element: Discovery, Abundance, Valence
States

Adult humans contain about 2 pounds (0.8 kg) of phosphorus, almost ex-
clusively in the form of the fully oxidized phosphate atoms. Some 85% is de-
posited in bones and teeth as calcium phosphate in the form of crystalline
hydroxyapatite. The remainder is in soft tissues, with the serum concentration
of soluble inorganic phosphate (HPO4

2�) maintained within narrow limits at 1.1
to 1.4 mM. At these levels, phosphorus is slightly less abundant than calcium,
and about half the levels of bodily nitrogen (1.8 kg). The other three abundant
elements H, C, and O come in at 7 kg, 16 kg, andB43 kg, respectively. TheB1%
abundance of phosphorus by mass belies the essential roles of phosphates. Lord
Alexander Todd, British chemist and Nobelist who carried out the first syn-
theses of nucleotides, remarked ‘‘Where there is life, there is phosphorus’’.1

Phosphorus sits just below nitrogen in the periodic table, as atomic number
15, with a molecular weight of 30.974 atomic mass units. While 31P is the most
abundant and stable isotope, the short lived radioactive 32P has found extensive
use in radiotracer studies (half-lifeB14 days) and the stable heavy atom isotope
33P also has its uses as a tracer for phosphorus metabolism.

The 15 electrons of phosphorus fill orbitals in the order 1s22s22p63s23p3.
A simplistic description of the available valence electrons for bonding (Figure 1.1)
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indicates that trivalent compounds engage the 3p electrons while pentavalent
phosphorus involves hybridized sp3d orbitals. Phosphorus trichloride and pen-
tachloride are classic abiotic compounds of phosphorus in the P¼ [þ3] and

Figure 1.1 (A) Orbital filling diagram for phosphorus: configurations for trivalent
phosphorus (PIII) or pentavalent phosphorus (PV). (B) Three allotropic
solid forms of elemental phosphorus (Left to Right: White, Red and
Black phosphorus). B – Left image courtesy of BXXXD, https://en.
wikipedia.org/wiki/File:Wei%C3%9Fer_Phosphor.JPG, under the terms
of a CC BY-SA 3.0 license, https://creativecommons.org/licenses/by-sa/3.
0/deed.en. B – Right image courtesy of https://en.wikipedia.org/wiki/
File:Black_Phosphorus_Ampoule.jpg, under a CC By-SA 3.0 license,
https://creativecommons.org/licenses/by-sa/3.0/deed.en.
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P¼ [þ5] oxidation states, respectively. At the other end of the oxidation spec-
trum, phosphine, PH3, is a fully reduced trivalent phosphorus compound, but
now with P¼ [�3] oxidation state.

Phosphorus was first isolated as a pure element by Hennig Brand in
Germany in 1669 in pursuit of alchemical studies.2 Concentration of human
urine followed by heating to high temperature led to distillation of white
phosphorus. This was a luminescent and phosphorescent species. The name
phosphorus is from the ancient Greek combination of phos (light) and
phoros (bearer) There are some 10 known allotropes of elemental phos-
phorus, from the P4 tetrahedron of white phosphorus to polymeric chains of
red, black, and other phosphorus allotropes. The red phosphorus allotrope
is not phosphorescent.3 Three of those allotropes are depicted in Figure 1.1B

Phosphorus is thought to be formed only in the hot interiors of large stars such
as red giants, by gain of a proton from 31silicon. The relative under-abundance of
phosphorus in the universe (and on earth) has raised questions about whether it
was sufficiently available to be present in the earliest life forms, but only arsenic
has been proposed as an incomplete alternative to fulfill its myriad roles and it
fails the test of stability of arsenate diesters in aqueous solutions.

Unlike nitrogen, which can cycle between [�3] and [þ5] oxidation states,
and neighboring sulfur, with [�2] to [þ6] oxidation states, phosphorus in
biology is almost exclusively in the [þ5] oxidation state as inorganic phos-
phate with four oxygens surrounding the central phosphorus atom. One of
the P–O bonds is formally a PQO double bond. The other three are P–OH
bonds in phosphoric acid (H3PO4) (Figure 1.2). The first pKa is at pH 2.12
(50% ionized to the indicated resonance stabilized monoanion at that pH).
The second pKa is 7.12, so at neutral pH values in organisms there is a mix of
monoanionic and dianionic inorganic phosphate species. The third pKa of
phosphoric acid, at pHB12, is outside the range of physiological pH values
so there is no significant biological role for inorganic phosphate trianions.
(In most microenvirons the undissociated phosphoric acid is also not rele-
vant, although at stomach pH values of B2, the undissociated phosphoric
acid species will be relevant.) We will see that the monoanionic and di-
anionic species of inorganic phosphate are essential features of the chemical
biology of phosphorus. Most of the global cycle of phosphorus occurs in the
movement of phosphate species.

Inorganic phosphoric acid and its physiologically relevant monoanions
and dianions exhibit tetrahedral geometries (Figure 1.2B), with one formal
PQO double bond and three P–O single bonds. The three single P–O bonds
are chemically equivalent. Keeping in mind the tetrahedral geometry, we will
typically not specify it explicitly in most of the ChemDraw structural for-
mulas throughout the text except when stereochemical issues arise, as in
phosphorothioates in Chapter 12. Stereochemistry is otherwise cryptic in
transformations of phosphate with its three equivalent oxygens.

By far the most abundant form of phosphorus available in the earth’s
crust is inorganic phosphate-containing rock, the most oxidized form of
pentavalent phosphorus, formed over eons from weathering in the oxygen-
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containing planetary atmosphere. About 50–200 million tons of phosphate-
rich rock are harvested each year and converted abiotically to pure phosphoric
acid. The inorganic acid and its salts are used for fertilizers, animal feed,
flame retardants, weed killers, detergents, and other industrial uses.

The daily dietary input of phosphate for a human adult can range from
B700 mg (estimated daily amount needed) to B1500 mg per day. Excess
phosphate is eliminated by kidney excretion.4 Failure of the kidneys to keep
up with phosphate loads leads to pathological hyperphosphatemia con-
ditions (and eventual deposition as insoluble calcium phosphates).

1.2 Chemical Biology of Phosphorus
Inorganic phosphate, typically as fluorapatite [Ca5(PO4)3F] or hydroxyapatite
[Ca5(PO4)3OH], in limestone and mudstone rocks can vary from 4 to 30% in
those rocks.5 That abundance, coupled with the observation that over 99% of
phosphorus biology occurs in the P¼ [þ5] oxidation state, makes inorganic
phosphate and its compounds the center of phosphorus chemical biology.
Throughout this volume, we take the simplifying view that the chemistry of
inorganic phosphate, its anhydrides, monoesters and diesters with alcohol
groups of metabolites, both of low molecular weight and as macromolecules,
dominate and determine the myriad roles of phosphate in biology (Figure 1.3).

Figure 1.2 (A) pKa values for the first and second pKas (pH value at 50% ionization)
for phosphoric acid. Note that monoanions and dianions are stabilized
by resonance delocalization of the charges. (B). Phosphates have tetra-
hedral geometry.
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Figure 1.3 The dianionic form of inorganic phosphate and phosphate monoesters, the
monoanionic form of phosphodiesters, and the tetra-anionic form of in-
organic pyrophosphate are dominant forms in phosphorus chemical biology.
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1.2.1 Where There is Life There is Phosphorus

The opening three-line quote at the start of this chapter is from Alexander
Todd a British organic chemist, professor at Oxford in the mid twentieth
century who pioneered synthetic methods for making phosphate-containing
molecules central to biology. The citation is to a paper (‘Where there’s life
there’s phosphorus’) delivered by Todd in 1981 at a conference in Japan.1 In
a review article in 2010 Bowler et al.6 analyze Todd’s arguments and provide
additional perspective 30 years on. Among the properties embedded in
phosphate chemistry essential to biology are the following:

1. DNA information retention from organism generation to generation
requires ultrastable phosphodiester internucleotide bonds, that are
nonetheless rapidly repairable when necessary.

2. If life started via an RNA world then phosphodiesters were key covalent
linkages stitching together bits of chemical information.

3. Lipid membrane barriers define an inside and outside for cells and
organisms and allow establishment of transmembrane electrochemical
potentials. Phospholipid diester head groups, attached covalently to lipid
tails, are the universal building blocks for biological membranes.

4. To build skeletons strong enough to support large organisms, most
notably mammals, calcium phosphate salts comprise the building block
for bones and teeth

5. Organisms constantly need energy supplies to survive. The energetics
of life are built around phosphoric anhydride chemistry

6. Regulation of information flow and signaling over different time re-
gimes is dominated by two parallel signaling regimes involving phosphate
chemistry: (a) a set of low molecular weight second messengers: cyclic
adenosine monophosphate (cAMP), cyclic guanosine monophosphate
(cGMP), di-cyclic GMP, di-cyclic GMP–cAMP; (b) protein posttransla-
tional phosphorylations.

We take up each of these facets of phosphate group chemistry in bio-
logical contexts through the subsequent chapters of this book. Life is
certainly more than phosphoryl group chemistry but no other element in
the periodic table exhibits chemical properties that would allow life to be
constructed by a phosphorus replacement. (Pentavalent arsenic has some
replacement properties, but its esters are chemically labile in aqueous
physiological media).

1.2.2 Inorganic Phosphate, Phosphoric Anhydrides to
Nucleoside Triphosphates (NTPs)

The chemical biology of inorganic phosphate is pervasive throughout all
forms of life. A classic review article by Westheimer in 1987 extolled the
properties of phosphates with the title ‘Why Nature Chose Phosphates’ and is
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still compellingly relevant more than 30 years later.7 Furthermore, that re-
view occurred just as the enormous reach of phosphoprotein biology was
becoming apparent, reinforcing the extensive reliance on phosphate chem-
istry in both low molecular weight and high molecular weight metabolites.
We will devote some time to the fact that the only covalent linkages in both
DNA and RNA biopolymers are the internucleotide phosphodiester bonds,
each bearing a net negative charge.

Inorganic phosphate plays three major roles in biology as we will elaborate
in subsequent chapters. The first is that it is poorly soluble as the calcium
salt and precipitates out of supersaturated solutions as hydroxyapatite dur-
ing bone and teeth enamel formation.8 Higher pH redissolves phosphate
dianions and is the basis for the dynamics of bone resorption.

The second aspect of phosphate chemistry is that the central P atom in
the [þ5] oxidation state is electron deficient. It reacts as an electrophile
with nucleophilic atoms that can penetrate the phalanx of the four
surrounding oxygens of the phosphate group, especially when complexed
with cations. The capture of inorganic phosphate at its central electro-
philic phosphorus atom by an oxyanion of adenosine diphosphate
(ADP) is the fundamental chemical reaction enacted by proton-
conducting, membranous adenosine triphosphate (ATP) synthases.
Humans make and then turn over their body weight in ATP (B70–80 kg)
every day.9 The electrophilicity of the P atom in inorganic phosphate is
central to life.

The third attribute, alluded to in the previous paragraph is that inorganic
phosphate at physiological, neutral pH values is a mix of monoanion and
dianion. Those oxyanions are biological nucleophiles (as also noted for ADP
just above). Perhaps the most visible biological manifestation of that
phosphate oxyanion nucleophilicity is in the catalytic cycle of phosphorylase
enzymes. Such phosphorylases transfer electrophilic fragments of substrates
to inorganic phosphate (Chapter 9). The mobilization of glucosyl units from
starch or glycogen storage polysaccharides by phosphorylases releases glu-
cose-a-1-phosphate units.

1.3 Inorganic Pyrophosphate
In many ways the simple dehydrative condensation of two molecules of in-
organic phosphate to the phosphoric anhydride bond in pyrophosphoric
acid (PPi) illuminates the features of the most important phosphate func-
tional group in all of biology (Figures 1.2 and 1.3). Because of the pKa values
of phosphoric acid, inorganic pyrophosphate at neutral pH exists in large
part as the tetra-anion. That phalanx of negative charges helps shield the
central phosphoric anhydride linkage from adventitious attack by water.
Thus, although the equilibrium constant greatly favors pyrophosphate tetra
anion hydrolysis to two molecules of inorganic phosphate, kinetically the
phosphoric anhydride linkage is stable enough for pyrophosphate tetra-
anion to be a diffusible metabolite in all cells.
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The dichotomy of thermodynamic activation for phosphoryl group trans-
fer to potential nucleophiles (including water) coupled to kinetic stability is
the central feature of phosphoric anhydride biology, from inorganic pyropho-
sphate to ATP (Figure 1.3), and includes other nucleoside triphosphates
(NTPs) as well as the 20-deoxynucleoside triphosphates (dNTPs) building
blocks for DNA. By comparison acetic anhydride, a simple carbon-based
anhydride, is similarly activated thermodynamically, in this case as an acetyl
transfer reagent, but it is not kinetically stable in neutral physiological
aqueous media. It would not have existed intact long enough to serve as a
carrier of activated acetyl groups for metabolic transfers (That turns out to be
the role of the thermodynamically activated but kinetically stable acetyl
thioester link in acetyl-S-coenzyme A10) The pKas of the polyprotic phos-
phoric acid are essential to life.

While free pyrophosphate is rarely used by contemporary multicellular
organisms as a phosphoryl donor, it is cleaved in almost every cell by the
action of the ubiquitous hydrolase inorganic pyrophosphatase. The net
concentration of [PPi] in cells is often below 10�6 M for this reason, ensuring
that the thermodynamically activated P–O–P bond has been cleaved to draw
off the equilibrium of any PPi-forming enzyme reactions in the forward
direction (see Chapter 4).

1.4 Phosphoric Anhydride Side Chains in ATP, NTPs,
and 20deoxyNTPs

The apotheosis of phosphoric anhydride chemistry in biological systems is
found in adenosine 50-triphosphate (ATP) (Figure 1.4), related NTPs that are
the building blocks for RNA biogenesis, and the corresponding 20-deoxyr-
ibonucleoside triphosphate precursors to DNA. ATP and congeners have two
P–O–P anhydride bonds in their triphosphate side chains, offering three
electrophilic P atoms (Pa, Pb, and Pg) for thermodynamically favored attack
by cellular nucleophiles. Yet, ATP is kinetically stable to 100 1C, so even
thermophilic microbes use it as major cellular energy currency.10

The equilibrium constant (Keq) values for cleaving either of the two P–O–P
anhydride bonds in ATP and congeners is about 105. Thus, if a kinetic
condition for rapid cleavage of one of the two phosphoric anhydride bonds
in ATP or NTPs can be found, then ATP or NTP side chain cleavage can be
used to drive otherwise unfavorable equilibria. This is the job of hundreds of
enzymes in cells. Those catalysts lower the energy barriers for cosubstrate
nucleophiles to attack any one of the three electrophilic phosphorus atoms
in the ATP, NTP, or dNTP side chain. They thereby couple a highly favorable
phosphoric anhydride bond fragmentation to a huge variety of other
chemical transformations in metabolism.

We will take up the distinct regiochemistries of enzyme-directed ATP, NTP,
and dNTP phosphate side chain cleavages to categorize large swaths of
metabolism by simple chemical classification. Attack of an electron-rich
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nucleophile at the outside Pg of ATP, NTP, or dNTP constitutes a phosphoryl
transfer (Figure 1.4). Attack on the central Pb-atom constitutes a pyrophosphoryl
group transfer to the incoming nucleophile (Figure 1.4). Finally, attack on Pa is
generically a nucleotidyl transfer (for ATP it is an adenylyl transfer). We will note
that nucleotidyl transfers generate PPi as coproducts that get further cleaved by
inorganic pyrophosphatase action to pull further on forward equilibria.

These nucleotidyl transfers are the backbone strategies for monomer unit
activation and/or incorporation into the growing chains of proteins, RNA,
and DNA. Internal nucleotidyl transfers are the chemical mechanisms that
enable the biology of cyclic nucleotides and cyclic di-nucleotides as intra-
cellular messenger metabolites. Repair of DNA single strand and even
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double strand breaks is an ongoing activity in every cell in humans and other
organisms. Tandem nucleotidyl transfers are at the center of the DNA ligases
that repair such strand breaks to protect the integrity of genomes.

The enzymes catalyzing ATP, NTP, or dNTP cleavages without coupling of
the –PO3

2� group in flight to a substrate other than water are termed ATPases
or more generally NTPases [e.g. guanosine triphosphatases (GTPases)].
At first glance they look to be a hydrolytic waste of an activated P–O–P an-
hydride bond. However, these ATPases are all coupled to some conforma-
tional changes in their protein substrates to drive component motions,
marking of proteins, e.g. for accelerated degradation, or to drive mechanical
forces in cells. ATP and its paired side chain phosphoric anhydrides are so
central to cellular energy metabolism that humans take their daily inventory
of B75 g of ATP, make 1000 times that amount (B75 kg!) and spend it all,
every day. In many ways this is the core of phosphorus chemical biology.

1.5 Families of Thermodynamically Activated
Phosphoryl Derivatives

While phosphoric anhydride linkages in nucleoside triphosphates are the
central phosphoryl group transfer currency in cells, other phosphoryl functional
groups are also thermodynamically activated and sufficiently kinetically stable
to serve as phosphoryl group donors.10 Three of them are doubly activated for
both phosphoryl group transfer and transfer of the other moiety as an activated
electrophile. The classes of metabolites are mixed sulfuric–phosphoric an-
hydrides, represented by 30-phospho-5-adenosine phosphosulfate (PAPS), acyl
phosphates such as the simple acetyl phosphate, and phosphorylated enols of
which phosphoenolpyruvate is the paradigm (Figure 1.5).

All three can be attacked by one of the terminal oxyanions of ADP in the
presence of particular enzyme catalysts to make ATP, thus evincing phosphoryl
group potential. More usefully, PAPS is the cellular donor of the activated sul-
furyl group to oxygen and nitrogen cosubstrate nucleophiles. Acyl phosphates
are donors of activated acyl groups in a variety of cellular acyl transferase active
sites. While phosphoenolpyruvate (PEP) is thought of mainly as a phosphoryl
group donor, the enolpyruvyl group is transferred intact in bacterial assembly of
aromatic scaffolds and in cell wall peptidoglycan construction.

1.5.1 Routes to ATP Biosynthesis

Given the thousand-fold turnover of the existing bodily inventory of 75 g of ATP
every day by humans, we will note there are only three common routes to make
that thousand-fold increase in daily ATP pools. The membrane-embedded ATP
synthase in mitochondria, acting as a conduit for protons running down their
electrochemical potential, makes about 94–95% of the 75 kg of daily ATP under
fully oxygenated conditions. This requires the access of pools of ADP and in-
organic phosphate in the mitochondria into the ATP synthase active site for net
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dehydrative coupling to make the Pb–O–Pg anhydride bond in ATP. About 6%
of ATP (B4.5 kg per day) is generated by glycolysis, the ten-enzyme pathway
converting intracellular glucose to two molecules of the three-carbon keto acid
pyruvate. The two molecules in this pathway that lead to ATP formation are an
acyl phosphate (1,3-diphosphoglycerate) and PEP, two of the activated me-
tabolites noted in the preceding paragraph. These three molecules, ATP, PEP,
and acyl phosphate, give insights into the relative phosphoryl group transfer
potentials of these three classes of thermodynamically activated phosphoryl
group scaffolds (Figure 1.5).

1.6 Phosphomonoesters: Alcohols as Nucleophiles in
Phosphoryl Transfers

After consideration of the metabolic changes enabled by the thermo-
dynamically activated phosphorylated frameworks, just noted, we turn to
phosphate esters. Most discussions of biological phosphates would start
with phosphomonoesters—e.g. glucose-6-phosphate—and then phospho-
diesters—e.g. the 3050-internucleotide phosphodiester bonds in RNA and
DNA—including their routes of formation and breakdown.

Indeed, the capture of phosphoryl groups by alcohol functionalities in co-
substrates dominates sugar metabolism. We believe strongly that a prior dis-
cussion of phosphoric anhydride chemical biology then gives the insights
necessary to understand how ATP is a phosphorylating reagent for alcohol groups
in the above metabolites. This is the essence of the strategy of over 100 low
molecular weight kinase enzymes and more than 500 protein kinases in humans.

Figure 1.5 Additional phosphoryl-containing functional groups that are utilized in
biological group transfer enzymatic reactions: sulfuric–phosphoric an-
hydrides, acyl–phosphoric anhydrides, and enolphosphates.
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Phosphomonoester metabolites turn over in a dynamic fashion. The
catalyzed hydrolysis of phosphomonoesters back to alcohol and inorganic
phosphate are the province of phosphatase enzymes. These include low
molecular weight selective phosphatases as well as many kinds of phos-
phoprotein phosphatases.

1.7 Phosphodiesters: Alcohols as Nucleophiles in
Nucleotidyl Transfers

Phosphodiesters contain two alcohol groups with a bridging phosphoryl
group. Two of the four oxygens in the sandwiched phosphoryl group
are esterified to those alcohols: hence the terminology of phosphodie-
sters. Two key biologic classes of phosphodiesters are RNA and DNA
molecules. The only covalent bonds holding the RNA nucleoside mono-
phosphate units (NMPs) together and correspondingly the 2 0deoxyNMP
units in DNA chains are the internucleotide phosphodiester bonds
(Figure 1.6A). These phosphodiesters span the 3 0-alcohol of a ribose unit
in one NMP or dNMP to the 5 0-OH of the ribose in the next NMP or
dNMP group. All of the three billion dXMP base pairs in the human
DNA genomes and the billions of XMP base pairs in all the classes of
cellular RNAs are formed enzymatically by nucleotidyl transfer enzymes.
Those nucleotidyl transferases, known as RNA polymerases or DNA
polymerases, respectively, offer up NTPs or dNTPs for attack at Palpha by
the 3 0-OH of the terminal XMP or dXMP residue in the growing RNA or
DNA chain.

Analogously, the activation of each of the 20 proteinogenic amino acids to
serve as building blocks in the ribosome-based protein biosynthetic nano-
machinery starts with nucleotidyl transfers. All the amino acids are activated
as mixed-acyl-AMP anhydrides as the first step in aminoacyl tRNA synthetase
active sites (Figure 1.6B). The second step is transfer of the now activated
aminoacyl groups to cognate tRNAs to be ferried to the ribosomes by
chaperone proteins.

Thus, each step in in macromolecular information transfer biology–genome
replication, transcription, and translation—involves nucleotidyl transfer
strategies. RNA and DNA biogenesis make stable phosphodiester linkages,
while protein biosynthesis makes kinetically labile aminoacyl-adenylates that
get converted to kinetically stable aminoacyl tRNA oxoester links.

Other aspects of nucleotidyl transfers to be explored include the gener-
ation of membrane phospholipids (Figure 1.7A). Most of the B109 lipid
molecules in the plasma membranes of animal cells are such phos-
pholipids, where the phosphorus is present as a phosphodiester. Given
B1013 cells in a human adult times 109 phospholipids per cell crudely
computes to B1022 phosphodiester linkages in membrane phospholipids
in each person. This is a serious biosynthetic task and phospholipid re-
modeling goes on in all cells.
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A second aspect of low molecular weight nucleotidyl transfers that we will
dwell on are intramolecular nucleotidyl transfers. The enzyme-mediated
formation of classic second messengers such as 30,50cyclic AMP and 30,5 0-
cyclic GMP occur by action of such intramolecular nucleotidyl transferases
(Figure 1.7 B). The more recently described di-cyclic nucleotides, including
di-cyclic GMP (di-CGMP) and the mammalian cyclic guanosine-adenosine
phosphodiesters (cGAMPs) are intramolecular and/or intermolecular
variants of that catalytic logic.

As with phosphomonoester metabolites, phosphodiester bonds are
cleavable enzymatically. Such phosphodiester hydrolases (phosphodies-
terases) typically act in a controlled fashion. For the RNA and DNA polymers
as substrates there are a plethora of phosphodiester hydrolases, generally
termed nucleases. Some show strict endonuclease or exonuclease specificity.
Sequence specific restriction endonucleases from bacteria number in the
thousands, selective for recognition of particular oligonucleotide sequences
before engaging in hydrolytic internucleotide phosphodiester cuts, in blunt
end or staggered cuts on both strands of DNA.

Some exonucleases act in the 50 to 30 direction, others in the 30 to
50direction. Some are specific for double stranded regions of RNA or DNA
substrates, some selective for single strand hydrolytic reactions. Some are

Figure 1.6 (A) 30,50-phosphodiesters are the only covalent linkages in both RNA and
DNA chains; (B) Aminoacyl-AMPs are thermodynamically activated,
kinetically stable forms of the 20 proteinogenic amino acids that serve
as monomers for protein biosynthesis.
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involved in repair or in formation of specific single strand or double strand
nicks. Some are protective against foreign DNA; some appear to be purely
degradative in function.

There are about a dozen cyclic nucleotide phosphodiesterases in human
cells, to effect different physiologic and signaling responses to cAMP and
cGMP of varying duration in different tissues. Thus, the universe of

Figure 1.7 (A) Membrane phospholipids also contain phosphodiesters linkages,
connecting the polar head groups to the hydrophobic diacylglycerol
backbone. Shown are forms of phosphatidyl ethanolamine and
phosphatidyl choline that are often bulk membrane phospholipids.
Also shown is the minor phospholipid phosphatidylinositol-4.5-bisphos-
phate, a membrane lipid signaling metabolite. (B) Cyclic nucleotides that
function as biological second messengers (hormones are the first
messengers) have cyclic phosphodiester linkages. Shown are 30,5 0-cyclic
GMP and 30,3 0-dicyclic GMP.
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phosphodiesterase enzymes has evolved to perform a wide variety of specific
biological functions in both prokaryotic and eukaryotic organisms.

Turning away from nucleic acid substrates towards membrane phospho-
lipids, phospholipase C and phospholipase D family members carry out
hydrolytic cleavages on distinct sides of the sandwiching phosphodiester bond.

1.7.1 Three Nucleotidyl Transfers in a Catalytic Cycle of DNA
Ligase

DNA ligases, crucial enzymes in DNA repair of both single strand gaps and
double strand gaps with 30-OH and 50-phophomonoester ends, engage in
tandem nucleotidyl transfer strategies. Starting with ATP, the first nucleo-
tidyl transfer is to the e-NH2 of an active site lysyl side chain of the enzyme.
The second nucleotidyl transfer of that AMP moiety is to the 50-P on one side
of a gapped DNA strand, creating an ADP adduct. The third nucleotidyl
transfer is to water as the internucleotide phosphodiester bond is formed in
the actual DNA repair step.11

The chemical biology strategy is beautifully exemplified in the catalytic
logic of DNA ligases. The initial conversion of (1) the Pa–O–Pb phosphoric
anhydride bond in ATP precedes (2) the phosphoramidate N–P bond in the
AMP–Lys–enzyme adduct, on the way to (3) the phosphoric anhydride bond
in the ADP adduct on the 50-side of the DNA gap. Finally, step (4) of the
tandem nucleotidyl transfers is elimination of AMP in the internucleotide
ligation step (Figure 1.8). In aggregate, these four steps show the chemical
versatility of nucleotidyl transfers in DNA repair.

The great bulk of the myriad roles of phosphorus in biology occur in the
form of phosphate, with four oxygens around the central P¼ [þ5] oxidation
state. The oxygens can be unsubstituted in inorganic phosphate, or in an-
hydride linkages. Those anhydrides can consist of P–O–P bonds in phos-
phoric anhydrides, mixed acyl phosphoric or mixed sulfuric–phosphoric
anhydrides. Alternatively, the phosphate oxygens can be substituted by one
or more alcohol groups. Esterification of phosphoric acid to one alcohol
gives [R–OPO3

2�] as phosphomonoesters. Esterification to two alcohols
[RO–PO2–OR0] gives the classes of phosphodiesters. (Figure 1.2). The
mechanisms for enzyme-mediated phosphoryl group transfers in these dif-
ferent classes of phosphate metabolites have been scrutinized to decipher
the underlying chemical logic and general strategy.

1.8 Phosphonates, Phosphoramidates, and
Phosphorothioates

There are three additional classes of naturally occurring phosphate deriva-
tives that reflect substitution of one of the four phosphate group oxygens by
a carbon, a nitrogen, or a sulfur atom. (Figure 1.9), yielding phosphonate,
phosphoramidate, or phosphorothioate scaffolds, respectively.12
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There are some 200 known microbial metabolites with the direct C–P
bonds.13 The C–P links are chemically stable to hydrolysis, resistant to
phosphatase action, and offer producers a strategy for generating stable
molecules in hostile microenvironments and for the formation of anti-
metabolites as molecular weaponry. There is a single enzymatic route for
C–P bond formation in biology, the enzyme PEP mutase, converting the enol
phosphate PEP to the C–P direct linkage in phosphonopyruvate. This is the
gateway enzyme to all downstream C–P metabolites, including some very
rare phosphinates with two C–P bonds and two O–P bonds (Figure 1.9).

The –N–PO3
2� linkage is termed a phosphoramidate. There are only about

50 known phosphoramidate metabolites. They show up mainly in three
distinct categories. Five of the twenty proteinogenic amino acids are known

Figure 1.8 Schematic of the role of ATP in repair of DNA strand gaps by the enzyme
DNA ligase. Gaps with a 50-phosphate and 30-OH are repaired by a
successive set of transfers of the AMP moiety of ATP to an active site
lysine side chain and then the 50-side of the DNA gap, as prelude to
internucleotide phosphodiester repair.
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Figure 1.9 Examples of metabolites arising from the formal substitution of one of the four oxygens of phosphoric acid by an N, C, or S
atom, generating phosphoramidates, phosphonates, and thiophosphates, respectively.

Introduction
to

Phosphorus
C

hem
ical

B
iology

19



to undergo enzymatic N-phosphorylations on the way to end product me-
tabolites, including phosphoramidate linkages in the capsular poly-
saccharide of some strains of the human gastrointestinal pathogen
Camphylobacter jejuni.14

The second class of phosphoramidates are –N–PO3
2� bonds in guanidi-

nium scaffolds. Examples include arginine–N–PO3
2� in invertebrates and

creatine–N–PO3
2� in vertebrates, including humans. These are so called

phosphagens, reservoirs of molecules with high phosphoryl group transfer
potential15 (Figure 1.9). Enzymes can transfer these N–[PO3

2�] groups to ADP
to replenish ATP levels in tissues that are in metabolic states with high ATP
expenditure (e.g. contracting skeletal muscles).

The third grouping of phosphoramidates are in the realm of phospho-
proteomics. The transient formation of N–PO3

2� bonds to the imidazole
side chains of histidine residues in enzyme active sites is a feature of
several enzyme catalytic cycles. In bacterial sugar phosphotransferase
systems involved in transport of hexoses into cells with concomitant
trapping by phosphorylation, up to three tandem phosphohistidinyl
proteins may participate in a cascade of phosphoramidate-mediated
phosphoryl transfers.

The last biological category of replacement of one of the four oxygen
atoms in phosphate groups by a different atom is the replacement of oxygen
by sulfur. As it happens, here are almost no examples of endogenous low
molecular weight phosphorothioate compounds. P–S single bonds and
PQS double bonds do show up in two kinds of xenobiotics: nerve gases
and insecticides, often as phosphorothioate triesters (Figure 1.9). Phos-
photriesterase detoxification catalysts have evolved to hydrolyze those P–S or
PQS linkages. In bacteria some of the internucleotide phosophodiester
bonds are substituted by naturally occurring phosphorothioate diester
bonds as protective mechanisms to distinguish self from foreign DNA.

Synthetic phosphorothioate analogs of natural phosphate monoester and
diester substrates proved particularly valuable as stereochemical probes of
phosphoryl transfer enzymes. These included phosphoryl transfer enzymes
from ATP (kinases) and phosphomonoester hydrolases (phosphatases). The
phosphorothioates were also used to deconvolute stereochemistry and infer
mechanisms of nucleotidyl transferases (phosphodiester-forming) and of
phosphodieterases (phosphodiester-cleaving).

1.9 Phosphoproteomics
Proteomics is the systems-wide study of all the proteins in a given collection.
It could be all the proteins in a bacterium such as Escherichia coli or could
encompass all bacterial proteomics. It could be the proteomics of a given
type of human cell, (say a neutrophil in the blood) or tissue. A proteome
could encompass the global human proteome from transcription and
translation of all B26 000 human genes, including the products from all
alternate mRNA splicings.
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Proteomes could also encompass all the posttranslationally modified
forms of proteins and that expands the output from 26 000 human genes to
millions of modified proteins that change dynamically from moment to
moment in different parts of each human organism.

In this volume we look somewhat superficially into phosphoproteomics,
the sets of proteins that have been posttranslationally modified by enzymes
that add and remove phosphoryl groups. The coverage is superficial, not for
lack of interest in phosphoproteomics, but because there are dozens of
volumes and tens of thousands of research papers that have provided
information on this topic over the past three to four decades. There are
B520 protein kinases (ATP-dependent phosphoryl transferases) in the
human kinome. While some may have a limited set of substrates, protein
kinase A is reputed to have more than a hundred protein substrates.

The biology of cell signaling and metabolic regulation by protein
posttranslational modifications constitutes a parallel and intersecting
cellular signaling universe to the low molecular weight signaling networks
(e.g. via cyclic nucleotides; Figure 1.7B). As noted in Figure 1.10A of the several
kinds of covalent protein modifications, the reversible phosphorylation of
proteins at serine, threonine, and tyrosine side chains predominates.

Our approach will stay focused on how the chemistry of specific phos-
phoprotein residues conditions the biological strategies. Nine of the twenty
proteinogenic amino acid building blocks are observed to be phosphorylated
once incorporated into proteins. These occur in vastly differing numbers and
with distinct stabilities and functions.

Three of the residues are N-phosphorylated to yield phosphoramidates
(Figure 1.10B) [histidine (His) to P-His, arginine (Arg) to P-Arg, lysine (Lys)
to P-Lys]. These are acid labile, base stable, often go undetected in standard acid
workups of protein modifications and may be thermodynamically activated.

Both of the amino acid residues with acidic, carboxylate side chains, glu-
tamate and aspartate, can undergo posttranslational phosphorylation
(Figure 1.10C). These are thermodynamically activated acyl phosphates, labile
to hydrolysis and may have short half-lives. The short half-life of aspartyl-
phosphate residues in a large family of bacterial DNA transcriptional regu-
lators is tuned to the desired duration of gene expression responses.

The thiol side chain of B250–300 000 cysteine residues of human pro-
teomes, with average pKas of around 8, offer the nucleophilic thiolate anions
as potential attacking agents for the central phosphorus atom of phosphoryl
groups. Surprisingly few classes of contemporary phosphoproteins use the
cysteinyl side chains as nucleophiles. The hundred or so phosphotyrosyl
protein phosphatases are the sole class where –S–PO3

2� covalent adducts
have been detected in any numbers.

Most of theB250 000 phosphoprotein sites that have been tabulated and
studied in detail for structure and function fall into the class of acid-stable
phosphoserine (P-Ser), phosphothreonine (P-Thr), and phosphotyrosine
(P-Tyr) phosphomonoester residues. These three phosphomonoester resi-
dues exemplify the broad sweep of these stable modifications that introduce

Introduction to Phosphorus Chemical Biology 21



tetrahedral dianions into protein microenvironments. Those geometric and
charge perturbations drive protein conformational changes and altered
partner recognitions at the heart of phosphoproteomics-based signal
transduction logic.

Figure 1.10 Nine protein side chains that can undergo enzymatic posttranslational
phosphorylation. (A) Canonical phosphoproteomics follows the formation,
removal, and biological effects of posttranslational enzymatic phosphoryl-
ation of three alcohol side chains to generate P-Ser, P-Thr, and P-Tyr
residues. (B) Three N-phosphoramidate side chain linkages, N–P-His, N–P-
Lys, and N–P-Arg residues, are labile to the usual mass spectrometry work
up conditions and are often not counted. (C) Similarly, the two acyl
phosphates Asp-P and Glu-P are likely to be transient intermediates in
phosphoproteomic studies. (D) The S-phosphocysteinyl residues are
intermediates in phosphotyrosine phosphatase catalytic cycles.
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What goes on in reversible phosphoproteomics signaling must come off.
The classes of –N–PO3

2�, S–PO3
2�, and CO–OPO3

2� groups may not need
much enzymatic help in rapid dephosphorylation but the P-Ser, P-Thr,
and P-Tyr residues do. The countervailing or balancing phosphoprotein
phosphatases can be chemospecific, context selective, and subject to many
kinds of spatial and temporal regulations to manage the dynamics of
thousands of phosphoproteins in a eukaryotic cell.

1.10 Phosphoryl Groups: Kinetic vs. Thermodynamic
Stability

Phosphoryl group transfers permeate every corner of cell and organismal
metabolism. The default metabolic state of –PO3

2� groups is inorganic
phosphate, perhaps the thermodynamically most stable form of phosphorus
in biology. Many of the enzyme-mediated transfers of phosphoryl groups
involve ultimate transfer to an attacking water molecule, activated as a nu-
cleophile in a hydrolase or ATPase active site.

We take up metabolites with diphosphoric and triphosphoric anhydride
side chains (ADP, and most notably ATP and its NTP and 20deoxyNTP con-
geners), as phosphoryl group donors to cosubstrate nucleophiles. The high
phosphoryl group (–PO3

2�) transfer potential derives from the P–O–P
phosphoric anhydride linkages. These anhydride linkages have the dual
properties, essential for their biological roles, of kinetic stability but ther-
modynamic activation. The negative charges on the phosphate oxygens at
physiological pH are attributes of kinetic stability.

The metabolic products of phosphoryl transfers of the g-PO3 of ATP
and NTP congeners are phosphate monoesters, typically a mix of mono-
anionic and dianionic forms in cells. The complementary transfer of the
a-phosphoryl group, still attached to adenosine (adenylyl or nucleotidyl)
transfers instead generates phosphodiesters. They are monoanionic and this
is a central property of the internucleotide bonds in all RNA and DNA
molecules. The phosphomonoester and phosphodiester metabolites, with
their one or two oxoester bonds to the phosphoryl group, are both kinetically
stable and thermodynamically stable under biological conditions.

Thus, we divide phosphoryl group-containing metabolites into three
classes that reflect the chemical features of each class as they play out in cell
and organismal biology. The thermodynamically activated, kinetically stable
group has ATP as its flagship molecule. The thermodynamic activation is
due to the phosphoric anhydride linkages in the side chain. The kinetic
stability derives from the tetra-anionic state of that triphosphate side chain.
ATP and NTP congeners are the regents for –PO3

2� group transfers to nu-
cleophiles, including water, to drive otherwise unfavorable equilibria in
cells, from chemical coupling to mechanical movement.

The second group of phosphorus molecules in biology are the phospho-
monoesters and phosphodiesters. They are chemically stable in both the
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thermodynamic and kinetic senses. The monoesters arise largely by phos-
phoryl transfers from ATP, the phosphodiesters largely from nucleotidyl
transfers from NTPs (RNA) or 20dNTPs (DNA). The retention of one negative
charge in phosphodiesters is a crucial factor in RNA and DNA internucleo-
tide bond stability. The thermodynamic stability of these two ester classes
requires enzymatic catalyses to return them to the constituent alcohols and
inorganic phosphate. Alkaline phosphatase is estimated to increase hy-
drolysis rates of phosphomonoesters by factors up to 1027–a measure both of
the stupendous catalytic efficiency of the enzyme and the basal chemical
stability of the phosphate esters.16

The third position is occupied by inorganic phosphate, the dissociated
form of the parent inorganic phosphoric acid, H3PO4. The first two pKa,
at pH 2 and pH 6, are the parameters that allow inorganic phosphate at
pH 7.2 to exist preferentially as the phosphate dianion (and phosphate
monoesters as dianions and phosphodiesters as monoanions, see
Chapter 2). The chemical versatility of inorganic phosphate as an electro-
phile at phosphorus (PV) and a nucleophile at its oxyanions allows it to
sit at multiple key metabolic intersections. It behaves as oxygen nucleo-
phile in phosphorylase-mediated mobilization of glucose units from
glycogen but behaves as an electrophile, attacked by ADP, in the ATP
synthase reactions that power life. On complexation and crystallization
with calcium ions, the sparingly soluble calcium phosphate is the
inorganic material that forms the bony skeleton and teeth enamel so
essential to the evolution of macrofauna.

1.11 The Structure of This Book
The volume begins with this introductory chapter then proceeds to the
chemical properties of inorganic phosphate that enable its several biological
roles. The dimeric phosphoric anhydride inorganic pyrophosphate is then
addressed as the central functional group that enables the P–O–P anhydride
linkage to function throughout biology via the dual properties of thermo-
dynamic activation coupled to kinetic stability in aqueous medial at
physiological pH values.

From inorganic pyrophosphate with one P–O–P anhydride bond it is a
short chemical traverse to ATP with two P–O–P anhydride bonds in its kin-
etically stable tetra-anionic triphosphate side chain. Adenine (C5N5) may
have been available prebiotically from condensation of HCN; and AMP from
phosphoribosylation. AMP-binding proteins may have evolved early to give
AMP and then ADP and ATP pride of place in phosphoric anhydride energy
metabolism.

The two P–O–P anhydrides in ATP and other NTPs and 20deoxyNTPs offer
nucleophiles three choices of electrophilic phosphorus atoms to attack.
Transfer of Pg as the –PO3

2� group opens the biological world of phosphate
monoesters brought about by phosphoryl transfer enzymes and includes all the
kinases for low molecular weight metabolites and for proteins in their myriads.

24 Chapter 1



The other major regiochemistry of nucleophile attack, at Pa, transfers the
AMP (adenylyl group; NMP generically is nucleotidyl) to the incoming nu-
cleophile. Nucleotidyl transfers to attacking alcohols generate phosphodie-
sters and this is the route to every phosphodiester bond in RNA, in DNA, and
in membrane phospholipids.

From phosphoric anhydride linkages then we have proceeded to phos-
phate monoester metabolites by phosphoryl transfer and to phosphodiesters
by nucleotidyl transfers. These are the small set of pervasive forms of
phosphorus- containing metabolites in all organisms. Along the way we
examine mechanisms of phosphoryl transfer enzymes to lower energy
barriers dramatically and to analyze the interplay of thermodynamic acti-
vation and kinetic stability that is at the heart of phosphate aqueous
chemistry. The phosphate monoester hydrolases and phosphodiester
hydrolases that have become adapted to the substrates and distinct chemical
tasks at hand are examined.

The last part on low molecular weight phosphate metabolites examines
the occurrence and biological consequences of replacement of one (or more)
of the four oxygens of phosphate by carbon, nitrogen, or sulfur atoms.

The final section of the book focuses on phosphoproteomics from the
chemical point of view of the nine kinds of amino acid residues that
can become enzymatically phosphorylated. The four different subclasses
(–N–PO3

2�; –S–PO3
2�; –COOPO3

2�, and O–PO3
2�) of phosphoproteins offer

different roles, different thermodynamics, and different stabilities that
constrain biological function. By far the best investigated are the hundreds
of thousands of stable phosphate monoester side chains of P-Ser, P-Thr,
and P-Tyr residues in the broad sweep of their signaling roles in eukaryotic
metabolism.

Versatile as phosphorus chemical biology is in its permeation of all as-
pects of metabolism, biological information transfer, and signal transduc-
tion mechanisms, all these roles are carried out in the P(V) oxidation state.,
largely as the fully oxidized phosphate group. [There is limited P(III) redox
chemistry in some anaerobic microbes]. In this context, phosphorus differs
from nitrogen, sulfur, and oxygen, which have rich redox roles in biology.

The citations to the literature are relatively light especially considering the
multiply complex cell biology events, reflecting the volume’s focus on
phosphate chemical biology. Many of the references are to review articles,
rather than original literature findings, to introduce readers to a body of
literature on a given topic.
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CHAPTER 2

Inorganic Phosphate,
Pyrophosphate, and
Polyphosphate

2.1 Inorganic Phosphate Bodily Levels
The typical content of inorganic phosphate in a 70 kg adult human is around
800 g. At a molecular weight of 80 g per mole, this corresponds to 10 moles of
body phosphate. Some 85% of that inorganic phosphate is present as in-
soluble hydroxyapatite [Ca5(PO4)3(OH)], typically written as the dimer
[Ca10(PO4)6(OH)2] to reflect the two molecules in the crystal unit cell in bone,
and in the enamel of teeth (Figure 2.1). The typical content of Pi (a mix of
H2PO4

� and HPO4
2� at physiological pH) in serum is 1.1 to 1.4 mM1 and

maintained closely within those limits by kidney excretion.
One can compare the amount of phosphorus in human bone to the

phosphorus in human DNA, where a covalent phosphodiester bond links
every base in the 3�109 bases of DNA in every cell. Given that all but germ
cells are diploid, then each of the human body’s somatic cells will contain
6 billion base pairs, and thereby 6 billion atoms of phosphorus in the
phosphodiester links. The weight of human genomic DNA in each cell cor-
responds to B1 picogram. The number of cells in each human adult is es-
timated to be between 3–4�1013 cells, so the total DNA content would be
30–40 g, with the phosphorus accounting for 6–8 g.

If 50–100 billion cells turn over every day, that would correspond to lots of
DNA synthesis, but only require about 30–60 mg of newly available phos-
phate each day (see below). We will note subsequently in Chapter 3 that
humans make and consume up to 75–80 kg of ATP per day to run the many
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metabolic pathways of cells and tissues, so that involves perhaps 1000-fold
recycling of the soluble fraction of body inorganic phosphate.

Given the calcium content of the hydroxyapatite in bone, the corres-
ponding amount of calcium in such an adult human would beB1200 g, 99%
in bone and only 1% circulating (Serum levels of [Ca11] are kept atB10�3 M
while intracellular [Ca11] in cells is B10�6 M) (Americanbonehealth.org).

The recommended daily allowance for phosphate (and also calcium) in
the diet is about 1 g per day (5- to 30-fold the amount required for new DNA
synthesis, see above). Phosphate is present in high levels in vegetables, meat,
fish, and milk such that dietary phosphate deficiencies are rare. In cases of
diminished kidney function and lessened excretion of inorganic phosphate,
serum phosphate levels increase and hyperphosphatemia can result. The
chronic sequelae can lead to calcium phosphate deposits in organs and
intracellular spaces, leading to pathogenic calcifications.

The epithelial cells of the intestine have inorganic phosphate transporter
proteins on both apical and serosal surfaces so absorption efficiency can be
high.2 The 1–1.4 mM [Pi] serum level is maintained by action of the kidneys
and the renal Pi transporters mostly in the proximal tubule, to excrete excess
phosphate (600–1500 mg per day), not required for bones, teeth, and other
metabolic functions.3

2.1.1 Phosphoric Acid pKas: The Biological Importance of
Being Ionized

The parent compound of inorganic phosphate salts in all of biology is
phosphoric acid, H3PO4. It is an inorganic acid and stronger than common
organic acid metabolites such as acetic acid, citric acid, succinic acid and all
the proteinogenic amino acids (stronger acid¼ lower pKa value for dissoci-
ation into a proton and acid anion). The triprotic H3PO4 can, in principle,
sequentially give up each of its three protons, to give the monoanionic,
dianionic, and trianionic forms of inorganic phosphate respectively.

Given that the three formal –OH substituents around the central phos-
phorus atom in phosphoric acid are chemically equivalent, one might have
anticipated that the propensity of dissociation of an H1 from each of those

Figure 2.1 Schematic of a hydroxyapatite dimer [Ca10(PO4)6(OH)2].
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three –OH groups would be equally probable. That is true among the three
–OH groups to give up the first proton and form the phosphate monoanion,
with 50% dissociation at pH2.2, for pKa1 ¼ 2.2.

However, dissociation of the second H1, from the phosphate monoanion to
the phosphate dianion places two negative charges intramolecularly, within
close proximity of the central phosphorus atom, an unfavorable electrostatic
situation (by Coulomb’s law that similar charges repel). The observed pKa2 of
inorganic phosphate turns out to be 7.2; that is 50% dissociation at pH 7.2.
This is in the physiological pH range. Thus, at pH 7.2 there would be 50%
inorganic phosphate dianion, about 50% monoanion and a very small frac-
tion (one part in 105) of the undissociated H3PO4. We write much of inorganic
phosphate metabolism in this volume as involving the phosphate dianion.
The perturbation of pKa2 from pKa1 of 105 (pKa1¼ 2.2, pKa2¼ 7.2) is an indi-
cation of the energy barrier of the unfavorable electrostatic repulsion of two
negative charges around the phosphorus. One must go five pH units higher
before the second proton dissociates.

The trend continues on examination of pKa3 for phosphoric acid:
pKa3¼12.2. This pH value of 12.2 for 50% dianion and 50% trianion is five
pH units away from physiological pH. The DpKa value for pKa2 to pKa3 of
5 pKa units (7.2 to 12.2) is the same as that from pKa1 to pKa2, going from two
negative charges to three negative charges around the central phosphorus. It
is highly likely that the inorganic phosphate trianion plays no significant
role in phosphate metabolism, given the presence of only one part in 105 of
trianionic phosphate at pH 7.2.

Every phosphate-containing metabolite, from inorganic phosphate to
phosphoric anhydrides pyrophosphate and ATP, to phosphate monoesters
and diesters, carries at least one negative charge at physiological pH, with
PPi and ATP carrying four negative charges. This inventory reflects the bio-
logical importance of being ionized. We will see this property of negatively
charged phosphate-containing metabolites come up in many contexts, from
keeping metabolites trapped inside cells, to stability of the anionic phos-
phodiester bonds linking RNA and DNA together, to the consequences of
introduction of tetrahedral anionic phosphate ester groups in protein
phosphorylations, to the reactivity of in organic phosphate as a nucleophile
at oxygen in catalytic action of phosphorylase enzymes.

2.2 Inorganic Phosphate Transport
Figure 2.2 schematizes the movement of inorganic phosphate from the
intestinal lumen into blood by way of two routes across the gastrointest-
inal (GI) epithelial barrier.4 A minor, passive route is paracellular trans-
port of inorganic phosphate through the tight junctions between cells.
The quantitatively more consequential route is transcellular transport.
At the luminal surface of polarized epithelial cells phosphate anions
are cotransported with sodium cations by transmembrane phosphate
transporter proteins.5,6
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Cytoplasmic concentration in these epithelial cells is around millimolar.
This may represent active transport of Pi out of the GI lumen, often co-
transported with sodium ions running down their concentration gradient. At
the serosal side of the cell membrane there are also Pi transport proteins and
they may function by counter transport of anions such as chloride ions as Pi
is pumped out.

The steady state concentration of inorganic phosphate dianions in
human serum is thus controlled by a balance of uptake from the GI tract
(Figure 2.2), transport into other tissues, and excretion of excess phosphate
by the kidneys.2,4 This balance can also be mediated by two growth factors,
fibroblast growth factor 23 (FGF23) and parathyroid hormone, that mainly
affect phosphate transporter levels (gene expression and receptor trans-
porter internalization) and thereby uptake capacity from the GI tract.
Vitamin D3 as its biologically active trihydroxy metabolite also is a sig-
nificant player in the regulation of calcium and phosphate metabolism.
The other major reservoir for adjusting serum, and thereby cellular, levels
of inorganic phosphate is bone mass. The balance between osteoblasts
laying down new layers of crystalline calcium phosphate in bone (see
below), and osteoclasts catalyzing the solubilization and resorption of bone
calcium phosphate is a dynamic process7 for control of soluble inorganic
phosphate ions.

Bacteria also have an absolute requirement for scavenging phosphate
from the external media and have evolved multigene systems to generate
and import inorganic phosphate, e.g. from the periplasmic space of Gram-
negatives such as Escherichia coli or Salmonella typhimurium. The pho genes
encode similar transmembrane transporters as well as secreted alkaline
phosphatase enzyme molecules to convert extracellular phosphomonoesters
into the product alcohols and inorganic phosphate for dedicated uptake.8

Figure 2.2 Schematic of inorganic phosphate transport in and out of cells. Transe-
pithelial transport leading to B1mM concentration of inorganic phos-
phate in blood.
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The bacterial pho systems also include a sensor kinase PhoR and a re-
sponse regulator PhoB that is a DNA binding protein that turns on a variety
of genes that are expressed under limiting inorganic phosphate conditions.9

We will note in section IV on phosphoproteomics, that this type of sensor
kinase–response regulator pair is the major strategy by which bacteria sense
external signals and nutrients. The sensor kinases are autophosphorylating
histidine kinases that function as transmembrane sensors. This brings
phosphoryl-histidine enzyme residues into play as will also be discussed in
Chapter 14. The response regulators in turn receive the itinerant PO3

2�

group from the phosphohistidine residue in the cytoplasmic domain of the
histidine kinases. The response regulator receiver is the side chain of an
aspartate residue in a recognition domain. Phosphorylation of that aspartyl
residue induces conformational changes in the neighboring DNA binding
domain, thereby activating or repressing sets of responsive genes. We will
examine both phosphohistidine and aspartyl phosphate chemical properties
that control their biology in section IV.

2.3 Hydroxyapatite Formation and Deposition by
Osteoblasts During Bone Formation

The intimate details of formation, maturation, remodeling, and growth of
the 208 human bones and the enamel and dentine of teeth formation are far
beyond the scope of phosphate chemical biology and are the subject of
mineralization homeostasis physiology.9a–c We focus here only on the facts
that the mineralization of those tissues is highly regulated both by the
extracellular collagen (and other noncollagenous protein partners) laid down
by the mineralizing cells and by secretion of phosphate and calcium ions
into the local microenvironment.

At one level, this is inorganic phosphate physical chemistry where calcium
phosphate crystallizes out of locally supersaturated solutions, oriented by
the extracellular matrix of type I collagen fibrils (Figure 2.3). No special
metabolic chemistry is occurring, except to control the timing and concen-
tration of the calcium cations and phosphate anions in a given local extra-
cellular matrix environs.10

The calcium phosphate crystals grow along the long axis of the collagen fibrils,
at first in holes between the aligned fibrils and then across the mineralizing
matrix. The intimate interaction of the collagen protein triple helices and minor
partner proteins are crucial in axial growth of the nascent hydroxyapatite crys-
talline phase.12,13 Sulfated regions of the matrix glycosaminoglycan chondroitin
sulfate family14 have also been reported to provide adsorption layer nucleation
sites that mediate the axes of hydroxyapatite crystallization and growth axes
(Figure 2.4).

The bone-forming cells are osteoblasts. The inorganic phosphate is se-
creted by those cells from intracellular vesicles that have accumulated high
concentrations of inorganic phosphate. The counterions in the matrix are
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mostly Ca21, generating the nascently insoluble hydroxapatite ion pairs. In
different forms of bone and teeth enamel there are crystal defects, arising
from varying amount of carbonate anions and deficits of calcium ions that
make in vivo forms of hydroxyapatite distinct from abiotic, geologically
formed crystalline hydroxyapatite.

As the osteoblasts become surrounded and encased by the mineralizing
extracellular nascent hydroxyapatite, they become functional osteocytes,
generating a cellular connectivity for bone tissue function.16 Another key cell

Figure 2.3 Hydroxyapatite crystals: (A) growth of crystals, (B) schematic of unit cell
of carbonated hydroxyapatite.
(A) Reproduced from ref. 39 with permission from the Royal Society of
Chemistry, (B) Reproduced from ref. 11 with permission from Elsevier,
Copyright 2014.
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type in bone dynamics, remodeling, and pathological bone loss and
resorption are osteoclasts that resolubilize the hydroxyapatite crystals by
local pH changes. The interplay between osteoblasts and osteoclasts me-
diates bone dynamics and growth. During transient resolubilization of
enamel layers in the mouth by lowered pH, the water molecule in the
hydroxyapatite matrices can be replaced by fluoride. The fluorohydrox-
yapatite is a stronger material, leading to less decay. This replacement
forms the basis for water and toothpaste fluoridation (https:www.
nanowerk.com).

2.4 Inorganic Pyrophosphate: The Simplest
Inorganic Phosphoric Anhydride

When inorganic phosphoric acid is heated, water is driven out as
monomers condense, first to form pyrophosphoric acid, and then
longer chains of polyphosphoric anhydrides (Figure 2.5). The prefix
pyro refers to heat or fire, consistent with the observation that pyropho-
sphoric acid is derived from high temperature dehydrative condensation
to create the P–O–P anhydride link in pyrophosphoric acid and
congeners.

Pyrophosphoric acid is then the simplest of the phosphoric anhydrides
structurally that participate throughout biological energy metabolism. At
physiological pH values (BpH 7), pyrophosphoric acid is predominantly
the tetra-anionic pyrophosphate (Figures 2.6–2.8). Analogously, the longer
polyphosphoric anhydrides, typically referred to as linear polyphosphates,17

are also anionic in physiological media.
The phalanx of negative charges may contribute to their persistence

against nonenzymatic hydrolysis in physiological aqueous media inside and
outside cells. Thus, the pyrophosphate tetra-anion is indefinitely stable in
cells. [An estimate of the nonenzymatic rate constant for hydrolysis at 25 1C is
1�10�7 s�1 18 (approximating to a half-life of months).] By comparison,
the neutral acetic anhydride, shorn of any protective negative charges, is

Figure 2.4 Schematic of hydroxyapatite crystals adsorbed to and mineralizing
collagen fibrils in bone from nanoscale to macroscale.
Reproduced from ref. 15 with permission from Springer Nature, Copy-
right 2013.
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Figure 2.5 Inorganic pyrophosphate at neutral pH is the tetra-anion with one phosphoric anhydride (P–O–P) bond. Hydrolysis is
thermodynamically favored: when coupled to other reactions, its hydrolysis can drive otherwise unfavorable equilibria.
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hydrolyzed nonenzymatically to two molecules of acetic acid or acetate within
minutes. The carboxylic acid anhydrides are not used as thermodynamically
activated metabolites in cell metabolism because of this kinetic lability.

Figure 2.6 Soluble inorganic pyrophosphatase.

Figure 2.7 Orientation of pyrophosphate substrate in the active sites of inorganic
pyrophosphatases.
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One practical measure of the stability of inorganic pyrophosphate and its
next longer homolog, inorganic tripolyphosphate, is their historical and
contemporary widespread use in detergents. These include detergents for
automatic dishwashers (sodium tripolyphosphate), silver polish (tetra-
potassium pyrophosphate) and for heavy duty cleaning (mixed sodium and
potassium salts of pyrophosphate).

On the other hand, typical of other anhydrides, the P–O–P anhydride
linkage is uphill energetically from the parent pair of acids (here two H3PO4).
For pyrophosphoric acid, the free energy of hydrolysis is favorable, at the
level of 18–20 kilojoules, corresponding to an equilibrium constant ofB5000
in favor of hydrolysis back to two molecules of inorganic phosphoric acid.

This Keq. value means that if PPi can be hydrolyzed by an enzyme at a
specific time and place in cells, it could be used to couple otherwise un-
favorable, or partially favorable, equilibria. Inorganic pyrophosphatases are
such catalysts.18,20

Ubiquitously expressed and highly active (from 200 to 2000 hydrolytic
events per second),21 they serve to couple to any reaction producing nascent
pyrophosphate as product. The coupled hydrolysis of PPi on to two mol-
ecules of Pi adds another factor of 5000 in the net Keq. for the tandem two
stage reactions (Figure 2.5).

The energetically favored, coupled hydrolysis of PPi coproducts from up-
stream ATP-cleaving enzymes to two molecules of inorganic phosphate by
pyrophosphatases turns out to be key sequelae of biosynthetic strategies for
most classes of macromolecules. This is the strategy for: (1) amino acid
activation for protein biosynthesis, (2) for the stepwise buildup of poly-
saccharides such as glycogen and starch, and (3) for the biogenesis of tens of
millions of membrane phospholipids in every cell cycle. Perhaps most

Figure 2.8 Substrate PPi orientation in the active site of two soluble PPiases (yeast
and B. subtilis) and a transmembrane proton-pumping PPiase from
mung bean. All subtypes use metal cations to orient the PPi and water
substrates to lower barrier for water attack on an electrophilic phos-
phorus atom. (a) soluble yeast PPiase; (b) soluble Bacillus subtilis PPiase;
(c) H proton pumping transmembrane PPiase from mung bean.
Reproduced from ref. 19 with permission from John Wiley and Sons,
r 2015 Federation of European Biochemical Societies.
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compellingly, this is also the strategy for: (4) every chain elongation step in
both RNA and DNA biogenesis, by RNA polymerases and DNA polymerases,
respectively (Figure 2.9).

2.5 Thermodynamic Activation Balanced by Useful
Kinetic Stability

It is the double combination of properties of kinetic stability and thermo-
dynamic activation that characterize phosphoric anhydride linkages under
physiological conditions that have enabled the ubiquitous distribution of
P–O–P-containing molecules to be the energy currencies of all cells.22

This holds true not only for the inorganic pyrophosphate and longer
polyphosphates, but also for such organic pyrophosphates as nucleoside
triphosphates (e.g. ATP, GTP, 20-deoxyATP), nucleoside diphospho sugars

Figure 2.9 Schematic illustration of release of a molecule of inorganic pyrophos-
phate in each chain elongation step in protein biosynthesis, RNA chain
elongation and DNA chain elongation. Coupled action of inorganic
pyrophosphatase to hydrolyze coproduct PPi molecules draws the equi-
libria (further) in favor of polymer biosyntheses.
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[e.g. uridine diphosphate (UDP)-glucose, ADP-glucose, GDP-mannose],
the signaling tetranucleotides and pentanucleotides ppGpp, pppGpp,
and coenzymes including nicotinamide adenine dinucleotide (NAD1)
(Figure 2.10). The chemical biology of those pyrophosphate (phos-
phoric anhydride) linkages is explored in Chapter 3 and subsequent
chapters.

2.6 Thermodynamically Favored Enzymatic
Hydrolysis Drives Otherwise Unfavorable
Cellular Equilibria

2.6.1 Two Types of Inorganic Pyrophosphatases

The utility of the kinetically stable, thermodynamically activated P–O–P
anhydride bond in pyrophosphate is put to use for specific cellular work
by two types of inorganic pyrophosphatases.

Figure 2.10 Common primary metabolites, including central coenzymes, con-
taining kinetically stable phosphoric anhydride linkages in the form
of substituted pyrophosphates.
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2.6.1.1 Soluble Inorganic Pyrophosphatase

The most common form is represented by the soluble inorganic pyropho-
sphatase from yeast, a dimer of 32 kDa (285 amino acid residues) subunits.18

Divalent cations, preferably Mg21(but also Mn21 or Zn21 will substitute), are
required for activity. The cations act as chelators, and negative charge
neutralizers, to the PPi oxyanions. X-ray analysis of the corresponding in-
organic pyrophosphatase from the bacterium E. coli shown in Figure 2.11
depicts four magnesium cations and a molecule of PPi in the active site.
The four magnesium cations, labeled Mg1, Mg2, Mg3, and Mg4, are coord-
inating the pyrophosphate polyanion through all three of the nonbridging
oxygens at each phosphorus center. An active site aspartate residue carb-
oxylate side chain acts as the base to activate a water molecule to attack one
of the two P atoms in bound pyrophosphate. The catalytic rate constant (kcat)
for the pyrophosphatase is 103 s�1; each catalytic cycle complete in a milli-
second. This rapid rate allows pyrophosphatases to function effectively in
the coupling role for tandem equilibria displacements in the forward dir-
ection. The catalytic advantage of the enzymatic–nonenzymatic hydrolysis
rate for this enzyme isB1010, a powerful ten billion-fold acceleration.

2.6.1.2 Membrane-bound Proton-pumping Inorganic
Pyrophosphatases

A second class of inorganic pyrophosphatases has evolved separately to
couple the thermodynamically favored hydrolysis of PPi21 to acidify vacuolar

Figure 2.11 Schematic of the active site of E. coli inorganic pyrophosphatase with
four magnesium ions coordinating bound inorganic pyrophosphate.
The ionized side chain of an active site aspartate residue acts as a base
to initiate a catalytic cycle of hydrolysis. The magnesium ions are shown
as hexacoordinate ions with bound waters.23
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compartments in plant cells. These are intrinsic membrane proteins that
drive anisotropic pumping of protons into membrane vacuoles and isolated
membrane vesicles, acidifying the internal compartment’s pH, as PPi as
hydrolyzed.24 These transmembrane PPiases are used as marker enzymes
for plant vacuolar membranes. In this case, the energy released by PPi
hydrolysis is not used to couple some prior unfavorable biosynthetic step
(e.g. RNA- or DNA-chain extension). Instead, the vectorial pumping of pro-
tons from cytoplasm to vesicle compartment sets up or further reinforces a
transmembrane electrochemical potential that can perform cellular work.

The membrane PPiases from yeast and plants have been studied mech-
anistically and architecturally to examine how PPi hydrolysis in the active
site drives conformational changes that open and close protein gating do-
mains on the cytoplasmic and then vesicular side of the membrane
(Figure 2.12). There are intriguing structural and logical similarities between
these membrane-embedded proton pumping PPiases and the vacuolar
ATPases of yeast and plants, discussed below and in Chapter 3. Both types of
catalysts pump protons into vacuoles or endosomal compartments to acidify
them (Figure 2.13).

Both enzyme types hydrolyze a phosphoric anhydride bond to drive those
processes. The PPiases hydrolyze the single P–O–P anhydride bond in PPi
while the vacuolar ATPases hydrolyze the Pb–O–Pg anhydride bond in ATP.
Figure 2.12 schematizes the extensive helical array of a transmembrane
PPiase consistent with its role as a transmembrane proton pump. These

Figure 2.12 Membrane-bound proton-pumping pyrophosphatases.25 The figure
schematizes the membrane helical nature of a fungal multi-pass
transmembrane PPiase.26 (PDB structure 4A01).
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are typical transmembrane proteins with 10–12 transmembrane helices.
The X-ray structure of a fungal transport protein for inorganic phosphate has
been solved and is schematized in Figure 2.12, with the outer membrane
surface at the top and the inner membrane surface at the bottom.
The multiple transmembrane helices dominate the structure.

2.6.2 Vacuolar ATPases and F-ATP Synthases

Figure 2.13 indicates that the hydrolysis reactions could be run backwards if
the transmembrane proton potential would become high enough to drive the
synthesis of PPi from two molecules of Pi or analogously of ATP from ADP and
Pi. Regmi et al.27 have indeed observed that plant vacuoles can use proton
gradients to synthesize pyrophosphate under some conditions. Furthermore,
Figure 2.13 depicts schematic similarities between the subunit composition
and integrated architecture of the vacuolar ATPases that typically run in the
ATP cleavage direction and the F-ATPase complexes. The F-type ATPases ty-
pically run in the opposite, ATP synthase direction, generating ATP from ADP
and Pi as protons run back across the membrane (bacterial, chloroplast,
mitochondrial) down their electrochemical gradient: a thermodynamically

Figure 2.13 Two transmembrane energy machines with similar logic and archi-
tectures that run in opposite directions. Vacuolar-ATPases (V-ATPases)
hydrolyze ATP and use the energy to drive proton uptake into
vacuoles and endoplasmic reticulum, thereby acidifying those
compartments.29 F-Type ATP synthases sit in mitochondrial mem-
branes and use the thermodynamically favorable flow of protons
from the acidified intermembrane space of mitochondria back to the
matrix to drive ATP synthesis.
Reproduced from ref. 29 with permission from Springer Nature, Copy-
right 2013.
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favored flow strong enough to make essentially all the ATP generated during
oxidative metabolism of prokaryotic and eukaryotic cells.28

These two examples of inorganic pyrophosphatases, in two distinct cellular
compartments, coupling thermodynamically favored hydrolysis of the phos-
phoric anhydride linkage in tetra-anionic pyrophosphate, show how organ-
isms have adapted the central utility of such anhydride linkages for distinct
kinds of cellular work. This simple phosphoric anhydride linkage, likely to
have been available abiotically from phosphorus-containing volcanic emis-
sions, became the backbone strategy for essentially every macromolecular
biopolymer biosynthetic strategy as will be elaborated in Chapter 3.

2.7 From Triphosphates to Long Inorganic
Polyphosphates

Longer chains of inorganic phosphoric anhydrides, typically termed linear
polyphosphates, are also constituents of microbial and eukaryotic cells.
However, they have largely been ignored, even though they were first detected
over a century ago, concentrated in certain bacterial granules (summarized
in30). The Nobel laureate in physiology or medicine for 1959 for his charac-
terization of DNA polymerase I, Arthur Kornberg, spent much of the last 15
years of his research career,17 resurrecting the forgotten features of poly-
phosphates that had been relegating to the category of ‘‘molecular fossils’’.
Kornberg30 argued that polyphosphoric anhydrides, elongated to tens to
hundreds of repeat units (Figure 2.14), were found in most microbial and
animal cells. They serve as flexible anionic polymers, conformationally mo-
bile, mediated by divalent cation chelations, and most significantly as phos-
phoric anhydride energy reserves. They may be notionally akin to glycogen
and starch, polymers of glucose that are mobilizable to glucose monomers, to
be metabolically hydrolyzed to power energy metabolism in cells.

Kornberg argued that such linear polyphosphates were products of ‘‘vol-
canic condensates and deep ocean vents. . .likely a key agent in evolution
from prebiotic time’’ (Figure 2.14A). Brown and Kornberg17 further argued
that these polyphosphates were ready sources of monomeric inorganic
phosphate whose intracellular concentration is narrowly maintained in the
5 mM range, despite large swings in environmentally available [Pi]. The
premise was they had a role in inorganic phosphate homeostasis.

In keeping with his deep expertise in phosphoryl transfer enzymology,
Kornberg and colleagues characterized suites of enzymes that transferred
phosphoryl groups to and from polyphosphate substrates.31 One was an
ATP-dependent polyphosphate kinase,32 transferring the terminal –PO3

2�

from ATP as an electrophilic fragment, to one of the oxyanions of a terminal
phosphate group of a polyphosphate chain in an elongation reaction that
builds up P–O–P anhydride links (Figure 2.14B). This is presumed to be the
main biological route to linear polyphosphates.
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Figure 2.14 (Continued).
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Figure 2.14 Linear inorganic polyphosphates: (A) Nonenzymatic formation of inorganic polyphosphates, perhaps by geological processes;
(B) Enzymatic formation of linear polyphosphates by phosphoryl transfer from ATP to a growing polyphosphate chain by
polyphosphate kinase. (C) Polyphosphate as an enzyme-catalyzed donor of phosphoryl groups to ADP.31
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A second enzyme, working in the opposite direction, validated the ther-
modynamic activation of the P–O–P bonds in polyphosphate chains by
transferring a –PO3

2� group from the poly-P donor to AMP as an acceptor.
(Note in Figure 2.14C it is the AMP-oxyanion that is the nucleophile and an
electrophilic phosphoryl group fragment undergoing transfer from the
polyphosphate). Kornberg’s group also characterized both exo- and endo-
phosphatase activities (hydrolases) acting on poly-P chains (data not shown).
Analogously, some bacteria can donate a PO3

2� group from poly-P chains to
GDP to make GTP.33

More recently, Xie and Jakob34 have summarized subsequent findings that
these linear inorganic polyphosphates are multifunctional polyanionic
scaffolds for sets of partner proteins, in particular as nonprotein scaffolding
and chaperoning agents to assist in protein folding. In some thrombocytes
and mast cells the poly-P chains in dense granules represent up to [130 mM
Pi] if totally hydrolyzed. Consistent with such localization, polyphosphates
activate the protease factor XII in the blood coagulation cascade and also
chelate calcium ions. The Jakob research group found that these polyanionic
phosphoric anhydride chains at micromolar concentrations prevented pro-
tein aggregation under a set of otherwise proteotoxic cellular stress con-
ditions. Xie and Jakob34 posited ‘‘poly-P, which itself is redox-inert and
thermostable, might have served as the primordial chaperone, and now
functions in the first line of defense under extreme stress conditions that
might inactivate protein-based chaperones.’’

It is still unclear at this point how a polyanion stabilizes or reroutes par-
tially folded or unfolded protein species often thought to have hydrophobic
regions exposed. It has been proposed that b-sheet secondary structure re-
gions of proteins are most sensitive to poly-P protection. Osmotic and metal
cation-chelating properties of the highly anionic poly-P chains may be
relevant in such protections. Intriguingly, there is also evidence that long
poly-P chains accelerate amyloidogenic rates, perhaps converting toxic
intermediates into inactive fibrils, consistent with stabilizing pro-
aggregatory b-sheet folding intermediates.

Among the current several unknowns of these presumably ancient polyanionic
phosphoric anhydride-containing polyphosphate chains in animal cells is their
mode of assembly. Figure 2.14C shows the structure of a growing inorganic
polyphosphate chain in the active site of a eukaryotic PolyP polymerase.31

While there may be a parallel kinase, family yet to be discovered, it is
perhaps intriguing to think that intracellular membrane compartments
running proton-motive forces backwards from the proton-pumping PPiases
noted in Section 2.6.1.2 above are responsible. This would be equivalent to
the F-type ATPases that use proton gradients to make ATP rather than
hydrolyze it (Figure 2.13). By analogy, the proton gradients in animal cell
subcellular compartments could turn Pi into long chain polyphosphates. If
so, that could be an evolutionary relic of early membrane or proton gradient
routes to thermodynamically activated but kinetically stable inorganic
phosphoric anhydride polymeric chains.
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2.8 Organic Pyrophosphate Scaffolds.
Monosubstituted Organic Pyrophosphate
Metabolites: Incorporation of Inorganic
Phosphate and Pyrophosphate Groups into
Organic Scaffolds Enables a Wide Range of
Chemistries in Energy Metabolism

From a structural and functional perspective, the phosphoric anhydride
linkage embedded in pyrophosphate has proven to be such a successful
chemical entity that it has spread to many organic metabolites in organismal
biologies. Thus, the activated but kinetically stable pyrophosphate group has
been embedded within organic frameworks of several classes of extant cel-
lular metabolites to serve a variety of strategic roles (e.g. Figure 2.10).

To explore some of those diverse metabolic roles we look at monosubstituted
and then disubstituted pyrophosphate groups. The monosubstituted pyr-
ophosphates, attached at only one end, comprise several distinct structural
types and sit in quite diverse metabolic pathways. The nucleoside diphosphates
and triphosphates fit in this category and represent one introductory path to
the structure and biological function of their pyrophosphate side chains. Also,
in this category is the 5-phosphoribosyl-1-pyrophosphate building block for
purine and pyrimidine precursors of RNA and DNA. So too is D2-isopentenyl-
pyrophosphate where enzymatic cleavage of the pyrophosphate moiety is the
first essential step in isoprenoid chemical biology (Figure 2.10).

Then, we turn to classes of molecules where both ends of the inorganic
pyrophosphate group have been tethered to organic functional groups. We
note some of the different metabolic intersections where such disubstituted
pyrophosphates are encountered.

2.8.1 Nucleotidyl Transfers to Cosubstrate Nucleophiles

In many instances, such as the four common nucleoside triphosphate
building blocks for RNA and the congeneric four 20deoxynucleoside tri-
phosphates for DNA, one of the two side chain activated phosphoric an-
hydride bonds in the triphosphate side chains are cleaved to release nascent
pyrophosphate (Figure 2.9). Then, the tandem inorganic pyrophosphatase
cleavage strategy kicks in to draw the first biosynthetic step – in these cases
RNA or DNA chain extensions – towards completion.

ADP, shown along with ATP in Figure 2.10, in its diphosphate side chain
also possesses such an activated phosphoric anhydride moiety. One might
have imagined organisms could have evolved to split that pyrophosphate
chain in a host of phosphoryl transfers to nucleophilic cosubstrates. In the
event, there are very few extant examples of enzymes using ADP as an elec-
trophilic –PO3

2� group donor. That role seems to have been arrogated to ATP
instead. We do note in passing that the key step converting ribonucleotide
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RNA precursors to 20deoxribonucleotide DNA precursors does occur at the
diphosphate not the triphosphate levels.35 That may (or may not) reflect an
evolutionary history when nucleoside diphosphates were the more abundant
nucleotides in early organisms.

2.8.2 C–O Bond Cleavage in PRPP and D2-IPP to Generate
Carbocationic Transition States

Two other monosubstituted pyrophosphate metabolites are depicted in
Figure 2.10. The activated form of D-ribose for both pyrimidine and purine
nucleotide biosynthesis is 5-phospho-D-ribose-1-pyrophosphate (PRPP).
(We shall note in Chapter 5 that the pyrophosphate group in PRPP arises
from direct enzymatic transfer of that phosphoryl group from ATP by
5-phosphoribose pyrophosphokinase). The second set of isomeric
monosubstituted pyrophosphate metabolites in Figure 2.10 are the isomeric
D2- and D3-isopentenyl pyrophosphates (IPPs), also termed isopentenyl di-
phosphates. We shall note that the D2-isomer is formed initially in the
biosynthetic pathway to all (55 000 known) isoprenoid metabolites and then
isomerized enzymatically to the D3-isomer.36

Figure 2.15 Two central metabolites that are precursors to carbenium ions in
metabolic transformations are 5-phosphoribosyl-1-pyrophosphate and
D2-isopentenyl diphosphate.
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The pyrophosphate (–PP) group in both PRPP and the D2-IPP serves a
similar role in their multiple enzymatic transformations. They are low en-
ergy leaving groups (the nascent pyrophosphate has several resonance con-
tributors that lower its energy), enabling C–OPP bond cleavage. The result of
a unimolecular C1–OPP bond cleavage in PRPP would be a 5-phosphoribosyl
oxocarbenium ion at C1. In D2-IPP the result would be a stabilized C1-allyl
carbocation. Thus, the pyrophosphate groups in PRPP and D2-IPP can be
progenitors of carbocationic transition states (Figure 2.15). The tandem ac-
tion of inorganic pyrophosphatase ensures forward pull on the equilibria of
the first enzymes in the two-enzyme couple.

2.8.3 Pyrimidine and Purine N-phosphoribosylations of the
Phosphoribosyl C1-oxocarbonum Ion Transition State

What are the fates of the incipient carbocations? Figure 2.16 A shows that in
the third step of de novo pyrimidine biosynthesis in all cells, N1 of orotic acid
is phosphoribosylated by the carbocationic transition state from cosubstrate
PRPP. The products are orotidine monophosphate (OMP)and PPi. PPi is then
hydrolyzed to 2 Pi molecules, pulling the formation of OMP to completion.
This key OMP pyrimidine nucleotide is next decarboxylated to UMP one of
the four canonical bases in RNA. Later in the biosynthetic pathway UTP is
converted to cytosine triphosphate (CTP), so both pyrimidine building
blocks for RNA come from this common OMP.

Figure 2.16 A reveals similar logic for the C1-oxocarbenium ion from PRPP
in purine biosynthesis, but this time, as the very first committed
biosynthetic step. PRPP and glycine are reacted to give PPi and b-1-amino-
ribose-5-phosphate. This step sets the b-ribosyl stereochemistry of all purine
nucleotides and provides the amine group to systematically build up the full
bicyclic purine scaffold on the way to IMP as first purine nucleotide, Note
again that PPiase activity in tandem with the first enzyme draws the com-
bined equilibrium to accumulate the amino-ribose-5-phosphate.

These coupled PPiase equilibria in both pyrimidine and purine bio-
synthetic pathways are particularly important because in every cell cycle
some 1.5 billion molecules of each of the two purine and two pyrimidine
nucleoside diphosphates must be made and converted to 20dNDPs, then to
20dNTPs for genome replication in the S (DNA Synthesis) phase of the cell
cycle. Then, there are the additional tens to hundreds of millions of copies of
the four NTPs for all the RNA synthesis also being generated in cells.

2.8.4 Iterative C–C Bond Forming Chemistry from the
C1-allyl Carbonium Ion Transition State in Isoprenoid
Biosynthetic Pathways

The allylic carbocation arising from C1–OPP bond cleavage as D2-IPP is
processed might be an almost equally abundant carbocation metabolite in
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Figure 2.16 (A) PRPP is the donor of 5-phopho-ribosyl units in biosynthesis of all nucleotides for both RNA and DNA biosynthesis; (B) The
D2-isopentenyl diphosphate is the precursor to allyl carbocations in all isoprenoid and steroid biosynthetic pathways.
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nature. Among its most frequent partner reactants is the D3-IPP monomer,
where the p electrons of the D3-double bond act as a carbon nucleophile. The
resulting C–C bond connects C3 of the nucleophile with C1 of the electro-
philic five-carbon partner to yield the carbocation of the ten carbon geranyl
diphosphate (Figure 2.16B).37 Quenching of that cation by proton removal
from C4 yields geranyl diphosphate, a D2-isoprenyl diphosphate.

The genius of this enzyme-directed coupling is revealed when the next
enzyme in various isoprenoid pathways iterates the first C–OPP bond
cleavage, generating now the C10 allyl cationic transition state. Capture by
the p electrons of another five carbon D3-IPP acting as nucleophile leads
to the C15 farnesyl-PP, an elongated D2-IPP. This pairing of allyl cation and
p electrons as carbon electrophile and carbon nucleophile in C–C bond
formation can be iterated several more times. Menaquinone and ubiquinone
coenzymes can have 4–10 prenyl units in their 20–50 carbon side chains. The
mammalian N-glycoprotein machinery can link from 18 to 21 five carbon
units, (90–105 carbon long prenyl chains). At the C15 level two molecules of
the C15 farnesyl-PP can be condensed head to head to shunt carbon flux into
squalene (C30) and then to cholesterol and the panoply of other cyclic sterol-
like frameworks.

2.9 Overview
The monosubstituted pyrophosphate chains in these two categories of
metabolites-ATP and other NTPs vs. PRPP and the D2-IPP isomers reflect two
distinct properties and uses of the monofunctionalized –PP units. In the ATP
and many related cases of nucleotidyl transfer, a thermodynamically acti-
vated phosphoric anhydride P–O–P linkage is often cleaved and provides
(much of) the driving force for the particular reaction.

In the PRPP and D2-IPP examples, the P–O–P bond stays intact, the pyr-
ophosphate group departs, prying out an oxygen atom that had initially been
attached to the reactive carbon center (Figure 2.16). As the nascent pyr-
ophosphate departs, accessible, stabilized carbocationic transition states in
the residual organic scaffold are generated and captured by cosubstrate
nucleophiles (for N–C and C–C bond formations) This latter strategy is in
play in two of the most abundant and central biosynthetic pathways in
all free living organisms: de novo nucleotide biosynthesis and de novo iso-
prenoid and steroid biosynthesis.

2.10 Disubstituted Organic Pyrophosphate Linkages
Figure 2.17 depicts five central metabolites in which an inorganic pyr-
ophosphate group has been embedded with both ends connected to atoms
from the organic portions of the molecular architecture. In all five cases the
connecting atoms on both ends are alcoholic oxygen atoms, preserving the
formalism of the embedded pyrophosphate group (and giving some
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preliminary insight into biosynthetic strategy for assembly of such embed-
ded pyrophosphates)

UDP glucose is emblematic of many nucleoside diphosphosugars that
are the thermodynamically activated forms of sugar monomers in both
oligosaccharide-and polysaccharide biosynthesis as well as in N-glycoprotein
assembly of carbohydrate chains. One can find, in different organisms and
different pathways, similar ADP-glucose, and GDP-mannose activated
metabolites.

CDP choline represents a similarly activated precursor to membrane
phospholipids. This choline moiety can be captured by enzymes adding in
different water-soluble head groups to create species such as phosphatidy-
lethanolamine or phosphatidylserine that insert into newly forming mem-
branes as cells divide or form new organelles (e.g. in secretory vesicles).

NAD1 and flavin adenine dinucleotide (FAD) are the most abundant of the
nicotinamide-based and flavin-based redox coenzymes respectively. NAD1

leads a double metabolic life, as the major redox coenzyme and also has
nonredox roles for both mono-ADP ribosylation and poly-ADP ribosylation of
partner proteins in epigenetic functions.

Also depicted in Figure 2.17 is the structure of coenzyme A, abbreviated
as CoASH to emphasize the chemical role of the terminal thiol in coenzy-
matic function. Coenzyme A and FAD do not use the embedded P–O–P

Figure 2.17 Five central metabolites with embedded disubstituted pyrophosphate
bridges linking the two halves of the molecules.
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bond in the pyrophosphate moiety for any discernable chemical role. It
may well be that these two molecules, (the active forms of vitamins B2, and
B5)36 participating in many central metabolic reactions, have evolved to
join a nonreacting AMP moiety to the distinct business ends of the co-
enzymes. (On the other hand, metabolic cleavage of the P–O–P bond in the
pyrophosphate bridge of NAD1 has recently been detected as a catalytic
property of an enzyme from the bacterium Legionella pneumophila, noted in
Chapter 16.)

The AMP moiety may be brought along to provide binding energy to
protein domains that evolved early to recognize AMP. Combining a non-
reacting portion with a reacting portion in the coenzymes may provide
sufficient binding energy for high affinity and specificity for coenzyme rec-
ognition and reaction.38 In such instances the disubstituted pyrophosphate
moiety may be considered a bridging structural element, not employed as a
thermodynamically activated unit, and perhaps a vestigial structural moiety
to impart specificity.
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SECTION II

ATP and Nucleoside
Triphosphate Congeners:
Substrates for Phosphoryl-,
Pyrophosphoryl-, and
Nucleotidyl Transferases

The progression from inorganic phosphate to inorganic pyrophosphate to
inorganic polyphosphates in the preceding chapter centered on the P–O–P
anhydride bond connections. The accessible pKa1 and pKa2 values for
phosphoric acid dissociation constants hold for PPi and extended poly-
phosphates such that they are polyanions at physiological pH, contributing
to their kinetic stability.

The biosynthetic attachment of the pyrophosphate and triphosphate side
chains to nucleosides extends the phosphoric anhydride paradigm to
nucleotide chemical biology. Adenosine diphosphate (ADP) and adenosine
triphosphate (ATP) are first among other nucleoside diphosphate and
nucleoside triphosphate equals in powering almost every aspect of energy
metabolism in cells. Although RNA biosynthesis pairs ATP with GTP, CTP,
and UTP, and DNA biosynthesis utilizes the 2’deoxy versions dATP, dGTP,
and dCTP, along with 5-methyl dUTP (¼dTTP), ATP dominates and
exemplifies how P–O–P anhydride chemistry funnels into every aspect of
primary metabolic pathways.

The triphosphate side chain of ATP offers three potential electrophilic
phosphorus atoms, Pa, Pb, and Pg for attack by electron rich cosubstrate
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nucleophiles. Chapters 3, 4, and 5 examine the scope and mechanism of the
three regiochemical alternatives.

Attack at Pg results in phosphorylation of the incoming nucleophile with
the –PO3

2� group. This is phosphoryl transfer enzymology (Chapter 3).
Attack at Pa leads to attachment of the AMP moiety to the nucleophile with
release of PPi. This is the predominant mode of ATP and other NTP cleav-
ages in the biogenesis of biopolymers (Chapter 4). The third mode of attack
at Pb, constituting pyrophosphoryl transfer to incoming nucleophiles, oc-
curs less frequently but at key metabolic intersections (Chapter 5).

The fourth chapter of this section, Chapter 6, examines other scaffolds
containing thermodynamically activated but kinetically stable types of
phosphoryl groups as comparable donors of electrophilic –PO3

2� groups The
interconversions between P–O–P anhydride linkages in ATP and congeners
with the activated acyl phosphates, enol phosphates and sulfuryl-phosphoric
anhydrides are examined. Finally, the three routes to ATP biosynthesis, from
acyl phosphates, from enol phosphate and from coupling to proton gradi-
ents (ATP synthase) are compared.
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CHAPTER 3

ATP as the Premier Biological
Phosphoryl Transfer Reagent

3.1 Phosphoryl Group Transfers under Enzymatic
Control

The two major types of phosphate-containing groups in biology are on the
one hand the phosphoric anhydride linkages, found in pyrophosphate, ATP
and FAD for example, and on the other hand phosphate monoesters and
phosphate diesters, both anionic at physiological pHs (Figure 3.1). In con-
trast to the phosphoric anhydride linkages that are kinetically stable but
thermodynamically susceptible to hydrolysis under physiological con-
ditions, both phosphate monoesters and diesters are indefinitely stable in
biological milieus. They require enzymatic catalysis for phosphoryl transfer
to water or other cellular nucleophiles.

The enzymatic transfer of phosphoryl groups (–PO3
2�) to cosubstrates can

happen in two kinds of reactions. The first and most common is carried out
by the family of kinases, more than 600 of them in humans (517 of them
being protein kinases) where it is the g-PO3

2� group of Mg–ATP that is
transferred to a cosubstrate nucleophile. These phosphoryl group transfers
typically generate phosphomonoesters (Figure 3.2), such as glucose-6-
phosphate or phosphoserine and phosphotyrosine side chains in protein
posttranslational modifications. The second and complementary category is
subsequent enzymatic hydrolysis of phosphate monoesters and phosphoryl
group transfer to water (Figure 3.3).

An additional unique case involves inorganic phosphate itself as sub-
strate. In the active site of the F-type ATP synthase, noted later in this
chapter, one of the b-phosphoryl oxyanions of bound Mg–ADP acts as
a nucleophile on the phosphorus central atom of inorganic phosphate.
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In a formal sense organic phosphate is the phosphoryl donor despite the
absence of any thermodynamic activation for –PO3

2� group transfer
(Figure 3.2). One can view it as a formal dehydration of inorganic phosphate
(!). This remarkable reaction in human adults happens at levels up to 70 kg
per day! It is unique and yet ubiquitous as we note in a subsequent section of
this chapter.

One other facet of inorganic phosphate reactivity exploited by enzymes is
taken up in Chapter 9 in which inorganic phosphate is a substrate and sugar
monophosphate esters are products. This involves inorganic phosphate as a
nucleophile at oxygen rather than an electrophile at phosphorus as in the ATP
synthase example just noted. This is not –PO3

2� group transfer to nucleo-
philic cosubstrates. Rather, it is glycosyl transfer to inorganic phosphate. All
four oxygens of inorganic phosphate end up in the sugar-1-phosphate
products (Figure 3.2). There are about three dozen validated enzymes in
this class known as phosphorylases. They are the subject of Chapter 9 and
emphasize the diversely and dual reactivity of inorganic phosphate chemical
biology.

Phosphorylases are notionally akin to hydrolase enzymes. Hydrolases use
water as a nucleophile in reaction with some electrophilic fragment of a
substrate. Phosphorylases substitute inorganic phosphate as an oxygen
nucleophile in place of water. All three types of biologically prevalent
phosphates, phosphoric anhydride, phosphomonoesters, and phosphodie-
sters, undergo enzyme-mediated transfers of the phosphoryl groups to water
(Figure 3.3). These transformations constitute the back half of phosphoryl
transfer enzymology as noted above.

The ATP hydrolases are known generically as ATPases and the hundreds of
them are categorized in Section 3.6. Phosphomonoesters are cleaved by
phosphatase enzyme families and they are the subject of Chapter 7.

Figure 3.1 Three major classes of phosphate metabolites: phosphoric anhydrides,
phosphate monoesters, and phosphate diesters.
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Figure 3.2 Kinase-type phosphoryl transfers; ATP synthase; inorganic phosphate as nucleophile not electrophile.
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Analogously, phosphodiesters are hydrolyzed by phosphodiesterase
enzymes. Over 100 phosphodiesterases acting on the internucleotide phos-
phodiester bonds in RNA and DNA molecules have been described. They are
termed nucleases and are discussed in Chapter 8.

3.2 Timing and Mechanism of Phosphoryl Group
Transfers

Phosphoryl group transfers were intensively studied by Westheimer and
colleagues leading up to his 1987 comprehensive review1 (‘‘Why. Nature
chose phosphates’’) and then by the Jenck research group2 and many others
to understand the basic phosphorus chemistry that would be in play in the
diaspora of enzymatic catalyses. One can illustrate some of those issues
in reaction of a generic phosphomonoester (Figure 3.4A) undergoing

Figure 3.3 Enzyme catalyzed hydrolyses of the three major classes of phosphate
metabolites.
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Figure 3.4 (A) Generic phosphoryl transfer of a phosphomonoester to an incoming nucleophile RX: in-line displacement geometry;
(B) Two limits: associative vs. dissociative transition states; (C) Mixed transition state with partial X–P bond formation and
P–O bond cleavage as indicated by dashed lines. (D). Two stages of phosphoryl transfers in metabolites: kinase-mediated
formation and phosphatase-mediated breakdown.
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–PO2� transfer to an incoming nucleophile RX (e.g. HOH). Among the con-
clusions reached were that ‘‘in line’’ geometry was favored in transition states
where the incoming RX nucleophile and the departing RO alcohol were in
apical positions, with the three other P–O bonds arranged equatorially.

The timing of X–P bond formation and P–O bond breakage could be
variable. In one limit, an early transition state for X–P bond formation before
O–P cleavage, an associative mechanism would apply, there would be five
full bonds to phosphorus (a pentacovalent phosphorane), however tran-
siently, before the O–P bond was broken (Figure 3.4). In the other limit,
where the O–P bond breaks early before the X–P bond is formed, a dis-
sociative mechanism, there would be a PO3

� metaphosphate ion species,
capturable by the RX nucleophile. In many cases the timing of (P–O) bond
breakage and (X–P) bond formation would be closer to simultaneity (dashed
X–P and P–O bonds in Figure 3.4).

The timing of enzymatic phosphoryl transfers that span hundreds of low
molecular weight and protein kinase reactions, the F-type ATP synthases, and
both phosphatases and phosphodiesterases have also been subjected to study.
We will note in Chapters 7 and 12 that stereochemical studies indicate
inversion of stereochemistry in every case examined, arguing against a freely
rotating metaphosphate intermediate (which should give racemization at the
itinerant phosphorus). On the other hand, we will note in Chapter 10 that
phosphoenol pyruvate (PEP) mutase, the route to C–P-containing phospho-
nate metabolites is proposed to involve a dissociative transition state.

The results from nonenzymatic mechanistic analyses of phosphoryl
transfers indicate that phosphate monoesters may proceed largely through
dissociative transition states, phosphodiesters via mixed associative and
dissociative transition states. Phosphotriesters may favor associative tran-
sition states but they play a very limited role in biological systems (we dis-
cuss these in Chapter 12 on phosphorothioates).

Because there is no direct evidence for pentacovalent phosphoranes as
general species in enzyme-mediated phosphoryl transfers of any of the types
noted above, we will write enzymatic phosphoryl transfers. (and pyropho-
sphoryl and nucleotidyl transfers) in the arrow pushing schemes of organic
chemistry as depicted in Figure 3.4B. We eschew writing explicit penta-
covalent phosphoranes where the PQO electrons would rehybridize in every
transfer, given the absence of evidence of that participation. Indeed, given
that one of the resonance contributors to phosphate monoesters bears a full
positive charge on phosphorus in a P1–O� contributor, we write direct arrow
displacements as shorthand notations (Figure 3.4C). These arrow pushing
diagrams are in the backdrop of in line geometry for displacements,
tetrahedral geometries in the ground states of phosphate compounds
(Figure 3.4C) and the implicit likelihood that most of the enzymatic re-
actions will have partial bond formation and bond cleavages in the transi-
tion states where phosphoryl groups (and pyrophosphoryl and nucleotidyl
groups) are in flight (dashed or partial bond-making and breaking in a
canonical phosphoryl group transfer: Figure 3.4C).
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3.3 Phosphoryl Group Transfers from Mg–ATP:
Electrophilic c-PO3

2� in Flight
In the preceding chapter we focused on inorganic pyrophosphate with its
thermodynamically activated but kinetically stable P–O–P anhydride linkage
as serving two essential purposes. The first is as donor of an electrophilic
–PO3

2� fragment to cellular nucleophiles: phosphoryl group transfers. The
second, and related attribute is that when water is the attacking nucleophile,
in the presence of pyrophosphatase hydrolytic enzymes, the hydrolysis is
accelerated 1010 to a khydrol of 103 per second vs. a nonenzymatic hydrolysis
rate measured in months�1.3

We also noted in Figures 2.10 and 2.17 a few representative structures of
central metabolites that contain either monosubstituted pyrophosphate
groups or disubstituted pyrophosphate moieties. Those metabolites retain the
thermodynamic activation conferred by the P–O–P anhydride linkages. In this
chapter we turn to the two most prominent of the metabolites with mono-
substituted pyrophosphate side chains: ADP and ATP (Figure 3.5). ATP pre-
dominates over ADP in cells by a factor of B200 : 1, with [ATP] in the
millimolar range, indicating a greater utility of ATP, with its two P–O–P
phosphoric anhydride moieties over ADP, with its single P–O–P linkage.

In principle, any of the three metabolites, inorganic pyrophosphate, ADP,
and ATP, should be able to deliver an electrophilic phosphoryl group to a
nucleophilic cosubstrate. Indeed, Figures 3.6 and 3.7 show three such en-
zymatic examples. First is the pyrophosphate–AMP phosphoryl transferase
found in archaeal microbes and perhaps representing an early evolutionary
vestige of how to form ADP from AMP.

Second is an enzyme initially thought to be of substantially restricted bio-
logical distribution but also detected in mammalian cells, a transferase where
ADP is the –PO3

2� donor to the C6–OH of D-glucose to yield glucose-6-phosphate
and AMP.4 Glucose-6-phosphate is the canonical starting point for the energy-
yielding glycolytic pathway in all prokaryotic and eukaryotic cells. This enzyme
illustrates the chemical capacity of ADP to offer the terminal PO3 of its phos-
phoric anhydride side chain to the most abundant cellular hexose, trapping it in
cells as the impermeant glucose-6-phosphate dianion. More recently, a PPi-
dependent glucokinase has been characterized from an Anabena cyano-
bacterium.5 Analogously, Entamoeba histolytica has a phosphofructokinase with
a million fold preference for PPi over ATP for phosphoryl transfer to the C1–OH
of fructose-6-phosphate, raising the question of whether PPi rather than ATP
may have been the primordial biological donor of –PO3

2� groups.6

There is also a validated ADP-utilizing O-phosphoserine synthetase in
the biosynthetic pathway to cysteine in some microbes,7 but those two
ADP-dependent kinases are rare, compared with many hundreds of
ATP-dependent ATP-consuming phosphoryl transferases.

In eukaryotic cells, the enzymatic production of glucose-6-phosphate from
glucose transported into cells is mediated not by phosphoryl transfer from
ADP, but instead by ATP-cleaving phosphoryl transferases, known for
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historical reasons as hexokinases8 (Figure 3.4). Kinases are a generic term for
ATP-dependent phosphoryl transfer enzymes. Among the possible reasons
for ATP supplanting ADP as the principal cellular phosphoryl donor over
evolutionary time may be that the second of the two P–O–P linkages in the
triphosphate side chain offers two additional regiochemical modes of ther-
modynamically favored, phosphoric anhydride-cleaving outcomes. (We will
note PEP-dependent phosphorylation of glucose in bacterial transport and
trapping of the hexose as glucose-6-phosphate, in detail in Chapter 11.)

As we note in the next section and in Chapter 4, the most important of
those additional cleavage routes, transfer of AMP to the incoming nucleo-
phile, releases inorganic pyrophosphate as cosubstrate, and brings into play

Figure 3.5 ATP vs. ADP: Both have phosphoric anhydride-containing side chains but
while ATP is the prevalent cellular phosphoryl group donor to nucleo-
philes, ADP functions only very rarely as phosphoryl donor.
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Figure 3.6 Examples of phosphoryl group transfers from PPI, from ADP, and from ATP.
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the coupled action of inorganic pyrophosphatase, emphasized in the previ-
ous chapter as a key strategic second step in driving otherwise potentially
unfavorable biosynthetic equilibria.

Before turning to the three enzyme-mediated cleavage modes of ATP,
however, we note that its predominant role as cellular workhorse for phos-
phorus chemical biology can be enumerated in several ways. One factoid,
taken up in Section IV, is that ATP serves as phosphoryl donor substrate for
B520 protein kinases in the human proteome. The enzyme class is so nu-
merous and consequential for health and disease that those enzymes are
collectively termed the human kinome.9

A second indicator is the large class of enzymes (B200 in humans) termed
ATPases, for the hydrolysis of ATP to ADP and Pi.10 The energy released in
this hydrolysis is captured as protein conformational changes that drive an
enormous range of events, from ion pumps across membranes, mechanical
force generation in actomyosins, kinesins, and other cellular motors. ATPase
action also powers ATP-dependent protein degradation by proteasomes, and
many other coupled but otherwise energetically unfavorable actions in cells.

3.4 ATP: Daily Human Consumption Equal to Total
Body Weight

Perhaps the single most powerful indicator of the preeminence of ATP in
all facets of cellular energy metabolism is the estimate that a 70 kg adult
human generates and consumes his or her weight (70 kg¼ 154 pounds) in
ATP every day.11 That is an astounding number, reveals a dynamic

Figure 3.7 Structure of two kinases involved in hexose phosphorylations. Left:
hexokinase, right the 3D conformation of ATP (phosphoryl donor) in
the active site of 6-phospho-fructose-1 kinase. Structures drawn from
pdb 1QHA and 3F5M, respectively.
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commitment of organisms to make ATP so it can be spent to power es-
sentially all cellular events. By the time a human has reached the age of
75, he or she will have generated and consumedBtwo million kilograms of
ATP during their lifetime.

The steady state levels of ATP in an adult human are about 70–75 g. Thus,
to make and utilize 75 kg per day, each person turns over the full 75 g in-
ventory about 1000 times! The cellular concentration of ATP is in the range
of 1–10 mM, varying in different cell compartments. Estimates of the life-
time of a given ATP molecule in a cell are in the range of one second. One
other way of thinking about the flux of ATP is to note its molecular weight of
507 g per mole. Then, the daily throughput is 75/0.5 or about 150 moles of
ATP. Recalling that a mole of a substance is defined as 6�1023 molecules,
then humans make and utilize B1026 molecules of ATP to stay alive every
day. One could think of humans as biological machines dedicated largely to
the formation of ATP and spending its phosphoric bond energies in myriad
ways to keep us alive.

As summarized above and detailed in the next section, all these ATP
molecules are cleaved by two major chemical routes, to make ADP by
phosphoryl transfers or to make AMP by nucleotidyl (adenylyl) transfers.12

To turn over the ATP pool a thousand times a day means converting all the
AMP and ADP product molecules, plus the attendant inorganic phosphate
anion coproducts, back to ATP. On examination, most ATP (495%) is made
directly from ADP not AMP, by the mitochondrial ATP synthase, so all that
B70 kg of ADP must be transported, from whatever subcellular compart-
ments in which it is formed from ATP cleavage, back across the mitochon-
drial membranes to the active site of the ATP synthases.

3.5 Phosphoryl Transfers from ATP: Logic and
Mechanisms

One of the two major modes of enzyme-accelerated side chain cleavage of
Mg–ATP in several hundreds of cellular reactions that drive coupled equi-
libria is the transfer of the terminal electrophilic g-PO3

2� of ATP to a co-
substrate nucleophile. These constitute phosphoryl group transfers.1 Most
often those cosubstate nucleophiles are oxyanions of a cosubstrate.
Figures 3.8 and 3.9 note five categories of common oxyanion nucleophiles:
(1) the alcohol oxygen of many types of alcohol scaffolds, (2) carboxylate
oxygens, (3) the peripheral oxyanions of phosphate groups, (4) enolate oxy-
anions, (5) water. Working backwards, when water is the cosubstrate, the net
result is ATP hydrolysis, an ATPase reaction that on the surface looks
wasteful in that the inorganic phosphate product has not maintained the
thermodynamic activation of the starting b,g-phosphoric anhydride linkage.
However, we shall note that almost all such ATPases store the energy re-
leased transiently in driving a conformation change, typically in a partner
protein: that constitutes cellular work.10
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Figure 3.8 Categories of oxygen nucleophiles acting as cellular substrates in phosphoryl group transfers from ATP.
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In addition to oxygen nucleophiles in cells there are also nitrogen, and
sulfur atoms, which are potential reactants towards the electrophilic Pg of
ATP. Surprisingly, given the high concentrations of glutathione and co-
enzyme A as potent thiol nucleophiles in cells, there are no documented
S-phosphoryl transfers from ATP to glutathione, coenzyme A or other cellular
low molecular weight thiols (There are S-phosphoryl-cysteinyl enzyme
intermediates—see Chapter 14).

Over the past half-century, the arena of kinase-mediated transfer of the
ATP g-PO3

2� group to side chain-OH groups of serine, threonine, and
tyrosine residues in protein substrates has grown exponentially to blot out
most other aspects of enzymatic phosphoryl transfers. We will summarize
several facets of the protein kinomes of humans in Section IV on phos-
phoproteomics. We stay focused on low molecular weight substrates for
phosphoryl transfer in this section of the book.

3.5.1 Phosphoryl Transfers to Cosubstrate Alcohols

Phosphoryl transfer from ATP to oxygen nucleophiles is thought to proceed
via associative mechanisms, with transition states in which there is at least
partial O–P bond formation from the incoming oxygen nucleophile with at
least partial P–O remaining bond character to the potential –O–ADP leaving
group.13 Different electronic and steric factors in the attacking substrate,3

Figure 3.9 Specific enzymatic examples.
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regioselectivity of Mg11 coordination to the side chain phosphates, and
placement of side chains of the enzyme catalyst in the active site, among
others, can affect the degree of bond-making and bond-breaking in the
proposed associative transition state in any given case.2b In the PEP mutase
example in Chapter 11, the argument has been made instead for a dis-
sociative transition state with early O–P bond cleavage.

Figure 3.9 depicts phosphoryl transferase enzymes, adenylate kinase
(ADP as nucleophile), and ATPases (where HOH is the nucleophile). The first
two are classic examples in sugar metabolism. Hexokinase is the first en-
zyme in glucose metabolism, trapping neutral glucose as the divalent
glucose-6-phosphate dianion within cells and preventing diffusion back
outside the anion-impermeant cell plasma membrane. The regiochemistry is
absolute for the C6–OH, the only primary alcohol group in glucose. Glucose
in physiological pH range aqueous solutions is a mix of rapidly equilibrating
alpha and beta anomers of the cyclic hemiacetal forms with o1% as the
acyclic free aldehyde. The convention of a squiggly line to the C1–OH group
is to denote the equilibrating anomeric mixtures (Figure 3.10).

Analogously, the next most common hexose in metabolism, D-galactose,
the C4-axial epimer of D-glucose, is also an equilibrating mix of a- and
b-hemiacetals at C1. However, the galactokinase enzyme selects out of the
mixture only the a-isomer (anomer) of the mix of hemiacetals and acyclic
aldehyde forms, activating only that a-C1–OH as the kinetically competent
nucleophile. The disaccharide lactose in nursing mother’s milk is galactosyl-
b-1,4-glucose. Its cleavage by the enzyme lactase gives infants equal mixtures
of glucose and galactose as hexose nutrients. The two hexoses get phos-
phorylated regiospecifically to D-glucose-6-phospahte and D-galactose-1-
phosphate, respectively. They only get interconverted after subsequent
nucleotidyl transferase action on the galactose-1-phosphate metabolite. We
examine the interconversion and two modes of thermodynamic activation of
these sugar phosphate monoesters in Chapter 7.

Figure 3.10 The most abundant hexose in metabolism, D-glucose, is a rapidly
equilibrating mixture of two cyclic hemiacetal monomers at C1 that
interconvert by way of the open chain aldehyde. The aldehyde form,
though minor, is the one through which glycolysis occurs.
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The other two alcohol kinase reactions shown in Figure 3.9 are for the
protein serine–threonine kinases and protein tyrosine kinases, respectively.
The mechanism in each case is again a direct phosphoryl transfer to the side
chain alcohol groups of particular Ser and Thr, or Tyr residues in a given set
of partner proteins recognized by one or more enzyme in the4500 member
human protein kinome. We return to these reactions in part IV. Although
not shown in this figure recall that Figure 3.6 shows O-phosphorylation of
free L-serine in a microbial biosynthetic pathway to L-cysteine. In that figure
the example was of an unusual ADP-dependent kinase b-PO3

2� donor, rather
than the anticipated ATP phosphoryl donor.

3.5.2 Phosphoryl Transfers to Cosubstrate Carboxylates:
Mixed Acyl–Phosphoric Anhydrides

When cosubstrate carboxylates are attacking oxygen nucleophiles at the g-P
of Mg–ATP, the phosphoryl transfer step results in an acyl phosphate prod-
uct. Inspection of the generic structure in Figure 3.11 shows that acyl
phosphates are mixed anhydrides of carboxylic and phosphoric acids. Thus,
they join the category of thermodynamically activated but kinetically stable
molecules that are useful as diffusible intermediates in energy metabolism
(analyzed in Chapter 6).12

Acyl phosphates are doubly activated, for transfer of either portion of
the mixed anhydride to nucleophiles. Figure 3.11 shows that capture
by thiols is the pathway of acyl group transfer to form acyl thioesters,
most notably acetyl coenzyme A. The lower path, reaction with ADP to pro-
duce ATP, reveals the phosphoryl transfer step. Indeed, reaction of
1,3-diphosphoglycerate with ADP is one of the two reactions in glycolysis
that produce ATP. The conversion of mixed carboxylic–phosphoric an-
hydride of substrate to phosphoric anhydride in an ATP product emphasizes
that both tides of these anhydrides are thermodynamically activated.

The bottom half of Figure 3.11 displays the roles of three particular acyl
phosphates as metabolic intermediates. Each is formed from attack of the
parent carboxylate on the g-PO3 of Mg–ATP. The first example, acetyl phosphate,
is produced by the bacterial enzyme acetate kinase and in turn is substrate for
phosphotransacetylase that carries out acyl transfer to the thiolate anion of
coenzyme A to yield acetyl coenzyme A. This acyl thioester is the preferred
carrier and donor of acetyl groups in essentially all phases of metabolism.

The second example involves the acyl phosphate, aspartyl-b-phosphate, at
the side chain carboxylate of the proteinogenic amino acid L-aspartate. This
is then a substrate for double reduction of the acyl phosphate group, to the
aldehyde and then the alcohol, producing the amino acid homoserine.
Homoserine is subsequently a precursor to cystathionine and ultimately
methionine.

The third example involves a tandem pair of aminoacyl- and dipeptidyl-
carboxylic–phosphoric anhydrides in the pathway to glutathione. The first
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enzyme makes g-glutamyl-phosphate and condenses it with L-cysteine.
The amine of cysteine is the nucleophile to which the activated glutamyl
group is transferred. The product is the dipeptide g-glutamyl-cysteine. This
dipeptide is then a subject for another kinase, this one making the indicated
g-glutamyl-cysteinyl-phosphate. It is captured by the amine group of glycine
for acyl (dipeptidyl) transfer to make the tripeptide glutathione, the major
scavenging agent of primary metabolism through its side chain thiol group.
This latter enzyme, although clearly a kinase, is instead named glutathione
synthetase.

Figure 3.11 Acyl phosphates, arising from phosphoryl transfer from ATP to carb-
oxylate oxygens are mixed anhydrides of phosphoric acid and the
organic acid. Three specific acyl phosphate metabolites in primary
metabolism are acetyl-phosphate, aspartyl-b-phosphate and glutamyl-
g-phosphate.
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These three examples of acyl phosphate formation and utilization show
three different types of enzyme-mediated outcomes: thioester formation
(acetyl CoA), acyl phosphate reduction (homoserine), and tandem amide
bond formations (glutathione). One might also have listed succinyl phos-
phate in the citric acid cycle and citryl phosphate in the cytoplasmic ATP-
dependent cleavage of citrate back to acetyl CoA for fatty acid biosynthesis,
as two additional examples of the involvement of acyl phosphate in primary
metabolic pathways.

3.5.3 Phosphoryl Transfer to Cosubstrate Phosphate Esters:
Adenylate Kinase, Nucleoside Diphosphate Kinase

The third type of oxygen nucleophile used enzymatically to attack the
electrophilic g-phosphorus atom of ATP is one of the oxyanions of phos-
phate monoester substrates. Figures 3.12 and 3.13 illustrate that multiple
kinase reactions involve nucleotide monophosphate conversions to di-
phosphates and triphosphates. For example, de novo purine biosynthesis
produces inosine monophosphate (IMP) that undergoes two distinct ami-
nations to yield AMP and GMP (Figure 3.12 upper). To get to the ADP and
GDP level AMP kinase and GMP kinase, respectively, use the AMP and GMP
oxyanions as nucleophiles. Analogously, in pyrimidine pathways, the
emerging metabolite UMP undergoes two rounds of kinase reactions to get
to UTP as one of the four building blocks for RNA chain elongations
(Figure 3.12 middle).

The most well studied of the nucleotide kinase family members may be
adenylate kinase, (adenylic acid is an old name for AMP; adenylates are the
ionized forms) (Figure 3.9 and Figure 3.12 bottom). As the enzyme name
implies, AMP (adenylate) functions as a nucleophile in the active site of the
kinase and thereby undergoes phosphoryl transfer from ATP. The result is
two product molecules of ADP. There are six distinct isoenzyme forms of
human adenylate kinases.14 Figure 3.14 shows the complex of adenylate
kinase with two ADP molecules.

The Keq. is close to unity so the reaction can proceed in either direction,
although it is thought that physiologically this enzyme is deployed to bring
AMP molecules up to the level of ADP. The back reaction utilizes one ADP
substrate molecule as phosphorus electrophile and one as oxygen nucleophile,
explicitly recognizing the versatility of the phosphate group in biological
chemistry.

Given the generation and utilization of 75 kg of ATP per day per adult
human, there will be a continuing pool of both AMP and ADP that have to be
brought back up to the ATP level. We will note that for ADP most of the flux
back to ATP is via action of transmembrane proton gradients to drive ATP
synthase. However, AMP has to gain two side chain phosphoric anhydrides
to get back to ATP. Adenylate kinase is the major catalytic agent for setting
the first P–O–P anhydride bond as AMP is raised back to the ADP level.
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Figure 3.12 Kinases for interconverting nucleoside monophosphates, diphosphates and triphosphates. AMP kinase, GMP kinase, UMP
kinase; Adenylate kinase.
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Figure 3.12 (Continued).
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Figure 3.13 Kinases for interconverting nucleoside monophosphates, diphosphates and triphosphates. Nucleoside diphosphokinase acts
on different NDPs as nucleophilic substrates.
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The F-type membrane-associated ATP synthase then converts ADP and Pi
back to ATP.

A second enzyme in this category of phosphoryl transfer from ATP to a
phosphate monoester is nucleoside diphosphokinase (aka nucleoside di-
phosphate kinase). Its generic stoichiometry is shown in Figure 3.13 in
which the other three building blocks for RNA synthesis, CDP, UDP, and
GDP, are the nucleophiles on ATP as phosphoryl donor.15 The result is
generation of CTP, UTP, and GTP, as three molecules of ATP are converted,
one at a time, to three ADPs. All four nucleoside triphosphates need to be
available, at billions of molecules per cell, for RNA polymerases to transcribe
DNA chains into various species of RNAs (messenger RNAs, ribosomal RNAs,
transfer RNAs, noncoding RNAs and other minor RNA species). Nucleoside
diphosphokinase is a key enzyme in setting this inventory of NTPs.
Figure 3.13 shows the outcome of three phosphoryl transfers: from ATP to
GDP, from ATP to UDP, and from ATP to CDP.

3.5.4 Enolate Anions in Phosphoryl Transfers

An unusual category of oxygen nucleophile occurs during the reaction of
pyruvate kinase.16 This enzyme catalyzes one of two ATP-harvesting steps in
glycolysis, the pathway breaking the six carbon aldohexose glucose to two
molecules of the three-carbon a-ketoacid pyruvate. The Keq. lies far in the
direction of pyruvate and ATP, (K¼ 38 900 at pH 7.0), but may possibly be
reversed in cardiac and skeletal muscle.17 In that back direction, as shown in
Figure 3.15, the attacking oxyanion is the enolate form of pyruvate. The
enolate is generated on deprotonation of carbon 3 of pyruvate, with reson-
ance contribution from the species with the C2 as ketone with the negative

Figure 3.14 Kinases for interconverting nucleoside monophosphates, diphosphates
and triphosphates. Structure of adenylate kinase with two molecules of
bound ADP (PDB file 6HAM).
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charge at C3. The product in the back direction is phosphoenolpyruvate
(PEP), the substrate in the forward direction for phosphoryl transfer to ADP.
The unfavorable Keq. for the back reaction indicates that the trapped enol
phosphate, albeit kinetically stable, is substantially more activated thermo-
dynamically as phosphoryl donor than ATP. The enol-phosphate group is
more activated than the P–O–P phosphoric anhydride group.

The naming of the enzyme historically as pyruvate kinase reflects the
equilibrium favoring the back reaction. However, neither of the two oxygen
functionalities in the predominant, ground state form of pyruvate at
physiological pH, the carboxylate and ketone oxygen, are reactants. It is the
oxyanion of the very minor enolate form of pyruvate, available at very low
concentrations free in solution.

Further indication that PEP is activated for phosphoryl group transfer
occurs in the transmembrane bacterial phosphotransferase for hexose up-
take into bacteria as will be explored in Chapter 14. Sugar passage across the
membranes is accompanied by phosphorylation at the C6–OH (Figure 3.16)
to trap the resultant anionic sugar phosphate inside. The phosphoryl donor
is PEP but indirectly by way of a set of phosphorylated proteins, the first of
which is the protein HPr, named for a histidine that gets phosphorylated.

The enzymatic strategy of formation of the highly energetic PEP during
the glycolytic pathway is intriguing. The immediate precursor is

Figure 3.15 Tandem action of enolase and pyruvate kinase generates and utilizes
the phosphorylated enol in PEP for phosphoryl group transfer. PEP has
higher phosphoryl group transfer potential than ATP.
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2-phosphoglycerate. The enzyme enolase can abstract a C2-hydrogen as
a proton to generate a carbanionic transition state. On elimination of the
3-OH substituent, water has been released and the phosphoenolpyruvate has
emerged as product (Figure 3.15).

3.6 ATPases and Coupled Equilibria

3.6.1 ATPases: Phosphoryl Transfer to Water, Coupled to
Cellular Work

A fifth category of oxygen nucleophile that enzymes use to attack the
g-phosphorus of Mg–ATP is water. The products are Mg–ADP and inorganic
phosphate (Pi) (Figures 3.17 and 3.18). These phosphoryl transfers to water
on initial consideration seem to have wasted the thermodynamic potential
of ATP as a phosphoryl donor. Instead of driving some coupled chemical

Figure 3.16 Two examples of enzymatic phosphoryl group transfer from PEP: in
glycolysis and in bacterial transport and phosphorylation of hexoses.
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Figure 3.17 The broad range of cellular functions of enzymes that hydrolyze ATP (ATPases) and couple the energy released to perform
distinct types of cellular work.
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equilibrium in the forward direction, the P–O–P anhydride linkage seems to
have been dissipated unproductively.

There are close to 300 distinct ATPases in human proteomes18 (https://en.
wikipedia.org/wiki/HUGO_Gene_Nomenclature_Committee), indicating that
this view of unproductive hydrolysis of ATP is too narrow. Indeed, many different
types of cellular work are coupled to the hydrolysis of ATP by such ATPases. The
Keq. for ATP hydrolytic cleavage to ADP and Pi of 105, corresponding to an energy
yield ofB30 kJ per mole, is used to drive many cellular events crucial to life.

The coupled chemical work includes pumping of ions across both intra-
cellular membrane compartments and across the plasma membrane to the
outside microenvironment.18a Ion selectivity for such ATPase driven pumps
includes H1, Na1, Kþ , Ca21, Mg21, and Zn21 as well as many organic
molecules. Metabolites pumped against their concentration gradients across
various membranes include amino acids, sugars, organic acids, lipids in-
cluding cholesterol, vitamins, peptides, oligosaccharides, and oligonucleo-
tides. Internal cellular ATPase-coupled proton pumps include ones
acidifying lysosomal compartments. Parietal cells lining the stomach and
osteoclasts on the surface of bones both pump protons to the exterior of the
cells: parietal cells to provide acid pH in the stomach, osteoclasts for dis-
solution of calcium phosphate in resorption and remodeling of bones. In
some cells up to 30% of total ATP expended is utilized by such ion-pumping
(P-type)-ATPases.

Although the B300 ATPases have enormously diverse functions, they are
united in converting the energy, released as ATP is hydrolyzed into protein
conformations distinct from the resting or ground state, typically still con-
taining one or both of the nascent products ADP or Pi. Alternatively, covalent
phosphoenzyme intermediates in ion-pumping P-class ATPases (Chapter 14)
can drive conformational change in the ATPase catalyst. The conformation
change energized by ATP side chain cleavage can be transmitted to non-
catalytic subunits and/or partner proteins. Such coupled equilibria transmit
the conformational change information over substantial cellular distances
as they drive a plethora of coupled processes.

Figure 3.18 Collection of PDB structures of several transmembrane ATPases.
Image courtesy of Dr Oleg Sitsel, used with permission.
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The large ATPase family can be parsed into two major categories based on
structural and mechanistic features. The first category can be termed
transmembrane ATPases. These integral membrane proteins, often but not
always consist of many subunits that span intracellular and/or cell surface
membranes.19 Typically, ATP hydrolysis is coupled to ion flow or organic
metabolite flow across the membrane in which the ATPase is embedded. The
ion or metabolite flow is usually against its concentration gradient and
therefore driven by the energy available from ATP side chain fragmentation.
We will note below multiple subcategories of the transmembrane ATPases.

The second category of ATPases are much more diverse structurally and
functionally20 and are termed AAA-proteins21 where the three A letters stand
for ATPase associated with cellular activities; a catchall phrase for diverse
functions.22 There are 239 AAA-proteins encoded in human genomes [Human
Genome Nomenclature Committee webpage: AAA ATPases (ATAD)], based on
bioinformatic predictions, indicating widespread evolutionary radiation to
couple ATP hydrolytic energy to an enormous range of diverse cellular work
at the molecular level. We take up the transmembrane ATPase types first and
then the AAA-proteins, while noting at this outset that entire tomes can be
written fruitfully on either ATPase category and those detailed narratives are
beyond the scope of this volume.23

3.7 Transmembrane ATPases
Transmembrane ATPases have been further divided into four subcategories
based on structure, mechanism and/or coupled pump function. We note
(1) P-type ATPases,18a (2)18b V-type ATPases, (3) F-type ATPases (¼ATP syn-
thase),24 and (4) ABC type ATPases25 (Box 3.1).

Box 3.1 Four subtypes of transmembrane
ATPases.

1. Transmembrane ATPases Function as Ion Transporters, Multiple
Subunits, and Pump Cations

(a) F type ATPases: function in the ATP synthase direction driven by
the flow of protons down their electrochemical gradients through
the enzyme as transporter

(b) P type ATPases. e.g. membrane Na- or K-exchange across plasma
membrane; Calcium pumps; parietal cell proton pumps acidify
stomach contents

(c) V type ATPases acidify vacuoles and other endomembrane com-
partments; lysosomal proton pump; osteoclast proton pump se-
cretes protons to solubilize and resorb bone

(d) ABC type transmembrane enzymes
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3.7.1 P-type Transmembrane ATPases

The P-in P-type ATPases refers to a phosphoenzyme intermediate, unique to
this enzyme subclass. The hydrolysis of ATP proceeds in two discrete steps.
A water molecule does not participate in the first half reaction. Instead,
the kinetically competent nucleophile is the b-carboxylate side chain of an
aspartyl residue in the ATPase enzyme, yielding a covalent phosphoryl
enzyme intermediate (see Chapter 14 for more context on the covalent
aspartyl-P-enzyme intermediate). The covalent P-enzyme takes on a distinct
conformation from resting enzyme, opening a transient channel among its
10 transmembrane helices to allow ion flow.

In the second half reaction, ATPase dephosphorylation, the aspartyl-P inter-
mediate is attacked by water, releasing inorganic phosphate to go along with the
ADP coproduct. The enzyme relaxes back to ground state and ion flow stops
until the next catalytic cycle. Two well-studied P-type transmembrane ATPases in
humans are the plasma membrane Na–K-ATPase and the sarcoplasmic reticu-
lum muscle calcium ATPase (SERCA enzyme). The Na1–K1 ATPase pumps K1

ions out while Na1 ions flow in the counterbalancing direction. The calcium-
ATPase in muscle is the agent for pumping Ca21 ions back from cytoplasm to
sarcoplasmic reticulum in muscle cells at the end of a contractile cycle.

The P-type ATPases are unique in using covalent catalysis, the intermediate
acyl-phosphate via the active site aspartyl residue. That mixed anhydride is
still thermodynamically activated and capable of imparting conformational
energy. This category will be examined in Chapter 14, Section IV. Other
ATPases induce such conformational information noncovalently, often via
holding on tightly to the nascent inorganic phosphate product dianion.

3.7.2 V-type Transmembrane ATPases

The letter V-designation stands for vacuolar, reflecting extensive character-
ization of the vacuole-associated enzyme in yeast.26 Proton pumping
by V-ATPases can lower intravacuolar pH values to pH 1. These ATPases are
generally specific for proton pumping and so are pH control agents.
In higher eukaryotes the V-ATPases are found embedded in lysosomal
membranes, primary endosomes, secretory vesicles, and, in cells such as
osteoclasts, macrophages, and neutrophils, at the plasma membrane.

The V-ATPase in lysosomal membranes can acidify the lumen of
lysosomes to BpH 4.5 to permit enzymes with acidic pH optima to digest
different categories of ingested substrates. In the secretory pathway for cargo
export, the lumen of late Golgi vesicles can be pH 5, which fits the most
active pH for proteolytic processing of preproteins to their cleaved mature
forms for extracellular secretion.27 Likewise, packaging of neurotransmtter
amines into presynaptic vesicles of neurons is driven by the low pH created
by V-type ATPases in those synaptic vesicles.

The yeast V-ATPase has been the prototype, with 13 subunits clustered in
V1 and V0 assemblies.26 The peripheral membrane-associated V1 domain
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exhibits the ATPase activity while the V0 domain is the intrinsic trans-
membrane moiety that drives coupled proton translocation or extrusion
across the membrane. The architecture of the V1 and V0 domains
(Figure 3.19) and their coupling of ATP hydrolysis to proton translocation
strongly resemble the F-type-ATPase described next. The ATPase domain acts
as a stator and causes the membrane embedded V0 domain to act as a rotor,
translocating protons. The roles of specific subunits have been studied by
genetic manipulation. Stoichiometry of protons pumped per ATP hydrolyzed
can vary but has been reported to be between two and four H1 per ATP
hydrolyzed for the yeast V-ATPase. Finally, lipid composition in the imme-
diate membrane vicinity can control V-ATPase activity. Long chain sphin-
golipids and the minor lipid phosphatidylinositol-3,5-bisphosphate have
been reported to be essential activators.

A cryoelectron microscopic analysis of the V/A-type ATPase from the
thermophilic bacterium Thermus thermophilus has recently been reported.28

It can function as ATPase or ATP synthase. Figure 3.19 shows separation of
the proton pumping transmembrane subunits, in this case from periplasm
to cytoplasm, from the rotor subunits that drive ATP synthesis.

3.7.3 F-type Transmembrane ATPase¼ATP Synthase

The V-type and F-type ATPases are highly related in terms of domain
architecture, membrane embedding, subunit composition and specificity for
protons versus other cations (Figure 3.20). However, the F-type ATPase runs

Figure 3.19 Similarity of V- and V/A-type transmembrane ATPases and F0/F1-ATP
synthase, albeit with orthogonal directions of proton-pumping and ATP
hydrolysis or synthesis.
Adapted from 10.2210/rcsb_pdb/mom_2005_12, courtesy of David
Goodsell.
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in the opposite direction physiologically.29 It is the ATP synthase nano-
machine,30 responsible for probably495% of theB70–75 kg of ATP made by
adults each day.

Both the V-type ATPase and the F-type ATP synthase are described as ro-
tary enzymes and the similarity of subunit composition and organization are
described in Box 3.1.31 The reaction of ATP with an H2O molecule generates
ADP, Pi and a proton (H1). Proton concentrations at pH 7 are low enough for
the equilibrium to proceed far in the direction of ATP hydrolysis for most
ATPases. However, if the F-ATPase were to be located with the active site in a
mitochondrial organellar membrane compartment with very high proton
content the equilibrium would instead by pushed from right to left, in the
ATP synthase direction.

The mitochondrial F-ATPase/ATP synthase is in such a microenvironment.
In the inner membrane of mitochondria, as electrons flow down the electron
transport chain from NADH to O2, protons are pumped anisotropically at
three stages (complexes I–III) along the chain from matrix to inner mem-
brane space, acidifying it (Figure 3.21).

If the protons can run back down their electrochemical gradient they
generate energy. The F-ATPase has two half-channels for protons. As protons
reach the end of the first half-channel they protonate a glutamate reside,
which then flips its conformation. This is proposed to occur in all ten of the
F0 domain subunits. These sets of coordinated flips of glutamate anions to
protonated glutamates constitute a clockwise rotor, opening the protonated
glutamates to the half channel that will allow those glutamate-tethered
protons to flow into the matrix space to a higher pH (lower [H1]).

Figure 3.20 Similarity in subunit composition and architecture of
transmembrane V-type ATPases and F-type ATP synthases. The yeast
vacuolar ATPase is drawn from PDB 5V0Y and the E. coli ATP synthase
from PDB 6N2Y.
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The clockwise motions of the membrane-embedded rotor subunits are
transmitted to the F1 domain containing the nucleotide recognition domains.
The bound ADP and inorganic phosphate molecules must be compressed
closely enough to form the P–O–P anhydride bond in nascent ATP, the reverse
of the ATPase reaction, splitting off a water molecule as the P–O–P anhydride
forms (Figures 3.22 and 3.23) (https://pdb101.rcsb.org). The stoichiometry
of F-ATPase acting as ATP synthases has been observed to be one ATP
synthesized for every batch of three to four protons that flow down their
electrochemical gradient, depending on whether bacterial membrane ATP
synthase, chloroplast ATP synthase, or mitochondrial ATP synthase stoichio-
metries have been examined.33

Recently, Zhou and Sazanov28 have succeeded in obtaining an atomic
structure of the F-type ATP synthase from the cytoplasmic membrane of the
thermophilic bacterium Thermus thermophilus at 3.5 angstroms resolution
by cryoelectron microscopy (Figure 3.22). Readers can consult this primary
literature to examine the detailed path of protons from periplasm to
cytoplasm through the periplasmic and cytoplasmic half channels of the
transmembrane subunits. Also, Figure 3.22 shows that the ATP synthase
rotor portion is above the plane of the membrane, mechanically coupled to
conformational changes driven by proton flow through the membrane
subunits to the rotor domains.

Given that proton gradient-driven, transmembrane ATP synthases account
for more than 90% of ATP generated by aerobic organisms (B70–80 kg per day),
one could argue that the F-ATP synthase occupies a top place in the pantheon
of life’s crucial enzyme catalysts, along with DNA and RNA polymerases, and
ribonucleotide reductase.

Figure 3.21 Electron flow down respiratory membranes in bacteria, and mitochon-
dria are coordinated with anisotropic pumping of protons at three sites
of protein complexes I, III, and IV.32 In mitochondria, protons are
pumped into the intermembrane space and accumulate to high enough
concentrations that they flow back down their electrochemical gradient
in the active site of the transmembrane F-type ATP synthase. That
electron flow drives ATP synthesis. The figure schematizes the size and
orientation of the proton pumping sites in the membrane, including
the ATP synthase.
Reproduced from ref. 57 with permission from Springer Nature, Copy-
right 2017.
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3.7.4 ABC Type Transmembrane ATPases

The ABC nomenclature in this fourth family of transmembrane ATPases
stands for ATP Binding Cassette. These are much simpler architecturally
than the V- and F-type ATPase nanomachines.25 Typically, there are two
nucleotide triphosphate binding domains (NBD) and two transmembrane
(TM) domains. On ATP binding to each NBD, they dimerize and affect the
orientation of the transmembrane domains. In the activated, loaded ATPase,
the transmembrane region has 12–20 helices which reorient to form a
transient pore on hydrolysis of bound ATP35 (Figure 3.24).

This form of ATPase is quite common in bacteria that mediate inside and
outside milieus via expression of many solute-specific ABCs that can act either
as import or export pumps. In humans there are some 48 predicted ABC type
ATPases and transporters, with partner proteins that are thought to exhibit
specificity for recognition of specific solutes to be transported.37 As the ABC
transporters have radiated and gained differential solute recognition, they
have become categorized into seven subgroups. Among the molecules trans-
ported by individual ABC machinery across cell external or internal mem-
branes are sterols, other lipids, retinoids, nucleosides, and various peptides.

The left-hand panel of Figure 3.24 shows the two component ModBC, an
ATPase that functions to import sugars, amino acids and ions into bacteria.

Figure 3.22 Cryoelectron microscopic structure of T. thermophilus F/A-type ATP
synthase at 3.5 Å resolution.
Reproduced from ref. 28 with permission from AAAS, Copyright r 2019
The Authors.
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Figure 3.23 In ATP synthase active sites, ADP is the nucleophile at oxygen, inorganic
phosphate is the electrophile at phosphorus. The favorable thermo-
dynamics of proton flow through the ATPase ion channel drive the
otherwise unfavorable condensation of ADP with Pi to form ATP.

Figure 3.24 Three representative bacterial ABC transporter systems: two func-
tioning as importers, one as an exporter.36

Adapted from ref. 36 with permission from Springer Nature, Copyright 2016.
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The middle panel depicts the architecture of a type II importer in this
superfamily, specifically for uptake of porphyrinoid macrocycles such as
vitamin B12 and heme. Other members of the ABC ATPase transmembrane
family act as export rather than import machineries. The Sav1866 protein
system functions to export peptide toxins and also to flip glycosylated pep-
tides from inner leaflet to outer leaflet during cell wall assembly.34,35

The cystic fibrosis transmembrane conductance regulator (CFTR) protein
pump in humans falls into a variant subcategory where only one of the two
nucleotide binding domains seems to be functional.38

The study of the structural biology of ABC transporters has progressed
greatly in the past two decades and given functional and mechanistic in-
sights into inward facing conformations vs. outward facing conformations of
the ABC systems. ATP hydrolysis timing and the subsequent lifetime of
bound nascent ADP and Pi products are proposed to control transmembrane
conformations and active passage of specific partner solutes.

3.8 AAA Proteins: A Plethora of ATPase Domains
Coupled to Diverse Functions

The second major category, AAA proteins, with 239 predicted ATPase mem-
bers in the human proteome, are more diverse in structure and certainly in
function. As the ATPases associated with cellular activities (AAA) name im-
plies it is not readily possible to categorize these ATPase domain-containing
protein machineries by some common functions. One author has written:
‘‘The defining feature of AAAþ proteins is a structurally conserved ATP binding
module that oligomerizes into active arrays’’ (???). That begs the question of
what constitutes active arrays. Nonetheless, the ATPases domains of AAA
proteins are all thought to generate energy to drive conformation changes
and/or remodeling within the AAA protein and onto the designated cellular
target partner. The timing of ATP side chain hydrolysis, the life-time of
protein conformations with bound ADP and/or Pi, are thought to enable
allow ATPase domains within AAA proteins to act as molecular switches.
Rhythmic hydrolysis of ATP in molecular AAA motors allows for quantile
advancement of these processive motors, often with their associated protein
cargoes.

Often the ATPase domain is N-terminal to one or more additional do-
mains that specify recognition with a given cellular target. For comparison to
the 239 predicted AAA proteins in humans, 364 are predicted in the plant
Arabidopsis thaliana, but only 7 in Escherichia coli, perhaps indicating radi-
ation of AAA proteins during eukaryotic evolution. The large AAA family can
be subdivided structurally based on insertion of secondary structure elem-
ents at loci around the core fold,39 allowing for diversification of coupled
functions. Multimeric forms of AAA proteins, e.g. DNA helicases, can com-
municate conformational changes originating in one subunit, throughout
the hexameric array to operate on cellular targets.
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Figure 3.25 illustrates distinct subcellular locations for ATPases, including
as essential components in organelle biogenesis and functions, for en-
doplasmic reticulum, Golgi and nuclear envelope formation during cell cy-
cles, meiosis, mitosis, apoptosis, and underlying microtubule dynamics.
Cellular motors are powered by ATPase or cognate GTPase hydrolysis. The
range of coupled activities encompass informational macromolecule activity
from DNA replication, recombination, and repair to transcriptional regu-
lation and ribosomal steps in protein biogenesis. This cellular sketch begins
to give granularity to why humans make and consume their body weight in
ATP every day.

It is beyond the scope of this section to list the universe of known AAA
functions but Figure 3.25 displays a cellular map with localization and
function of 14 different ATPases. Some of these are ion pumps for mito-
chondria, lysosomes, endosomal compartments, and peroxisomes. Other
ATPases show classic motor functions, from myosin in muscle contractions
to kinesins mediating aspects of microtubule dynamics in chromosome
condensation during meiosis and mitosis. Some carry cargo proteins into
and through secretory compartments and/or from neuronal cell bodies into
axon and dendrite termini. Some mediate steps in apoptotic cell death.
Others are involved in DNA replication, recombination and repair, such as
the ATPase activity of DNA helicases. ATP-dependent proteolysis via pro-
teasome action involves six ATPases in the mutisubunit proteasomal cap
that spend up to hundreds of ATPs per protein to unwind the folded

Figure 3.25 List of intracellular location and function of some of the4200 members
of the AAA ATPase families.40

Reproduced from ref. 20 with permission from John Wiley and Sons,
r The Molecular Biology Society of Japan/John Wiley & Sons Australia,
Ltd.
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conformations into unstructured regions that are then threaded into the
protease chambers of the proteasomes. Other AAA proteins act as dis-
aggregators of protein aggregates.

The two large groups of ATPases, transmembrane pumps of ions and or-
ganic metabolites vs. multimeric AAA-proteins with ATPase domains coupled
to specific effector domains, total more than 300 members in the human
proteome. They provide explicit examples of how the thermodynamic acti-
vation for phosphoryl group transfer to a cosubstrate water molecule has
been harnessed in this enzyme class. The released energy, in the form of
conformational equilibria, is used to drive an enormous range of events in
cells, many of them mechanical.

3.9 Beyond ATPases: GTPases as Conditional
Hydrolases Coupled to Multiple Forms of
Cellular Work

The hundreds of ATPase enzyme-directed attacks of water on the terminal
Pg of ATP in thermodynamically favored hydrolysis coupled to driving some
protein conformation change are complemented by families of dedicated
GTPases. There are few if any comparable UTPases or CTPases that drive
cellular work. Notably, organisms have evolved protein coupling logic for
both of the purine nucleoside triphosphates ATP and GTP. In eukaryotic
cells, where [ATP]B3 mM, GTP is present atB0.5 mM concentrations, while
[CTP] and [UTP] are somewhat less than [GTP].

This GTPase subject is itself a large universe. Multiple volumes on distinct
subclasses of GTPases and their biological roles have been written, par-
ticularly on the heterotrimeric G proteins,41 the small G protein family
headlined by the Ras GTPase42 and microtubules.43 Here we focus only on
protein conformational lifetimes and slow GTP hydrolysis cycles.

Among GTPases there are different classes of proteins and enzymes
that act in distinct cellular modes (Figure 3.26). They all exhibit condition-
ality in the hydrolysis of GTP such that uncoupled GTPase rates are low to
negligible.

3.9.1 Heterotrimeric G Proteins

The largest mammalian family may be the thousand or so G protein-coupled
membrane receptors (GPCRs), typically seven transmembrane helical pro-
teins that serve as receptors for small molecule ligands, peptides, and pro-
teins. The G in the term G protein stands for GTPase.41 The G proteins that
serve as transducers of ligand occupancy of the GPCRs on the external face of
those receptors are bound on the cytoplasmic side of those receptors. They
signal to cytoplasmic and ultimately nuclear responses as heterotrimeric
G proteins. The heterotrimeric GTPases typically have one of 18 related Ga
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catalytic subunits, combined with different members of Gb and Gg subunits
that function as a hetrodimeric bg complex.44 Thus, many Gabg hetero-
trimeric complexes have varying subunit composition, receptor specificity,
and activating or inhibitory signaling function from a released Ga–GTP
species (see later in this chapter) to offer combinatorial versatility to sig-
naling regimes.

In the absence of ligand occupancy of a GPCR, the cytoplasmically-
anchored Gabg trimer is associated as a tightly bound GDP complex. On
ligand binding to the external face of the GPCR, the transmembrane helices
transmit that information and a cytoplasmic guanine exchange factor part-
ner protein alters Ga conformation to pry out or release GDP. The Ga sub-
unit then binds GTP and that Ga–GTP complex typically dissociates from the
bg heterodimer. The freed up bg and Gg–GTP subunits can each act on
partners to initiate separate, parallel, intersecting cytoplasmic signaling
chains of information. The Ga–GTP subunit will eventually (seconds to
minutes) bind a water molecule productively in the active site and act as a
GTPase, releasing Pi and reverting to the inactive Ga–GDP state that can
recombine with the bg dimer and go back to the hetrotrimeric Gabg–GDP
inactive form.

Figure 3.26 Five major families of conditional GTPases where slow catalytic turn-
over and tight binding of both substrate GTP and product GDP enable
conformational coupling to drive mechanical cellular events.
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The GTPase activity, conversion of bound GTP to bound GDP, alters up to
three ‘switch’ regions in the GTPase Ga subunit. It is these distinct guanine
nucleotide-bound enzyme conformers that interact differentially with part-
ner proteins that control signaling of membrane receptor occupancy.

These are conditional enzymes: hydrolysis is slowed to allow Ga–GTP
complexes to exist for a sustained period to signal. From the point of view of
GTP hydrolysis the GTPases are miserably inefficient catalysts but their
purpose is exactly that. These GTPases are not about indiscriminate hydro-
lytic consumption of thermodynamically activated GTP molecules, but ra-
ther getting the most out of every one of them when bound and creating an
active signaling protein form for the lifetime of the GTP complex (before
deactivating hydrolysis to bound GDP).

Note that unlike essentially all other enzyme catalysts, the product GDP is
not released. It stays bound tightly. Among other effects, neither the
heterotrimeric GTPase nor the released Ga subunit turn over and deplete
cellular GTP stores by unwanted uncoupled hydrolysis.

3.9.2 Rab, Rac, Ran, Rho, Ras Family of Small GTPases

This tight binding, slow catalytic turnover logic holds for a second family of
‘‘conditional’’ GTPases, the so called ‘‘small’’ GTPases [low molecular weight
(20–25 kDa) single subunits] families of GTPases. There are some 35 mem-
bers of the RAS GTPase family. A broader set ofB160 members of the RAS-
related superfamily of GTPases have also been catalogued.45 The biology of
these B200 GTP hydrolases46 defines a large swath of intracellular signal
transduction biology. The superfamily is typically divided into subfamilies:
Rab, Rac, Rho, Ras, Arf, and Ran, based on coupling proteins and roles in
cell biology (Figure 3.27).

Many of them, such as the Rab family members are effectors for vesicle
and cargo transport through endoplasmic reticulum and Golgi organelles in
intracellular secretory membranes. Figure 3.28 depicts specialized roles in
vesicle packaging and fusion events at synapses. They have been termed
‘‘mechano-chemical enzymes’’.50 Again, these are extraordinarily slow en-
zymes (0.01–1.0 GTPase catalytic events per minute are the typical range of
hydrolysis), consistent with catalysis as secondary to lifetimes of the active
GTP bound forms to perform their coupled cellular work. As tightly bound
GTP is hydrolyzed to tightly bound GDP, the signaling function is typically
switched off as the small GTPase protein reverts to a ground state inactive
conformation. Dramatic conformational changes at the switch regions of
KRAS for the Ras family of GTPases49 are shown in Figure 3.29 and also in
Figures 3.30 and 3.31 for dynamin–GTP vs. dynamin–GDP.

3.9.3 Ribosome Translation Factors

A third family of GTPases function in ribosome-mediated protein synthesis
where GTP rather than ATP appears to be spent as a gating function for
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Figure 3.27 Circular diagram of small GTPase family members.
Reproduced from ref. 58 with permission from AAAS, Copyright 2004.

Figure 3.28 Subcellular distribution of Rab GTPase isoforms at pre and postsynap-
tic neuron termini.
Adapted from ref. 47, https://doi.org/10.3390/cells5010007, under the
terms of a CC BY 4.0 license, https://creativecommons.org/licenses/by/
4.0/.
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specificity and movement of aminoacyl tRNAs as they approach the peptidyl
transferase center. One such GTPase is a chaperone for aminoacylated tRNAs
and GTP is only hydrolyzed when there is a correct codon–anticodon triplet
base match. A second GTPase acts to use the energy of GTP hydrolysis to help
move peptidyl tRNAs from the aminoacyl (A) site to the peptidyl (P) site in each
round of peptide chain growth (at rates ofB10 s�1).51 These eukaryotic protein
translation factors are classic examples of coupling side chain phosphoric
anhydride hydrolysis to drive otherwise unfavorable protein or nucleic acid
conformational equilibria. In these two cases GTP, not ATP, is spent.

3.9.4 Tubulins

The two main types of cytoskeletal filaments are actin and microtubules,
comprised of monomers (G-actin vs. a- and b-tubulin subunits) that can
undergo polymerization in to filaments (F-actin or microtubules).43 As in so
many other areas of biology, the cytoskeleton literature is immense and
largely beyond the scope of this phosphorus-centered inquiry. We focus here
only on the conditional GTPase activity of the 50 kDa tubulin subunit iso-
mers. Microtubules are famously dynamic scaffolding elements that peri-
odically grow, shrink (in events termed catastrophes) and then regrow again
(with time periods that may average a minute per cycle). The microtubule
filaments are molecular highways to move cargoes to different parts of cells
and to aid in chromosome segregations during cell division. Microtubular
filaments are typically hollow cylinders with 13 protofilaments (although the
number can vary).

Figure 3.29 Schematic of mobile switch I and switch II in regions in GTP- vs. GDP-
bound forms of Ras GTPase. Left hand side shows the two switch
regions.48 Right hand side shows the switch region conformations in
(A) GTP-Ras and (B) GDP-Ras.49

Left reproduced from ref. 48, https://doi.org/10.1371/journal.pone.
0055793, under the term of a CC BY 4.0 license, https://
creativecommons.org/licenses/by/4.0/. Right reproduced from ref. 49
with permission from Elsevier, Copyright 2010.
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Figure 3.30 Structures of three dynamin family members, dynamin, atlastin,
and bacterial dynamin like protein (BDLP), show dramatic architec-
tural changes between GTP-bound and GDP-bound states. These
changes are consistent with use of the GTPase-driven conformational
changes to couple to cellular mechanical work of the specific
dynamins.
Reproduced from ref. 50 with permission from John Wiley and
Sons, r 2016 The Authors. Biopolymers Published by Wiley Period-
icals, Inc.
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Consistent with many of the other GTPase families, the tubulin ab dimer
can bind GTP tightly at both a- and b-subunits and present a conformational
envelope that is different from the GDP state. In fact, formation of the dimer
by protein chaperones52 stimulate the almost negligible GTPase activity of
the free nucleotide–tubulin subunit complexes. Generally, the GTPase ac-
tivity of the tubulin dimer is only manifested after binding to growing
microtubule filaments, thereby contributing to microtubule instability,53

and results in only one turnover of bound GTP to bound GDP, with attendant
shape change in the tubulin subunits. In this stoichiometric limit tubulins
strain the definition of proteins and enzymes with catalytic activity. The logic
is clearly about altered protein conformation.

About 100 tubulin–GTP monomers per second are added to the plus end
of elongating microtubules. The growth and catastrophe events are con-
ditioned by ancillary proteins but also by the rates of hydrolysis of bound
GTP to GDP. In depolymerization mode, over the 13 protofilaments, up to
1000 monomers per second can be released as tubulin-GDP monomers.

As noted, from the point of view of stoichiometric rather than catalytic
hydrolysis of bound GTP, tubulin subunits are at the low end of protein
catalysts. The hydrolysis of only one GTP per subunit shows that the high
group transfer potential of GTP as a cellular energy source is not being
wasted and the logic is all about driving stoichiometric shape change in the
protein, rather than multiple turnovers of the guanosine triphosphate,
perhaps the clearest biological case of coupling a nucleoside triphosphate
favorable hydrolysis to cellular work.

Figure 3.31 Conformation of bound GDP after the hydrolysis step in the active site
of dynamin (from PDB 5D3Q).
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3.9.5 Dynamins

The last category of GTPases we note in passing are the dynamins, GTPases
that function in the endocytic import of cargo into cells, in cytokinesis, and
in organelle division in cells. Dynamins are ‘‘large’’ GTPases, in the B100
kDa size range. In endocytosis dynamin molecules form constrictive rings,
during GTP hydrolysis, around membrane invaginations that result in
closure to endocytic vesicles.50 In this aspect they resemble the function of
Rab small GTPases that drive membrane fusion and fission events. Basal
rates of GTPase activity in dynamins can be 100-fold up from the basal level
of small GTPases, in the range of one to five hydrolysis events per minute.
Membrane templates can drive the GTPase rate one to two orders of mag-
nitude higher so while the dynamins are also conditional, activatable
GTPases, they run at much higher ‘‘burn rates’’. They do not require dedi-
cated ancillary guanine exchange factors or GTPase activating partners, as do
most of the small GTPases.54 Dynamins spend GTP to move as cargo-pulling
molecular motors towards the plus ends of microtubules. An orthogonal set
of microtubule motors are kinesins, dragging cargoes towards the minus
direction, spending ATP rather than GTP, balancing ATPase- vs. GTPase-
driven molecular motors.

Figure 3.30 shows the structures of dynamin in complex with a non- hy-
drolyzable GTP analog {guanosine 50-[b,g-imido]triphosphate trisodium salt
hydrate (GMPPNP)} compared with a GDP complex, with dramatic con-
formational change, extending outside the GTPase domain, notably around
proline 294. Figure 3.30 also shows similar dramatic architectural change
between GMPPNP- and GDP-bound forms of atlastin, a dynamin family
protein involved in membrane fusions in the endoplasmic reticulum. Panel
C shows the dramatic conformational changes reach all the way back in
evolution to a bacterial dynamin like protein (BDLP) from the cyano-
bacterium Nostoc punctiforme, thought to be descendants of the primordial
photosynthetic microbes. Figure 3.31 shows a pair of bound product GDP
molecules in two dynamin dimers after GTP hydrolysis and before
dissociation.

3.9.6 GTPase Summary

The GTPase families, perhaps even more than the diaspora of cellular AT-
Pases, illustrate a key tenet of integrative chemical and biological logic. The
energy-consuming hydrolysis of the terminal phosphoric anhydride linkage
as the g-PO3

2� group is transferred to water is all about driving protein
conformations that are read and interpreted by cellular partners for setting
in motion distinct forms of chemical and mechanical work in the cell
economy. The coupled motions include protein–protein interactions (Ras),
RNA–protein interactions (ribosomal translation factors), moving cellular
cargoes (tubulins, dynamins), and providing directionality to membrane
fusion events (Rabs).

98 Chapter 3



3.10 Mg–ATP Bidentate Coordination Complexes are
the Immediate Forms of ATP, GTP, and other
NTP Substrates

A central feature of all ATP-dependent enzymes (and also the GTPases al-
luded to above) discussed in this and subsequent chapters is the use of Mg21

(occasionally replaced by Mn21) to act as divalent counterion to the tetra-
anionic triphosphate side chain of ATP. This partial, site-specific charge
neutralization is crucial for effective dissipation of the negative cloud around
any of the three a-, b-, and g-phosphorus atoms at the center of the anionic
phosphate groups. The dissociation of chelated Mg11 occurs rapidly in so-
lution, at about 104 s�1, so a mix of bidentate Mg–ATP coordination isomers
are populated. Four such are shown in Figure 3.32. Presumably, one con-
former can be selected for binding to a particular enzyme active site and may
be immobilized there as part of the regiospecificity factors determining
phosphoryl-, pyrophosphoryl-, or nucleotidyl transfer to appropriately placed
cosubstrate nucleophile. Figure 3.33 depicts the position of the attacking
water molecule relative to Pg of the ATP triphosphate side chain in the active
site of myosin as it prepares to act as an ATP hydrolase (ATPase). In
Figure 3.34 the bg-Mg–ATP coordination isomer is shown with the additional

Figure 3.32 Rapidly equilibrating conformers of chelates of Mg21 ions and ATP.
Mg-ATP complexes are the universal substrates for all enzymes that use
nucleoside triphosphates as substrates.
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four water ligands around the Mg21 ion, indicating that Mg21 is typically
hexacoordinate, solvated with six water molecules in solution, and retaining
four of them in this ATP chelate (Figure 3.35).

It is in this context that we turn in the next chapter to the other two main
types of side chain cleavage reactions of ATP, including metabolic ex-
amples of phosphoryl transfers, pyrophosphoryl transfers, and nucleotidyl
transfers.

Figure 3.33 Coordination geometry of attacking water molecule and the triphos-
phate side chain of ATP in the myosin ATPase active site.55

Reproduced from ref. 55 with permission from National Academy of
Sciences, U.S.A., Copyright 2007.

Figure 3.34 A Mg–ATP-bg-chelate complex with four solvent water molecules56 still
coordinated to hexacoordinate Mg21.
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CHAPTER 4

Nucleotidyl Transfers (ATP and
NTPs)

4.1 Adenylyl and Nucleotidyl Transfers
The second major route of enzyme-accelerated cleavage of Mg–ATP involves
attack by a cosubstrate nucleophilic atom at the a-phosphate of ATP
(Figure 4.1). A generic reaction stoichiometry is shown, with variable bond
formation and bond cleavage extents possible in different members of the
large nucleotidyl transferase class. Figures 4.1 and 4.2 also show that the
inorganic pyrophosphate product, in cells that express highly active in-
organic pyrophosphatases, is rapidly hydrolyzed to two molecules of in-
organic phosphate dianions. The low concentration of PPi in cells (o10�6 M)
means a significant pull on the equilibrium of the nucleotidyl transferase
reaction in the ATP (NTP) cleavage direction.

There are mechanistic analogies and distinctions from the ATP-dependent
phosphoryl transfers of the preceding chapter. In both phosphoryl and nu-
cleotidyl transfers a cosubstrate nucleophile attacks one of the electrophilic
side chain phosphorus atoms embedded in the triphosphate side chain. The
terminal Pg is a priori more accessible sterically, but the magnesium ion
chelate geometry (Section 3.9) may favor a less shielded Pa in the active sites
of nucleotidyl transferases. ADP is the coproduct in phosphoryl transferring
kinases. Inorganic pyrophosphate is the coproduct in every nucleotidyl
transferase. ADP and PPi each have an intact phosphoric anhydride linkage.
However, while there are few if any dedicated ADP hydrolases (ADP to AMP
and Pi), inorganic pyrophosphatases are widespread in organisms and may
be a key determinant favoring the nucleotidyl transfer regiochemistry as
elaborated in the examples of this chapter.

This two-enzyme combination, nucleotidyl transferase and pyropho-
sphatase accounts for cleavage of both of the two P–O–P anhydride links in
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the ATP (and related NTP) substrate side chain. The favorable equilibrium
allows full accumulation of the nucleotidyl–nucleophile product adduct.
This state of affairs may account for the observation that all three classes of
bio-macromolecules: proteins, nucleic acids (both RNA and DNA), and poly-
saccharides, as well as membrane phospholipids, are accumulated by nu-
cleotidyl transfer enzyme chemistry (Figure 4.3). Each chain elongation
event – each monomer addition – involves cleavage of a nucleoside tripho-
sphate (NTP or 20-dNTP) to PPi and RX–NMP or RX–20-dNMP, that may be an
intermediate or a stable metabolite. The PPi product from each elongation

Figure 4.1 Generalized stoichiometry for adenylyl transfers: attack of a nucleophile
(RX) on the alpha phosphorus of ATP, releasing adenylated nucleophile
and coproduct inorganic pyrophosphate.

Figure 4.2 Common oxygen-containing nucleophilic substrates for adenylyl
transfers.
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Figure 4.3 Four types of nucleotidyl transferase reactions in four different areas of metabolism: proteins; nucleic acids; oligosaccharides;
phospholipids.
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Figure 4.3 (Continued).
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step is hydrolyzed to two Pi, to pull on the otherwise unfavorable equilibria
for accumulating the entropically unfavorable long, linear biopolymer
chains.

Parenthetically, perhaps because hydrolytic cleavage of both P–O–P bonds
of ATP is potentially wasteful, there are few if any ATPases that cleave ATP
hydrolytically to AMP and PP. This is in contrast to the 300 or so human
ATPases that hydrolyze Mg–ATP regiospecifically to ADP and Pi noted in
Chapter 3.

4.1.1 Classes of Nucleophiles in Adenylyl Transferases

Figure 4.2 shows oxygen and nitrogen nucleophiles that serve as the at-
tacking species at Pa of ATP. Three classes of oxygen nucleophiles – alcohols,
carboxylates, and phosphate oxyanions – are cosubstrates. When ATP is the
nucleoside triphosphate substrate attacked, the generic nucleotidyl transfer
is specifically termed adenylyl transfer (after AMP; adenylic acid, historic-
ally). Figure 4.3 shows representative adenylyl transfers for protein bio-
synthesis and RNA chain elongation.

4.2 Aminoacyl tRNA Synthetases
Each of the 20 amino acids that become incorporated into proteins (and so
termed proteinogenic) are activated in two steps by the aminoacyl transfer
RNA (tRNA) synthetases before the released aminoacyl tRNAs are chap-
eroned to the ribosome.1 There, they undergo base pairing to the appro-
priate triplet codon of a messenger RNA transcript and then are covalently
incorporated in amide linkage into the encoded growing protein chain. The
first half reaction of all the aminoacyl tRNA synthetases in a cell is to select its
cognate proteinogenic amino acid and then catalyze attack of that amino acid
carboxylate oxygen on Pa of bound cosubstrate Mg–ATP (Figure 4.3, line 2).
The resultant aminoacyl-AMP has chemical analogies to the aminoacyl-
phosphates noted in the phosphoryl transfers in Chapter 3. Aminoacyl-AMPs
are mixed carboxylic–phosphoric anhydrides, where the phosphoric moiety is
not inorganic phosphate (as in acyl phosphate) but instead is AMP.

In general, the aminoacyl-AMP intermediates are tightly bound in the
synthetase active sites and do not diffuse away into bulk aqueous solution
because they are hydrolytically labile. Instead, the second half reaction en-
sues in which a cognate transfer RNA (tRNA) that has been selected and
bound, uses either its 30-OH, or less often the 20-OH, of the ribose moiety of
the terminal AMP residue in the B75 residue transfer RNA terminal to
transfer the aminoacyl moiety (Figure 4.4). In this second half-reaction
the thermodynamically activated amino group is transferred to become a
less activated oxoester covalently attached to the bound tRNA (thermo-
dynamically favored direction).

Thus, alanyl tRNA synthetase, first makes alanyl-AMP and then transfers
it to the 30-OH of tRNAala to produce the loaded form of tRNAala
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(alanyl-tRNAala) (Figure 4.4). Each of the other 19 aminoacyl-AMPs bound to
their cognate aminoacyl tRNA synthetases likewise become covalently at-
tached as oxoesters to their cognate tRNAs, e.g. Tyr-tRNAtyr, Lys-tRNAlys, and
so on. Once at the ribosome, with the order of peptide chain growth deter-
mined by the base paring of the triplet codon in a messenger RNA (mRNA)
and the complementary triplet anticodon in a given tRNA, amide bond
formation occurs, as depicted in Figure 4.5 for attack of the alanyl-NH2

Figure 4.4 Second half-reaction of aminoacyl-tRNA synthetases. Shown here is
capture of the bound alanyl-AMP by the 30-OH of the 30-terminus of a
cognate tRNAala. Thermodynamically favored conversion of a mixed acyl-
AMP anhydride to the oxoester of Ala-tRNAala, stable enough to carry the
still activated aminoacyl group to ribosomes under the aegis of protein
chaperones.
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group on a dipeptidyl N-formylmethionine (Fmet)-Ser to create the
tripeptidyl-tRNA. Each aminoacyl addition constitutes a chain elongation
step in protein biosynthesis.

Figure 4.6 schematizes subsequent addition of a glycyl tRNA, creating a
growing tetrapeptidyl-tRNA in which the Ala residue is now embedded in
peptide linkage at both its amino and carboxyl ends. At every step ATP is
cleaved to an aminoacyl-AMP and then released as free AMP in the second
half reaction as the aminoacyl group is transferred to its cognate tRNA. The
chemical progression at the carboxylate of each amino acid activated and
incorporated is: (1) free carboxylate to (2) acyl-AMP mixed carboxylic–
phosphoric anhydride to (3) aminoacyl-oxoester when linked to tRNA to
(4) amide on incorporation to the growing peptidyl chain.

Of these four acyl species, energy is spent (ATP cleavage) to convert the
stable carboxylate anion to the aminoacyl-AMP mixed anhydride. From that
high point of thermodynamic activation the oxoester is downhill energetic-
ally (and thus favored) and then the amide is even more stable than the
oxoester.

Meanwhile, every aminoacyl tRNA molecule formed is accompanied by
a molecule of PPi that gets hydrolyzed by PPiase activity, pulling on the
forward equilibria of the aminoacyl tRNA synthetases to accumulate the
activated proteinogenic amino acids needed to fuel protein synthesis.

There are also GTPases that are hydrolyzed to drive architectural changes
at the ribosome to effect delivery of aminoacyl tRNAs to the complementary
mRNA triplet and to move the growing peptidyl tRNA from the aminoacyl to
the peptidyl site.2 They are notionally analogous to the AAA-ATPase family of
enzymes (Chapter 3) that couple ATP hydrolysis to some set of mechanical
events in cells.

4.3 Nucleotidyl Transfers in Each Step of RNA Chain
Elongation

There are many RNA molecules of different sequences, lengths, and func-
tions in each prokaryotic and eukaryotic cell. In bacteria, the estimate of
mRNA molecules per cell at any given time (e.g. in log phase) is B1000 per
cell. The larger animal cells may contain 105–106 messages at any time point
of perhaps average length of B1000 bases in 30,50-phosphodiester linkage.3

Abut 3–5% of the total RNA in a cell is present as messenger RNAs. Another
10–20% is comprised of all the transfer RNAs required for activation and
transport of amino acids to ribosomes for protein biosynthesis. The re-
maining RNA, up to 80%, is ribosomal RNA (rRNA) to enable a sufficient
complement of ribosomes to enable translation of the full complement of
mRNAs into a proteome. In prokaryotes there are three such structural
rRNAs, while in eukaryotes there is an additional small rRNA component.4

Messenger RNAs are read at ribosomes. There may be B106 to 107 ribo-
somes with their three copies of ribosomal structural RNAs in animal cells.3
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Figure 4.5 Schematic of transfer of alanyl residue from Ala-tRNAala to the dipeptidyl FMet-Ser-tRNAser at the peptidyl transferase center of
the ribosome: thermodynamically favored conversion of oxoester to amide linkage in the FMet–Ser–Ala-tRNAala tripeptidyl
tRNA product chain.
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There are about 500 genes in humans that code for tRNAs. Then there are
other forms of RNA, including noncoding RNAs. It may be that a cell needs
to incorporate several billions of the four nucleoside triphosphates – UTP,
CTP, ATP and GTP – into RNA molecules in every cell cycle. This need re-
quires high capacity and high fidelity RNA polymerases and a sufficiency of
the nucleoside triphosphate building blocks.

We noted earlier in Chapter 3 that the purine nucleoside monophos-
phates, AMP and GMP, emerge from purine biosynthesis. UMP emerges
from the pyrimidine biosynthetic pathway and undergoes two consecutive
enzymatic phosphorylations to UTP. At that point UTP is aminated en-
zymatically to CTP with phosphorylation of the isoamide form of the uracil
ring. (Figure 4.7).

Both the purine and pyrimidine nucleotide monophosphates undergo
enzyme-catalyzed phosphoryl transfers by specific nucleoside monopho-
sphate transferases at the expense of ATP cleavage to ADP. In Chapter 3 we
noted that nucleoside diphosphokinase action can turn any NDP into NTP
by another phosphoryl transfer from Mg–ATP (Figure 3.13). Thus, cells can
generate sufficient ATP, UTP, GTP, and CTP for RNA synthesis (provided the

Figure 4.6 The next step in peptidyl chain growth adds a glycine residue (in this
example) to form an N-formylated tetrapeptidyl-tRNAgly.
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Figure 4.7 Biosynthetic logic to the two pyrimidine nucleoside triphosphates UTP and CTP that are building blocks for RNA biosynthesis.
Enzyme-catalyzed amination of UTP at the pyrimidine ring C4 position to CTP occurs at the triphosphate level.
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membrane F-type ATP synthase is churning out enough ATP to bring all the
other nucleotides up to the triphosphate level).

The RNA polymerases impose specificity by either copying a DNA template
strand or in certain viral genome replications, by copying RNA via RNA-
dependent RNA polymerases. The particular NTP to be incorporated in a
given chain elongation step is selected by Watson–Crick base pairing rules.
CTP forms three H bonds with a GMP residue in a template strand; GTP
pairs likewise with a CMP residue; ATP binds opposite a UMP in the primer
strand; UTP comes in opposite an AMP residue with two hydrogen bonds.5

Once the base-pairing has been established and the cognate NTP bound at
the polymerase active site, the covalent chemistry for chain growth is
nucleotidyl transfer. As illustrated in Figure 4.8, when ATP is selected and
bound noncovalently it becomes oriented in the active site such that the
30-end of the growing RNA chain can use its terminal ribose-30-OH as nu-
cleophile. In the example a 30-CMP residue attacks Mg–ATP at Pa. The tran-
sition state unravels in the forward direction with the AMP moiety installed at
the attacking nucleophile. This entails formation of a new 30,50-phosphodie-
ster bond between the CMP and AMP. The CMP is now the penultimate
residue; the newly introduced AMP is the new terminal 30 residue of the

Figure 4.8 RNA chain elongation comprises a series of nucleotidyl transfers to the
growing 30-OH-end of the RNA chain. In this example ATP is the
incoming NTP, and its AMP moiety is installed as the new 30-end with
release of PPi.
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growing RNA chain. The 30OH of that AMP residue will be the nucleophile in
the next XMP-addition step in RNA chain growth. Pulling the equilibrium
forward, to 30,50-phophodiester bond formation in each elongation step, will
be the hydrolytic cleavage of nascent PPi by pyrophosphatases.

In the example in Figure 4.8 the RNA chain elongation step shown is an
AMP (adenylyl) transfer. For CTP as substrate, it would be a net cytidylyl
(CMP) transfer. Likewise, GTP gives a GMP moiety (guanylyl transfer) and
UTP yields a UMP residue (uridylyl transfer). All four additions can be sub-
sumed under the general term nucleotidyl transfer.

There are multiple RNA polymerases in eukaryotic cells with core and
peripheral catalytic and regulatory subunits and complexes of partner pro-
teins that separately transcribe ribosomal RNA, transfer RNAs, and mes-
senger RNAs. The biology is complex for chain initiation, elongation, and
termination events, even though the nucleotidyl transfer chemistry of
elongation is common6 for every elongation step by any polymerase.5

4.3.1 Two Additional Nucleotidyl Transfers at 50 and 30 Ends
of Mature mRNAs

During the maturation of precursor forms of messenger RNAs to mature
mRNAs a series of enzyme-catalyzed steps occur, including addition of a
GMP-based cap at the 50 end,7 and a string of AMP residues as 30-tail.8,9 Most
eukaryotic mRNAs also undergo splicing reactions to remove internal in-
trons and join up exons to provide the final coding sequence in frame.10

At the 50 end of an immature mRNA the first nucleotide retains its
50-triphosphate. The initial step in subsequent capping is phosphatase
action (phosphoryl group transfer to water, Figure 3.2) to convert the
50-triphosphate to a 50-diphosphate as shown in Figure 4.9. Then, a nu-
cleotidyl transferase binds that 50-diphosphate end of the processed
mRNA and also a molecule of GTP. The GTP gets attacked at its a-P by the
50-diphosphate terminus of the mRNA. This generates an unusual 50–50 tri-
phosphate linkage between the newly added GMP and the original 50 end of
the mRNA. The third capping enzyme uses S-adenosylmethionine as methyl
donor to N7 of the GMP portion of the cap to yield the fully mature 50-capped
RNA. Note that the unusual 50–50 triphosphate linkage is protective against
hydrolytic degradation by 50-exo-ribonucleases (see Chapter 8), ensuring a
longer half-life for these capped messages.

At the opposite end of the nascent mRNA, the 30-end, polyadenylation
occurs by processive action of a polyadenylating enzyme that adds from 100
to 250 AMP residues by successive adenylyl transfers from ATP (Figure 4.10).
The polyA polymerase is part of a multienzyme complex that binds to a
specific sequence in the 30-untranslated region of the mRNA, effects limited
cleavage (RNA endonuclease cut) to reveal an elongatable sequence, and
then adds successive AMP moieties from ATPs to create the poly A tail. That
poly A tail is then bound by a poly A-binding protein and the complex
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Figure 4.9 Nucleotidyl transfers: Formation of the 7-methyl GMP cap at the 50 end of mRNAs.
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efficiently exits from the nucleus to the cytoplasm for translation by
cytoplasmic ribosomes. The poly A tail also helps stabilize the mRNA against
30-exonucleolytic RNAse-mediated hydrolytic degradation. In turn, this
stabilizing effect leads to longer lifetimes, and enables higher levels of
translation of those messenger RNA molecules. The poly A polymerase is a
template-independent, iterative nucleotidyl transferase12 (Figure 4.10).
The limit of 100–250 AMP residues added may depend on distance from the
original protein complex that bound to and cleaved the 30 untranslated re-
gion (UTR) of the pre mRNA.

4.3.2 Uridylyl and Guanylyl Transfers to 30-ends of Different
Classes of RNAs

An additional set of template-independent nucleotidyl transfers occur at the
30-OH ends of distinct sites of RNAs to control maturation and function.
Humans encode seven noncanonical nucleotidyl transferases. They have
structural homology to the DNA polymerase beta sub family, as do XMP
transferases, but act at 30-OH ends of RNAs. Two of the seven transferases

Figure 4.10 Nucleotidyl transfers: Polyadenylation (AMPn residues) at the 30 end
of mature mRNAs occurs after nucleolytic trimming at the nascent
30 untranslated region (UTR) end.
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carry out RNA guanylylation, but three of them, terminal uridylyl trans-
ferases (TUTs) 1, 4, 7, are selective uridylyl (UMP group) transferases.13 TUT
1 catalyzes oligo-UMP additions to the U6 small nuclear RNA (snRNA)
component of splicesomes (see below) required for functional maturation11

(Figure 4.11). TUTs 4 and 7 catalyze both mono- and oligo-uridylation of the
precursor form of microRNA lethal 7(let7), required for subsequent DICER
RNAse processing to mature let7. The TUT enzymes are viewed as possible
therapeutic targets in regulation of specific nodal points of RNA metabolism.

4.4 Equivalent 20dXMP Transfers in Every Chain
Elongation Step of DNA Polymerization

The nucleotidyl transfer strategy employed in RNA chain elongation is
mirrored in DNA chain elongation. There are 14 DNA polymerases encoded
in the human genome, reflecting a range of replication, recombination, and
repair processes.14,15 While that inventory of DNA polymerases indicates
many biological operating contexts, the elongation chemistry logic is

Figure 4.11 Schematic for oligo-UMP addition to 30OH end of U6snRNA to yield
RNA splicing-competent form.
Reproduced from ref. 11 with permission https://doi.org/10.1038/
ncomms15788, under the terms of a CC By 4.0 license, https://
creativecommons.org/licenses/by/4.0/.
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identically nucleotidyl transfer for all of them. The distinct roles of the 14
human DNA polymerases in maintenance of genome integrity, recombin-
ation, repair, and replication are beyond the scope of this chemical biology
focus and accessible via standard biochemistry and cell biology texts and
reviews.

There are two exceptions in the building blocks between DNA and RNA,
but otherwise the logic is identical. The first change in building blocks is the
substitution of 20-deoxyribonucleoside triphosphates (20-dNTPs) for the ri-
bonucleoside triphosphates in RNA chain elongation. The second change is
replacement of uracil by 5-methyluracil. The 5-methyl-20deoxy-UTP is known
as thymidylate triphosphate, abbreviated dTTP (Figure 4.12A). The enzyme
ribonucleotide reductase takes all four of the ribonucleoside diphosphates
and reduces them at the 20-ribose carbon to 20-deoxyribonucleoside di-
phosphates. Nucleoside diphosphokinase action then takes them up to the
triphosphate level as dNTPs. The uracil to 5-methyluracil transformation
occurs at the dUMP level and is catalyzed by thymidylate synthase. The
methyl group derives from C3 of serine by way of 5,10-methylene-tetra-
hydrofolate (N-5,10-methylene-THF) as proximal one carbon donor to C5 of
the uracil ring (Figure 4.12B).

Figure 4.12A depicts a DNA polymerase-mediated incorporation of a dTMP
residue, selected by base pairing to a 20dAMP on the opposite DNA strand.
The 30 dNMP residue on the elongating chain in this diagram is a dCMP,
specified in turn by a dGMP residue on the primer strand.

4.5 DNA Ligases
We note one additional family of nucleotidyl transfer enzymes in DNA repair
and replication: DNA ligases.16 These ligases act at both single strand nicks
and also at double strand cuts in double strand DNA templates to repair the
gaps between a 50-phosphate and a 30-OH on either side of the nick or gap
(Figure 4.13). There are about 200 000 spontaneous nicks per day in the
human chromosomes that need to be repaired by DNA ligases to maintain
the integrity of the genome. This is also the nick configuration in the lagging
strand Okazaki fragments in normal DNA polymerase action to replicate
DNA. In human genome replication the estimate is about 20 million of the
discontinuous Okazaki fragments accumulate that must be sealed by DNA
ligase action to create an intact lagging DNA strand.

DNA ligases are also the catalysts for ligation of DNA double strand breaks,
in the process of nonhomologous end rejoining17 (NHEJ) that can occur up to
50 times a day per cell. It can be higher in T cells and B cells where purposeful
double strand breaks are part of the immune cells’ maturing repertoires. In
NHEJ processes, a large assemblage of proteins come together to stabilize the
ends, convert any single strand overhangs or gaps to blunt ends with 30-OH
and 50-phosphates appropriate for action by ligases. Figures 4.14 and 4.15
schematize the timing for collection of proteins that bind to and stabilize the
ends of DNA fragments, then process them to blunt ends such that a DNA
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Figure 4.12 (A) DNA chain elongation by nucleotidyl transfer: incorporation of a 20dTMP moiety from a 20dTTP monomer to the 30end-OH
as nucleophile: (B) Schematic for conversion of the C3–CH2–OH group of serine to the C5–CH3 group in dTMP on the way to
dTTP.
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ligase can repair both strands by reforming the internucleotide phosphodie-
sters bonds. DNA ligase IV (of four encoded human DNA ligases) appears to be
the major ligase in NHEJ double strand religations.18,19

Eukaryotic DNA ligases use ATP as a nucleotidyl donor as noted below.
Some prokaryotic DNA ligases instead use NAD1 as donor, a unique role for
this ubiquitous coenzyme as an adenylyl group donor (Figure 4.13). The
coproduct from ATP donation of its AMP moiety is the familiar inorganic
pyrophosphate. From NAD1 as AMP group donor, the coproduct is nico-
tinamide mononucleotide, an intermediate in NAD1 biosynthesis
(Figure 4.13). There is an open question if NAD1 as AMP donor was an
evolutionary cul de sac, or an experiment that was not as successful as using
ATP as the AMP donor. There are reports of ADP as donor of the AMP moiety

Figure 4.13 Schematic of repair of a single strand break or nick in DNA by ATP- or
NAD1-dependent DNA ligases. The repair occurs at gaps with a 50-P and
a 30-OH and involves nucleotidyl transfers from either ATP or (rarely)
NAD1.
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Figure 4.13 (Continued).
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Figure 4.14 Double strand DNA break repair involves a complex of multiple enzymes to bind and protect the single strand ends, to trim or
fill in overhangs, to set up blunt ends for DNA ligase action on each strand.20
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Figure 4.15 Mechanism of action of DNA ligase on one strand of a DNA break (repeated at opposite strand break) involves three
sequential nucleotidyl transfer steps.
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in a small ligase set, yielding Pi as the coproduct.21 That could have been an
early evolutionary step in DNA ligase evolution.

The DNA ligases are of unusual mechanistic interest because they carry
out two consecutive nucleotidyl (adenylyl) transfers: one on the ligase itself,
and the next on the gapped DNA16 (Figure 4.15). Then, there is an expulsion
of the AMP moiety with one of the original 50-phosphate oxygen atom as the
gap is resealed.

The first transfer is to one of the lysine side chains in the enzyme, a
covalent N-AMPylation to generate the active adenylylating agent for the
second step. The enzyme-lysine-AMP is donor to the 50phosphate at the DNA
break site. This is an unusual example of a phosphate oxyanion as a
nucleophile in an adenylyl transfer. It yields an ADP group on the 50 side of
the break. Then, the 30-OH of the DNA dXMP residue on the 30 side of the
break attacks the internal phosphate of the 50-ADP moiety of the DNA. That
step expels AMP–O� as the product while the 30,50 phosphodiester bond
forms and closes the gap or nick at that DNA site. In NHEJ double strand
break repair, this process has to occur on both DNA strands.

From ATP to AMP–Lys–enzyme adduct to 50-ADP intermediate, three
aspects of phosphorus enzymatic chemistry are in play: the phosphoric an-
hydride between Pa and Pb in ATP, the phosphoramidate linkage in the
covalent enzyme–AMP adduct, and the phosphodiester in the ADP version of
the 50 side of the gap. The ligase catalytic strategy for DNA gap repair is a
microcosm of the range of phosphorus chemical biology.

DNA ligases carry out hundreds of thousands to millions of DNA strand
gap joinings in human cells per day. The enzyme–AMP intermediate is
both an example of an amine nucleophile attacking Pa of ATP and an
enzyme auto-AMPylation reaction (a proteomics event, see Section IV,
Chapter 16). The second adenylyl transfer involves migration to the
5 0 phosphate monoester of DNA at the 5 0 side of the single strand nick,
generating a covalent ADP adduct. This step has activated the 5 0-phosphate
of the DNA strand for capture by the 3 0-OH across the gap. As the 3 0,5 0

internucleotide phophodiester is restored, an isoenergetic phosphodiester
is cleaved as AMP departs with one of the original oxygens of the
50 phosphate of the gapped DNA. The DNA ligase melds protein AMPylation,
DNA AMPylation, and phosphodiester exchange in execution of the DNA re-
pair strategy.

4.6 RNA Splicing
The major distinction between prokaryotic vs. eukaryotic messenger RNA,
the mediator between the stable genetic information in DNA, and the en-
coded protein sequence specified by each gene, is the phenomenon of mRNA
splicing in eukaryotes, first deciphered in the late 1970s.10,22 An evolutionary
debate has raged as to whether intervening sequences that get excised –
‘‘introns early’’ – were ‘‘junk’’ DNA that has been subsequently trimmed
away in gene-packed, efficient prokaryotic genomes. Alternatively, there is
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the ‘‘intron late’’ hypothesis that the extant introns in eukaryotes developed
after the split between prokaryotes and eukaryotes. While there are argu-
ments that alternate splicing of exons, skipping some, creates increased
diversity in the human proteomes beyond what would be achievable with
‘‘only’’ 26 000 genes, the energy cost for keeping so much noncoding DNA
within gene sequences is itself enormous.

The intron terminology is paired with exon terminology. Introns are
intervening sequences in pre mRNAs that are spliced out as expressed re-
gions – exons– are spliced together to form the in-frame coding sequences of
mature mRNAs.23 In humans some 95% of theB26 000 genes are calculated
to contain introns that are to be spliced out as mRNAs exit the nucleus and
reach the cytoplasm and the ribosomal factories of protein biosynthesis.

The total number of computed introns and exons in human DNA are in
the range of B240 000, for an average of almost nine exons per gene and
eight introns to be spliced out in each gene. While canonical splicing would
remove every intron and splice each upstream exon to its downstream
neighbor, there are many cases of alternative splicing where some exons are
skipped. For the famous Drosophila gene Down syndrome cell adhesion
molecule (dscam), up to 38 000 different mature mRNA forms could arise if
all the alternate splicing patterns were enacted!

The sizes of introns vary dramatically, with a lower limit ofB30 base pairs
for the human macrophage stimulating 1-like (mst1l) gene.24 That may re-
flect some minimal distance or architecture for recognition or action by
spliceosome machinery. Some 80% of human introns are o200 bp, while
10% exceed 11 000 base pairs. Three of the longest human genes, at about
2.2 to 2.3 million base pairs, are the dystrophin gene, contactin protein as-
sociated, like 2, and a receptor type protein tyrosine phosphatase delta
(Quora web site) gene. The nebulin gene has 150 calculated exons while the
voltage gated potassium (KV) channel interacting protein has seven introns,
the longest of which is 1.04 million base pairs. In total, abut 25% of human
DNA is found in introns, all of which get deleted before being translated into
protein coding sequence.

The scope of intron biology far exceeds this volume’s chemical biology
focus on phosphorus and how its chemical properties both constrain and
enable biology. Indeed, the complexity is so high, the scope of information
transfer so broad, that even 40 years after RNA splicing was discovered, the
structure, mechanism, specificity and regulation as well as the overall
question of why introns are retained in eukaryotic DNA continue to be areas
of deep contemporary inquiry.

Five small nuclear RNAs are involved at distinct regions of introns and
exons in mRNAs to be spliced and at distinct stages of the spliceosome
nanomachines.25 Up to 150 proteins are also recruited and released at
different stages of the process of splicing as the intron–exon boundaries
are recognized and brought into physical apposition for the splicing and
ligations.26 It is difficult to comprehend how such complex, dynamic
machinery evolved and to such high efficiency.27
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4.6.1 Internucleotide Phosphodiester Interchange at an
Exon–Intron Boundary: Step 1

Each time an intron is excised and two exons are ligated together, two types
of nucleotide phosphodiester enzymology are in play (Figure 4.16). In the
first step, a net transesterification of two phosphodiester bonds occurs. In the
second step an upstream free 30-OH of a 30-XMP tail becomes ligated to
the oligonucleotide at the downstream intron–exon boundary, as the existing
30–50 phosphodiester bond at that junction is cleaved. Both reactions are
energy neutral transesterifications. One internucleotide bond forms as an-
other breaks. No ATP is required for the transesterifications, albeit an ATP is
spent to organize elements of the spliceosome protein–RNA complexes.
mRNA splicing is clear evidence for RNA autocatalysis of phosphodiester
exchanges.28

There is a distinction in the regiochemistry of the two ligations. In a
pre-mRNA molecule there are no internal free 30-OH groups on any of the
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frame ligation of the two exons with release of the intron in lariat form.
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ribose units of the oligonucleotides. They are all tied up in covalent
30, 50-internucleotide phosphodiester bonds. Because splicing happens in
RNA not DNA, there is a free 20-OH on every one of those ribose units in each
XMP nucleotide unit. It is in fact the 20-OH of a specific adenosine
50-monophosphate residue within an intronic stretch that acts as the initi-
ating nucleophile in the first chemical step of splicing (Figure 4.16). Its
target, guided by the snRNAs and the many proteins in spliceosome action,
is the 30,50 internucleotide bond of a guanyl reside at the upstream intron–
exon border, That G is part of a GU pair that together define an upstream-
exon–intron boundary. At the other, downstream end of the intron-next exon
boundary is an AG dinucleotide pair. Additionally, the nucleophilic A residue
that will act as nucleophile in lariat formation is within the intron and
upstream of a conserved polypyrimidine stretch.

Initial attack of the 20-OH on the 50-phosphodiester connecting the up-
stream exon to the intron boundary is presumed to follow an associative,
phosphorus transition state mechanism. The decomposition in the forward
direction is regioselective, as in so many cases of internucleotide cleavage
(see Chapter 8), to liberate the free 30-OH of the upstream oligonucleotide,
the precise boundary of that upstream exon. The intron’s 50 terminus has
now been captured in a 20,5 0-phosphodiester, linking that G to the attacking
A’s 20-OH (Figure 4.17). This unusual regiochemistry, available to RNA but
not DNA, is also seen in primary metabolism of NAD1, where NAD1 kinase
phosphorylates the 20-OH of NAD1 to form NADP1.

Inspection of that nucleophilic adenosine moiety reveals that it is a
branch point with three phosphodiester binds. The two original phospho-
diesters link the 50-OH to the upstream XMP residue and the 30-OH is like-
wise part of the normal 30,50-phosphodiester to the downstream X’MP
residue in the intronic region of the RNA chain. It is the just formed 2050-A
to G phosphodiester bond that is unusual. That is the bond that has led to
or enabled cleavage of the pre mRNA chain at the exon–intron boundary.
The intron’s most upstream GMP moiety now provides the 50-P in that new
20,5 0-phisphodiester bond (Figure 4.17).

Energetically, the transesterification is neutral, one phosphodiester bond
replaced by a different one, albeit with novel regiochemistry. The hard part for
spliceosome machinery is spotting every exon–intron junction in the first place
and creating the RNA conformer that brings the nucleophilic internal A resi-
due close enough for it to use its 20-OH to attack the exon–intron boundary’s
internucleotide 30,50-phosphodiester bond. For a pre mRNA with a hundred or
more introns, it is a logistical nightmare to excise them all correctly.

4.6.2 Internucleotide Phosphodiester Bond Interchange at
an Intron–Exon Boundary: Step 2

At this stage the spliceosome machinery is in mid-cycle of removing an in-
tron and ligating upstream exon to downstream exon That second chemical
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Figure 4.17 The two phosphodiester interchange steps in mRNA splicing, step 1. The 20-OH of an AMP residue within intron 1 attacks a GMP
residue at the exon 1–intron 1 boundary. Phosphodiester interchange releases the upstream exon 1 with a free 3 0-OH as the
unusual 20,50-phosphodiester creates a lariat structure in the intron.
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step is another directed, highly specific phosphodiester interchange
(Figure 4.18). The upstream exon at this juncture has a free 30-OH. It is
somehow guided to the downstream intron–exon boundary (the immediately
downstream boundary in canonical splicing; to an alternate downstream
intron–exon boundary in exon skipping, that is the process of alternate
splicing). With the relevant regions in apposition, the 30-OH acts as
nucleophile at the internucleotide bond at the intron–exon boundary, al-
most always a pApGpX sequence. As in the first step of phosphodiester
interchange, this should be energetically neutral. Again, its decomposition
in the forward direction has the same regiochemistry, release of the free
30-OH group of the upstream GMP moiety.

The result of this second directed phosphodiester interchange is net li-
gation of the upstream exon to the downstream exon without any change in
reading frame. The intron has now been excised by the two phosphodiester
exchange steps. The upstream end of the intron still has that adenosine
residue with three phosphodiester bonds – a lariat structure, while the
downstream end of the excised intron is the typical GMP moiety with a 30-OH.

The free lariat structure is next hydrolyzed by the spliceosome machinery
via 20,5 0-phosphodiesterase activity that linearizes the free intron(s) such
that all the internucleotide bonds can be returned subsequently to the XMP
pool by canonical 30,50-phosphodiesterase enzymes (Figure 4.19). Otherwise,
tens to hundreds of millions of RNA base pairs would be sequestered in the
lariat structures of excised, discarded introns.

These two steps of directed phosphodiester interchange first break, then
remake an RNA internucleotide bond, sometimes as close as 30 nucleotides
apart, sometimes more than a million bases away. The phosphorus-centered
transesterification chemistry is straightforward, but the biological con-
sequences of error are profound in terms of disrupting the coding sequence
in the mature mRNAs. Given the B240 000 introns in the B26 000 human
genes, splicing is a highly active process, happening in millions of
pre-mRNA molecules in a cell cycle. For example, how the spliceosome
machinery finds the two ends of a known 1.04 million base pair intron in a
pre mRNA to splice it out is a staggering example of biological specificity and
needle finding in a plethora of haystacks.

4.7 Cyclic Nucleotides: Intramolecular and
Intermolecular Nucleotidyl Transfers

4.7.1 cAMP and cGMP

One additional set of nucleotidyl transfers occurs on both Mg–ATP and
Mg–GTP that constitute intramolecular capture of Pa of the triphosphate side
chain by the 30-ribose-OH within the same molecule of ATP or GTP. Each of
the cyclases is specific: adenylyl cyclase for ATP29 and guanylyl cyclase30 for
GTP. The products are the second messenger molecules 3050-cyclic AMP
(cAMP) and 30,50cyclic GMP (cGMP) (Figures 4.20 and 4.21). Among their
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Figure 4.18 The two phosphodiester interchange steps in mRNA splicing, step 2. The free 30-OH of exon 1 acts as nucleophile at the AMP
residue at the intron 1–exon 2 boundary. This ligates exon 1 to exon 2 (splicing achieved) with a new 30,50-internucleotide
bond as the intron is excised as the lariat structure.
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Figure 4.19 The 50-P lariat structure of excised introns is resolved by hydrolysis via unusual 20,50-phosphodiesterase action. This creates a
canonical 50-phosphate end in a linear intron scaffold, readily hydrolysable to monomer NMP units by typical RNAses.
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Figure 4.20 Adenylyl and guanylyl cyclases: Intramolecular nucleotidyl transfers as the 3 0-OH attacks the side chain Pa in ATP or GTP.
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well-known downstream activities are service as activating ligands for pro-
tein kinases, discussed further in Section IV dealing with phosphopro-
teomics, as all the substrates for the cAMP- and cGMP-activated kinases are
protein serine and threonine side chains. 30,50-Cyclic AMP is also a ligand for
transcription factors and ion channels (as is the congeneric cGMP for ion
channels in retinal visual biology).

Some half dozen distinct adenylate cyclases have evolved independently,
with ten predicted subforms in humans. All are transmembrane proteins
with up to 12 transmembrane helices.31 The bound conformations of
Mg–ATP and Mg–GTP in their respective cyclase active sites must recognize
and/or rearrange conformations of the 50-linear triphosphate side chains
such that Palpha becomes relocated within bonding distance of the same
molecule’s 30-OH (Figures 4.20 and 4.21).

A now classic signaling role for the cyclase occurs in adrenaline receptor
signaling.31 That receptor interacts on its cytoplasmic face with a trimeric
GTPase, inducing dissociation to Ga and the Gbg dimer. The free Ga subunit
activates adenylate cyclase to turn Mg–ATP into cAMP. In turn cAMP binds to
the inactive form of protein kinase A and activates it. The fully active PKA
molecules then phosphorylate up to 100 cellular protein targets and mediate
the activated cell state in response to adrenaline extracellular binding
(Figure 4.22).

4.7.2 Di-cyclic GMP and Di-cyclic AMP

A variant of the cyclic nucleotide synthetase strategy occurs when GTP, or
less frequently ATP, undergoes both enzymatic dimerization and cyclization
to form di-cyclic nucleotide scaffolds (Figure 4.23). The GTP cyclization to
30,3 0-dicyclic GMP has been best studied both for mechanism and biological
function, first in bacteria and then in yeast.

Figure 4.21 Orientation of cGMP bound as activator to protein kinase G (PDB
3OD0).
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The seminal study on di-cyclic nucleotides was reported in 198733 when a
stimulatory factor for cellulose synthase in the environmental bacterium
Acetobacter xylinum was tracked down and determined to be a novel dimeric
form of a cyclic diguanylic acid. That observation lay fallow, as a one-off
finding, until twelve years later when only ten papers on di-cyclic-GMP had
appeared. Then the literature exploded. As depicted in Figure 4.24 from
Romling and Galperin in 2017,34 there were a thousand publications by
2015, initially spurred by the finding of key roles for di-cyclic-GMP in biofilm
formation by bacterial pathogens. A variety of proteins with high affinity for
di-cyclic-GMP binding and subsequent conformational isomerization set off
a multitude of bacterial cell signals from transcription to translation, to
flagella expression, to biofilm formation (Figure 4.25).

Figure 4.22 Cartoon schematic of signal transfer from occupancy of the adrenergic
receptor on the external face of the cell membrane to Ga to adenylyl
cyclase to protein kinase A.32
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Figure 4.23 Di-cyclic-30,30- GMP and di-cyclic-30,30-AMP are formed from two molecules of GTP or ATP via two consecutive nucleotidyl
transfers. The first is intermolecular, the second intramolecular to create 12-member cyclic-bis-di ester scaffolds. (A) Di-cyclic-AMP;
(B) Di-cyclic-GMP; (C) Di-cyclic-UMP generated by other bacterial cyclases.
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Figure 4.23 (Continued).
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Intriguingly, the GTP-specific and the ATP-specific enzymes catalyze tandem
double nucleotidyl transfers, one each on the two GTP (or ATP) substrate
molecules. The first nucleotidyl transfer is intermolecular. The 30-OH of one
Mg–NTP molecule attacking the Pa of the second Mg–NTP molecule
(Figure 4.23). In the case of Mg–ATP the indicated linear dimer, 3-adenylyl-ATP
is the intermediate, shown in Figure 4.23. Then, the second adenylyl transfer is
intramolecular, mirroring the step in adenylate cyclase above. The free 30-OH of
the adenylyl moiety of adenylyl-ATP attacks Pa of the ATP side chain. The
product is 30,50-di-cyclic-AMP. The strategy of intermolecular and then intra-
molecular nucleotidyl transfers yield a cyclic product scaffold with two phos-
phodiester linkages in a central 12-member ring, a unique shape for partner
protein recognition. Analogously, the GTP cyclase performs intermolecular
then intramolecular guanylyl transfers on the two Mg–GTP substrates to give
the double phosphodiester macrocyclic core of di-cyclic GMP (Figure 4.23).

Recent bioinformatic studies have found more than 5000 homologs of the
di-cyclic-GMP and di-cyclic AMP synthases, including a Vibrio bacterial
synthase that takes two molecules of Mg–UTP and makes the corresponding
di-cyclic-UMP, with the same tandem 30,50-phosphodiester bond chemistry
and probably the equivalent mechanism for enzymatic assembly. The
enzyme will also make cyclic trinucleotides such as c-(AMP–AMP–GMP)35

(see the following sections). This indicates both that there are more dicyclic
nucleotide variants to be found and more as yet unexamined biological
signaling roles.

4.7.3 c-GAMP: 2,5, 3050-cyclic GMP–AMP

The third iteration of cyclic nucleotide strategy is the most recently de-
scribed hybrid containing both AMP and GMP moieties, derived from ATP

Figure 4.24 Exponential growth of publications on cyclic di-GMP for the decade
2005–2015.
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and GTP, respectively, by intermolecular then intramolecular nucleotidyl
transfers (Figures 4.26–4.29). The enzyme cGMP–AMP synthase (cGAS) shows
a distinct regiospecificity from the 30,50cyclic dinucleotides in the above
subsection.36 Instead, cGAS activates the C20-OH of Mg–GTP as the first
nucleophile, attacking Pa of ATP, via intermolecular nucleotidyl transfer.
Then, the second, intramolecular nucleotidyl transfer is the conventional
30-OH of the adenosyl group attacking Pa of the GTP moiety, splitting out the
second molecule of inorganic pyrophosphate, PPi. The result is a cyclic G–A
dinucleotide with two phosphodiester bonds. However, the regiochemistry is
mixed. There is one 20,50 phosphodiester and one 30,50-phosphodiester
linkage. Thus, the macrocycle is a 13-member macrocycle rather than the
12-member macrocycle above. Also, the sidechains are, differentially, a
guanine and an adenine purine ring.

Figure 4.25 Diverse roles of cyclic-di-GMP in bacterial metabolism.
Reproduced from ref. 46, https://doi.org/10.1098/rstb.2015.0498, under
the terms of a CC BY 4.0 license, https://creativecommons.org/licenses/
by/4.0/.
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Figure 4.26 Enzymatic formation of cGAMP. The 20-OH of GTP is initiating nucleophile on Pa of ATP in an intermolecular nucleotidyl
transfer. In the second step the 30-OH of the AMP moiety attacks Pa of the GTP side chain in an intramolecular nucleotidyl
transfer. The cyclic diphosphodiester is a 13-member scaffold due to the 20, 30 mixed regiochemistry.
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Figure 4.27 Conformation of cGAMP bound as activating ligand to target protein
stimulator of interferon genes (STING).

Figure 4.28 Schematic for the cGAMP pathway on viral DNA invasion of host cell
cytoplasm; activation of STING leads to antiviral interferon gene
expression.
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Figure 4.29 cGAMP is turned over by enzymatic hydrolysis by the enzyme ectonucleotide pyrophosphatase/phosphodiesterase 1 (ENPP1),
schematized to cut both phosphodiester bonds to release 50-AMP and 50-GMP.
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In addition to the structural novelty and hybrid dinucleotide composition
of 20, 30-cGAMP as a novel eukaryotic regulatory metabolite is its role as a
stimulatory factor for an arm of human innate immune response when
foreign DNA is detected in cell cytoplasm. DNA is normally restricted to the
nucleus.36–40

As schematized in Figure 4.28, double stranded DNA fragments, of
bacterial or viral origin, in mammalian cell cytoplasm encounter the cGAS
synthetase. Binding of such dsDNA activates cGAS to perform its double,
cyclizing nucleotidyl transfers and elevate the cytoplasmic levels of cGAMP.
cGAMP is then an activating ligand for an endoplasmic reticulum protein
named stimulator of interferon genes (STING). Activated STING can be
translocated to perinuclear vesicles where it activates genes that synthesize
type 1 interferons as part of innate immune responses.

4.7.4 Larger Ring Cyclo-oligoadenylates in Type III CRISPR
Bacterial Defense Systems

Remarkably, the enzymatic cyclization of nucleoside triphosphates by
successive nucleotidyl transfers with final intramolecular capture to a cyclic
scaffold is not finished at the level of cyclic trinucleotides noted above for the
Vibrio cyclic nucleotidyl transferase.35 We delay summary discussion of the
clusters of regularly interspersed short palindromic repeats (CRISPR) and
RNAse bacterial defense systems for hydrolytic interception of invading viral
RNAs and DNAs till Chapter 8 in the context of discussion of nucleases, DNA-
and RNA-cleaving phosphodiester hydrolases. However, we note here that
one of the several types of CRISPR defense systems, type III, has an enzymatic
component that makes cyclo-AMP tetramers and hexamers (Figure 4.30) as
activators of one of the RNAse degrading catalysts for self-protection.41,42 The
structures of the c(AMP)4 tetramer and c(AMP)6 hexamer indicate the iterated
logic of 30,50-phosphodiester bonds, reflecting sequential intermolecular
nucleotidyl transfers up to linear tetramer (pppApApApAOH) and hexamer
scaffolds (pppApApApApApAOH) before a final, ring closer intramolecular
cyclizing enzymatic nucleotidyl transfer. How the tetramer and hexamer cy-
clase positions the linear chains to bring the ends together for nucleotidyl
cyclization is not yet known, nor is the full distribution of products nor
maximal size of a cyclic oligomeric NMP. The discovery of larger cyclic oli-
goadenylates indicates that the second messenger roles for such scaffolds
may still to be fully worked out.41

4.8 Isoamide Anions as Nucleophiles in Nucleotidyl
Transfers

Three enzymes that convert amide carbonyl groups to amidines, by net re-
placement of CQO by C–NH bonds, utilize the rare isoamide anion oxygen
atom as a nucleophile for nucleotidyl transfers. Two of those enzymes are
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involved in pathways from IMP to AMP or to GMP, respectively. The first
enzyme is adenylosuccinate synthase, the second is GMP synthase
(Figures 4.31–4.33). The third enzyme catalyzes the penultimate step in ar-
ginine biosynthesis, generating argininosuccinate.

While the rare isoamide oxyanion forms of the amides are the nucleo-
philes that attack Pa of Mg–ATP to make the isoamide–phosphodiester links
to the AMP moiety, the nitrogen sources for resolution of the tetrahedral
adducts differ (Figures 4.32 and 4.33). In the adenylosuccinate and argini-
nosuccinate synthetase cases, the nitrogen donor is the amino group of
aspartate, carrying the rest of the four-carbon scaffold with it. Indeed, the
next enzymes, adenylosuccinase or argininosuccinylase, are required to
eliminate the four-carbon scaffold as fumarate. This tandem enzyme pair
synthetase–lyase enables the deposition of aspartate’s nitrogen as a primary
NH2 embedded in an amidine group.

Figure 4.30 Structures of three larger 30,50-linked cyclic oligoadenylates. (A) c(AMP)3
from the Vibrio dicyclic nucleotide transferase. (B) c(AMP)4 and c(AMP)6
structures generated when type III CRISPR systems sense invading
foreign nucleic acids.
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Figure 4.31 Enzymatic conversions of amides to amidines in nucleotide biosynthesis utilize nucleotidyl transfer mechanisms: Overview
of branched pathway from IMP to AMP or GMP.
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Figure 4.32 Enzymatic conversions of amides to amidines in nucleotide biosynthesis utilize nucleotidyl transfer mechanisms: The
exocyclic 6-amino group of AMP derives from the a-amine of aspartate.
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Figure 4.33 Enzymatic conversions of amides to amidines in nucleotide biosynthesis utilize nucleotidyl transfer mechanisms: The
corresponding exocyclic 2-amino group of GMP derives from the carboxamide of glutamine.
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A simpler scheme would be to use free NH3 rather than the aspartate
amino group, allowing a single enzyme rather than the synthetase–lyase pair
to complete the net ketone to amidine conversion. This is indeed the strategy
for GMP synthetase (Figure 4.33). This enzyme conscripts the more general
strategy for generation of nascent ammonia from in situ hydrolysis of
glutamine. Glutamine represents a mobile carrier of latent NH3 in a non-
nucleophilic form. Glutaminase activity on demand, in a glutaminase do-
main active site, generates the nascent NH3 that gets captured by electro-
philic cosubstrate before it can diffuse into free solution and engage in
promiscuous reactivity. In the case of GMP synthase, nascent NH3 is at-
tacking the bound binary XMP–AMP adduct to create the ternary adduct that
then decomposes in the forward direction to GMP and the AMP fragment,
originally from ATP.

In passing, we note the enzyme converting uridine nucleotides to cytidine
nucleotides, completing the pyrimidine pair required for RNA biosynthesis.
This is CTP synthetase. The C4-amide carbonyl of UTP conversion to the
C4-amidine of CTP uses the same initial strategy as the above three enzymes
in trapping the rare isoamide oxyanion as a phosphate ester (Figure 4.34). In
this case the isoamide oxyanion attacks the g-P of Mg–ATP not the a-P:
phosphoryl transfer rather than adenylyl transfer. The trapped isoamide is
then the monophosphate rather than the AMP phosphate diester. The amine
source is not aspartate but rather glutamine, delivering nascent NH3 by
glutaminase action. The resultant tetrahedral adduct, ejects inorganic
phosphate on the way to CTP.

4.9 Tandem Phosphoryl and Nucleotidyl Transfers
The two most common modes of Mg–ATP (NTP) cleavage, phosphoryl
transfers and nucleotidyl transfers, sometimes occur as tandem enzymatic
reactions in pathways to create the common set of disubstituted pyropho-
sphate backbones in molecules.

One such example is in the conversion of vitamin B2, riboflavin, into its
two active coenzyme forms (Figure 4.35). Phosphoryl transfer at the ribityl 50-
OH of riboflavin by the enzyme flavokinase yields flavin mononucleotide
(FMN). This is followed by the action of FAD synthetase, via adenylyl
transfer, creating the pyrophosphate linkage in flavin adenine dinucleotide
(FAD). The same tandem strategy is observed in the coenzyme form of
vitamin B5 (Coenzyme A) (not shown;43). A second example in Figure 4.35 of
tandem phosphorylation and nucleotidylation is shown for conversion of
choline to CDP choline.

4.9.1 Nucleotidyl Transfers in Activation of Sugar Monomers

Nucleoside diphosphosugars are the currency for activated sugar monomers,
both for polysaccharide chain assemblies and for protein posttranslational
glycosylations.44 All four ribonucleoside triphosphate precursors of RNA can
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Figure 4.34 CTP synthetase uses the rare isoamide form at C4 of UTP as a nucleophile, directed to attack Pg of Mg–ATP. The resultant
phosphorylate isoamide is captured by nascent NH3 produced from in situ glutamine hydrolysis by the associated
glutaminase domain. This is phosphoryl rather than nucleotidyl transfer to set up C4QO bond cleavage.
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Figure 4.35 Tandem phosphoryl transfers then nucleotidyl transfers are the strategy for a number of key phosphorus-containing
metabolite scaffolds. One example is tandem conversion of riboflavin to FAD. A second is the conversion of choline to
CDP choline.
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serve to activate distinct sugar monomers by nucleotidyl transfers to an
oxygen nucleophile. Figures 4.36 and 4.37 show such an array of four
nucleoside diphosphosugars. UDP-glucose is the building block for the
homoglucans, starch, cellulose and glycogen. On the other hand, plants and
microbes use ADP-glucose instead to make amylopectins, amylose in green
algae, and bacterial glycogen. In yeast, for mannans, and also as provider of
mannose residue in N-glycoproteins, GDP-mannose is the preferred
nucleoside diphosphosugar donor. These NDP sugars arise from glucose-1-
phosphate and mannose-1-phosphate undergoing enzyme-catalyzed attack
at Pa of the designated NTP cosubstrates.

A fourth example in Figures 4.36 and 4.37 brings the cytidine nucleotides
into the activated sugar monomer arena. In some mammalian glycoproteins
the terminal sugar is a nine-carbon scaffold known as sialic acid, or alter-
natively as N-acetylneuraminic acid.45 In this case the metabolite undergo-
ing nucleotidyl transfer is not a sugar-1-phosphate. Instead, the carboxylate
anion of the sialic acid is the attacking nucleophile. The activated sialic acid
monomer is then CMP–sialic acid, not CDP–sialic acid. This structure
emphasizes that the nucleoside diphosphosugar inventory is really an XMP-
fragment linked to a sugar-1-phosphate element.

This is a general strategy for generation of NDP-metabolites and is
exemplified further by examination of the biosynthetic origins of cytidine
diphosphocholine (CDP-choline) (Figure 4.35). A phosphoryl transferase acts
in tandem with a nucleotidyl transferase. Choline is converted by ATP
cleavage to O-phosphoryl choline. The oxy anion of that phospho-monoester
is directed to attack Pa of CTP, creating the disubstituted pyrophosphate
linkage in CDP choline. CDP choline subsequently is condensed en-
zymatically with diacylgycerols (diglycerides) to release CMP and produce
the membrane phospholipid constituent phosphatidyl choline.

4.9.2 Nicotinamide Coenzyme Assembly

A different mixture of phosphorus chemical biology logic is in play in the
biosynthesis of the cellular electron transfer currency NAD1 (Figure 4.38).
The logic is hybrid, mixing a phosphoribosyl transfer and then a nucleotidyl
transfer, rather than a phosphoryl and then a nucleotidyl transfer, showing
some of the mix and match versatility of these phosphoric anhydride
building blocks. The first committed step is attack of the heterocyclic ni-
trogen of nicotinate on C10 of 50-phosphoribosyl-1-pyrophosphate. We will
note this logic in the next chapter as the first enzymatic step in purine ring
assembly to activate C1 0 for N–C bond formation with inversion.

The product of this phosphoribosylation is nicotinate mononucleotide
that has a permanently quaternized cationic nitrogen in the heterocyclic
ring. Then, the adenylyl transferase acts. The nucleophile is the phosphate
anion of nicotinate mononucleotide, the electrophile is the Pa of ATP. The
product is nicotinate adenine dinucleotide (NAAD1). It is an amination step
away from the side chain amide in the NAD1 coenzyme. That amide is
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Figure 4.36 All four ribonucleoside triphosphates (building blocks for RNA) are also utilized for nucleotidyl transfers to activate sugar
monomers for subsequent biosynthetic glycosyl transfers.
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Figure 4.36 (Continued).
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installed by the side chain carboxylate of NAAD1 attacking Pg of another
ATP, yielding the transient acyl phosphate shown. NH3 attack, leads to
displacement of Pi and formation of NAD1.

Although NAD1 functions in dozens of enzyme-catalyzed reactions as a
two-electron sink in the form of NADH and also in both mono- and poly-
ADP-ribosylations of proteins, there is one case where the pyrophosphate
bridging element [between the nicotinamide mononucleotide (NMN) and
AMP halves of NAD1] is cleaved, in a subset of DNA ligases.16 Both the
NAD1 versions and the more widespread ATP-dependent DNA ligases,
Figure 4.39, transfer an AMP moiety to an active site lysine residue. The
coproduct from that nucleotidyl transfer from ATP is the familiar PPi. On
the other hand, AMP fragment transfer from NAD1 releases NMN as the
product fragment. It is a clear example that the pyrophosphate bridging
element is a thermodynamically activated electrophile whatever the mo-
lecular context.

4.10 Summary
Attacks of substrate nucleophilic atoms on Pa in the side chain triphosphates
of ATP, GTP, CTP, and UTP (and congener 20-dNTPs) are pervasive in bio-
synthetic pathways. Accumulation of dehydrated linear biopolymers – DNA
and RNA, proteins, and polysaccharides – is driven by the combined favorable
thermodynamic cleavage of the Pa–O-Pb anhydride linkage in the NTP or
dNTP. This is coupled to the paired action of inorganic pyrophosphatase to
cleave the P–O–P anhydride bond in the initial PPi product. The net result is
cleavages of ATP, NTP, and dNTP into the monophosphates AMP, NMP, and
20dNMP and two molecules of Pi. Two phosphoric anhydride binds have been

Figure 4.37 Three-dimensional view of GDP mannose bound to a dehydratase
enzyme; pdb 6GPK.
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Figure 4.38 The biosynthetic pathway from nicotinate to NAD1 employs three types of activated phosphorus logic. The first is C1–O bond
cleavage of 5-phospho-ribose-1-pyrophosphate by displacement of PPi. The second is adenylyl transfer from quaternized
NMN1 to quaternized NAAD1. The third is a reprise of the isoamide–phosphorylation strategy noted for CTP synthetase as a
carboxylate is activated and converted to an amide, generating the end product coenzyme NAD1.
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Figure 4.39 NAD1 as adenylyl group donor in DNA ligase-mediated repair of DNA gaps with a 50-PO3
2� and a 30-OH end.
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cleaved to drive the entropically disfavored dehydrative accumulation of long
chain biopolymers. Adenylyl transfers are also employed in the biosynthesis of
many of the coenzymatically active forms of vitamins.
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CHAPTER 5

Pyrophosphoryl and Adenosyl
Transfers from Mg–ATP

All told, there are five enzyme-mediated fragmentation patterns of the ATP
side chain (Figure 5.1). In Chapters 3 and 4 we have noted that phosphoryl
transfers and adenylyl (generically nucleotidyl) transfers make up the vast
majority of the hundreds of known enzyme catalyzed reactions that harvest
the P–O–P phosphoric anhydride bond energy, locked in the kinetically
stable triphosphate chain of ATP. One other mode of the triphosphate side
chain cleavage is termed pyrophosphoryl transfer (by attack of cosubstrate
nucleophile at Pb of ATP) and is the subject of this chapter.

The other two modes of ATP fragmentation occur at C50 of the ribose ring or
at C10 of the ribose ring. They are exceedingly rare and do not involve phos-
phoric anhydride bond cleavages. We will note in subsequent chapters that the
two known examples of adenosyl transfers (attack of nucleophile on the 50 CH2

of the adenosine moiety’s ribose group), albeit close to unique chemistry, are
consequential both in terms of the chemical biology available to and experi-
enced by ATP and for entry into certain metabolic regimes. The fifth frag-
mentation mode is involved in C–P bond cleavage as described in Chapter 11.

5.1 Pyrophosphoryl Transfers
Three pyrophosphoryl transferases operate in quite diverse biological realms
(Figures 5.2 and 5.3). Ribose-5-phosphate pyrophosphokinase provides a
central metabolite, 50-phosphoribose-1-pyrophosphate (PRPP), for sub-
sequent phosphoribosylations in both purine and pyrmidine nucleoside and
nucleotide biosynthesis.1 Those phosphoribosylations set up the nucleoside
monophosphate tripartite structures of heterocyclic base, ribose or
20-deoxyribose, and 50-phosphoester. These are the key building blocks of
both RNA and DNA biopolymers. Furthermore, we have just noted in
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Chapter 4 Section 4.9 that the most abundant redox coenzymes in all cells,
the nicotinamide coenzymes NAD1–NADH (and thereby NADP1–NADPH),
are also constructed by enzymatic phosphoribosylation from PRPP.

5.1.1 50-Phosphoribose-1-pyrophosphate (PRPP)

The 50-phosphoribose pyrophosphokinase orients the Mg–ATP cosubstrate
and the C10–OH of the a-anomer population of 50-phosphoribose such that
that alcohol in the cyclic hemiacetal mixture becomes the kinetically
competent nucleophile for attack at Pb of Mg–ATP (Figures 5.2 and 5.3).
The transition state resolves in the forward direction with net cleavage of the
Pb–O–Pa anhydride bond. The Keq isB105 in favor of the forward direction.
AMP is the coproduct. Note that the same Pb–O–Pa bond is cleaved in
nucleotidyl transfers so equivalent energetics apply. The distinction is the
regiochemistry of which phosphorus atom, Pb (pyrophosphoryl transfer) or
Pa (nucleotidyl¼ adenylyl transfer) in the triphosphate side chain is at-
tacked by the incoming nucleophile (Figures 5.1–5.3).

The phosphoribose pyrokinase action has converted and trapped the
C10–a-OH of the substrate ribose-5-phosphate hemiacetal as a chemically and
configurationally stable acetal linkage at the C10 oxygen, fixing its configur-
ation in the PRPP product. At the transferring pyrophosphoryl moiety an
unsymmetric, monosubstituted pyrophosphate derivative has been created.

The utility of this C10–OPP linkage becomes evident in the subsequent
metabolic fates of PRPP and emphasizes the leaving group function of the
(intact) pyrophosphate group rather than cleavage of the embedded P–O–P
anhydride. Thus, all three reactions noted in Figure 5.4,

Figure 5.1 Five sites of attack on ATP by specific nucleophilic cosubstrates. Paths 1
and 3 are most common. Path 2, pyrophosphoryl transfers, is the subject
of this chapter. Path 4 is adenosyl transfer, also examined in this
chapter. Path 5 has one example in the C–P lyase cleavage of carbon–
phosphorus bonds.
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Figure 5.2 Cosubstrate nucleophiles attack Pb of Mg–ATP for pyrophosphoryl group
transfers: Examples include 50-phosphoribose-1-pyrophosphate
synthase, thiamin pyrophosphokinase, and bacterial conversion of
GTP (50-pppG) to guanosine pentaphosphate (50-pppG-30–pp).
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phosphoribosylation of orotic acid to orotidine monophosphate in pyrimi-
dine biosynthesis, amination of PRPP to form the b-regioisomer of 10-amino-
ribose-5 0-phosphate at the very start of purine bicyclic ring construction, and
substitution at C10 by an incoming nicotinate in NAD1 biosynthesis involve
formal displacement of inorganic pyrophosphate by C10–OPP bond cleavage.

The transition state in each of these three biosynthetic phosphoribosyla-
tions of amine nucleophiles is thought to be early. Significant C1

0–OPP
(C1–O bond) cleavage produces a stabilized C1

0-oxocarbenium ion-like tran-
sition state.1,2 The partial positive charge at C1

0 is captured by the amine
nucleophiles in the net substitution reactions. Looking back two enzymes to
the 50-phosphoribose substrate, cleavage of that underivatized C1

0–OH looks
formidable and not likely to be low energy. The strategic derivatization of that
nucleophilic oxygen as a pyrophosphoryl ester makes subsequent C10–O bond
cleavage lower in energy. Instead of a formal leaving group of OH�, the oxygen
atom departs as part of tetranionic pyrophosphate (Figure 5.4). The pKa dif-
ference for protonating OH� (pKa¼ 14) vs. PPi 4� to PPi3� (pKa B6) is eight
powers of ten: the more stable the leaving group anion, the lower the energy.

It is a general biological strategy to convert –C–OH groups to C–OPO3
2�

groups to lower the energy for C–O bond cleavages. The choice here of con-
version of C–OH to a C–OP2O7

3� pyrophosphate monoester is unusual but
highly effective in lowering the C–O bond cleavage energy barriers. Once the
free PPi is released, inorganic pyrophosphatase action pulls the equilibrium
forward by another factor of B5000 or so. Making purine-, pyrimidine-and
nicotinamide-nucleotides are key tasks for spending ‘‘energy rich’’ cellular
reagents. [One could argue that conversion of hexose hemiacetals in two steps
to UDP-sugars as glycosyl donors (Chapter 4) is similar chemical logic for
removal of the C10–OH as a resonance-delocalized PPi derivative.]

Figure 5.3 Conformation of pppGpp as nascent product in the alarmone synthetase
active site (PDB 5DED).
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Figure 5.4 PRPP is a substrate for C10–O bond cleavage in pyrimidine nucleotide assembly, in purine nucleotide assembly and in NAD1

construction. PRPP thus sits at three central metabolic intersections in nitrogen metabolism.
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5.1.2 pppGpp

A second example of enzymatic pyrophosphoryl transfer (Figures 5.2–5.3)
involves formation of a third class of signaling nucleotide. We have noted in
Chapter 4 Section 4.7 on nucleotidyl transfers that bacteria convert ATP and
GTP into two classes of signaling nucleotides: cAMP or cGMP and di-cyclic-
GMP (Figures 4.14 and 4.16). They are joined in bacterial metabolism by a
third set of signaling nucleotides guanosine pentaphosphate and guanosine
tetraphosphate (known as pppGpp and ppGpp respectively).3 pppG is
shorthand for 50-triphosphate and Gpp is shorthand for 30diphosphate.
Thus, pppGpp has the structure 30-pyrophosphoryl-GTP (Figures 5.2–5.3) and
ppGpp is the corresponding 50-pyrophosphoryl-guanosine-30-diphosphate
(pyrophosphate).

pppGpp and ppGpp were first detected as 32P-labeled factors (from 32Pi
incorporation) on paper chromatograms in the stringent response of bac-
teria to amino acid starvation and were termed ‘‘magic spots’’ long before
their structures were determined. These two guanine nucleotides bind to
several targets including RNA polymerase and the ribosome to slow down
metabolism. As GTP is converted to the penta- and tetra-GTP derivatives, the
GTP concentration falls below the levels required for RNA synthesis and cell
metabolism shuts down in starvation response.

In contrast to cGMP and dicyclic-GMP biosynthesis that reflect internal
nucleotidyl transfers on GTP, pppGpp is assembled by a pyrophosphoryl
transfer (attack at Pb) from Mg–ATP to the 30-OH of GTP as a nucleophile
(Figures 5.2 and 5.3). The 30-pyrophophate group interferes with binding
to any of the typical GTP targets in cells. ppGpp is then formed by action of a
50-nucleotidase enzyme acting as a phospho-monoesterase on pppGpp. The
lifetimes of the two ‘‘magic spot’’ metabolites are controlled by sequential
hydrolytic removal of the 30-PP group by phosphatases.

The attachment of a pyrophosphoryl group at the 30-OH of GTP is
an unusual modification of a nucleotide. Coenzyme A has a 30-phosphate
ester on its AMP moiety (creating a 3050-ADP group) and NADP1 has a
20-phosphate monoester scaffold. The utilization of a 30-pyrophosphate
arising by the rare pyrophosphoryl transfer regiochemistry creates a unique
scaffold for the alarmone functions of the magic spot metabolites.

5.1.3 Thiamin-pyrophosphate

The third example of enzymatic pyrophosphoryl transfer from Pb of Mg–ATP
is, in a sense, both more specialized and more prosaic. Vitamin B1, thiamin,
is made by microbes, and lower eukaryotes but not by humans.4 Vitamins in
the B series are grouped together because they each fulfill some coenzymatic
function. For thiamin that involves both the oxidative a-keto acid
decarboxylations, exemplified by pyruvate conversion to acetyl-CoA to fuel
the citric acid cycle, and a-ketol transfers in the pentose phosphate cycle
that is responsible for moving excess ribose-5-phosphate back to glucose-
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6-phosphate. Life without ribose or 20-deoxyribose nucleic acids is not
possible on this planet.

Thus, thiamin is a vitamin essential to health and ultimately to life.
However, dietarily ingested thiamin is not in the coenzymatically active
form. Instead it is thiamin-pyrophosphate (TPP; Figures 5.2 and 5.3) that is
required for coenzymatic function. This is the job of the enzyme thiamin
pyrophosphokinase. The one step addition of both phosphorus atoms to the
alcohol side chain of thiamin is an efficient strategy.

The pyrophosphate side chain is a bystander in the thiamin coenzyme
chemical biology roles noted above. However, it is a key nonreactive element
in providing tight binding of thiamin-pyrophosphate to its apoenzyme
partners. One might have imagined generating thiamin monophosphate by
classical kinase action but thiamin monophosphate has much lower affinity
for its enzyme partners.

None of the two features of the pyrophosphate side chain we have noted
in other biological contexts are involved in TPP chemical biology. Neither
P–O–P cleavage of the thermodynamically activated, kinetically stable
phosphoric anhydride linkage, nor elimination of the alcoholic oxygen as
part of a pyrophosphate leaving group are utilized. This appears to be use of
the trianionic pyrophosphate side chain merely as a tight binding element, a
third attribute of its biological function to provide specificity.

5.2 Tandem Phosphorylations as An Alternative
Strategy to Pyrophosphorylation

We note that cells could have made any one of these monosubstituted
pyrophosphate metabolites by two tandem kinase actions, alcohol to phos-
phate monoester and then another phosphoryl transfer to generate the
pyrophosphate side chain. Indeed, that is is precisely the strategy executed
in the conversion of mevalonate to mevalonate-5-pyrophosphate in the early
stages of isoprenoid pathways. As depicted in Figure 5.5 the six-carbon
metabolite mevalonate has a carboxylate group and two alcohols derived
initially from three acetyl groups. The primary alcohol is the target for
tandem kinase action by mevalonate kinase to produce ADP and
5-phosphomevalonate.5 In the next enzymatic step, a second phosphoryl
transfer follows. A phosphate oxyanion of mevalonate-5-phosphate attacks
Mg–ATP at the g-PO3

2� group to yield mevalonate-5-pyrophosphate and
the second molecule of ADP as coproduct. A third successive phosphoryl
transfer is directed not to the –PP group but to the tertiary alcohol group,
setting up the indicated decarboxylation–phosphate elimination to give the
D2-isopentenyl diphosphate metabolite.6

The downstream isopentenyl diphosphates are then progenitors of allylic
carbocationic transition states or intermediates in all the chain elongation
reactions that can yield 450 000 known isoprenoid natural product scaf-
folds.7 In each case of isoprenoid C–C bond formation or chain elongation,
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Figure 5.5 Early steps in the isoprenoid pathway: from 3 acetyl CoA molecules to isomeric pentenyl diphosphates involves three
consecutive phosphoryl transfers from three Mg–ATPs at the level of the six-carbon metabolite mevalonate. The first two –
PO3

2� transfers create mevalonate-pyrophosphate. The third –PO3
2� transfer induces decarboxylation to the five carbon D3�

isopentenyl-diphosphate.
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the C1–O bond cleavage energy is lowered by prior incorporation of that
oxygen as part of the pyrophosphate, in close analogy to the role of the
pyrophosphate group in the PRPP reaction strategies.

In a cellular energy accounting sense, tandem phophorylations spend two
ATPs to install the substituted pyrophosphate group. Pyrophosphokinases
achieve the same end by spending only one ATP molecule. Given the billions
of purine and pyrimidine building blocks needed for RNA and DNA syn-
thesis in every cell cycle, (e.g. from PRPP), the energy economics may have
favored development and maintenance of pyrophosphokinases.

5.3 Adenosyl Transfers
There is a rare fourth mode of enzyme-catalyzed fragmentation of ATP that is
employed in two well validated cases.2 This cleavage pattern releases nascent
triphosphate, as a cosubstrate nucleophile attacks C50 of the ribose moiety of
Mg-ATP, rather than any of the three phosphorus atoms in the triphosphate
side chain. That ribose C50 carbon is not a notably reactive alcohol but the
C50–O bond cleavage is facilitated by expulsion of the triphosphate hexa-
anion rather than OH� (Figure 5.6A).

The two nucleophiles that attack ATP in these unusual adenosyl transfers
are the sulfur atom in thioether linkage of the amino acid L-methionine for
one, and the Cobalt (I) form of vitamin B12 for the second (Figure 5.6B).

5.3.1 S-adenosylmethionine Synthetase

The first enzyme is S-adenosylmethionine synthetase, creating a trigonalized
sulfur atom in the form of a permanently charged sulfonium ion. The im-
mediate coproduct PPPi is hydrolyzed regiospecifically between Pb and Pa to
yield Pi and PPi fragments that are then released into solution.8 In
the presence of the ubiquitous inorganic pyrophosphatase, the cell converts
the triphosphate side chain of ATP into three molecules of Pi. Although
S-adenosylmethionine (SAM) is uphill energetically from ATP, SAM is
accumulated in cells because of the tandem action of the synthetase and
pyrophosphatase, cleaving both P–O–P anhydride links in ATP. In terms of
relative abundance, where steady state intracellular concentrations of ATP
may be in the 5–8 mM range, SAM may be in the 50–180 micromolar range.
Given a daily turnover ofB75 kg of ATP in humans, the amount of SAM made
and consumed may be in the1–5 kg range.

The trivalent sulfur cation in S-adenosylmethionine activates all three of
its immediate substituents for transfer as electrophilic fragments to co-
substrate nucleophiles9 (Figure 5.7). By far the most common S1–C bond
cleaved is the S1–CH3 as the methyl group gets transferred to a huge range of
both low molecular weight metabolites and macromolecular targets (DNA,
RNA, lysine residues in histones and other proteins) (Figure 5.8).

One could write a complete volume on SAM chemical biology where the
cationic sulfur is the key atom.10 Here, we note only that while SAM
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synthetase is an almost singular adenosyl transfer catalyst, its product SAM
is, after ATP, the second most widely used coenzyme or substrate in all of
cellular metabolism.

5.3.2 Adenosyl-B12 Coenzyme

Vitamin B12, is unique among the 13 human vitamins as a modified-
porphyrin macrocycle (corrin ring system) with a cobalt ion coordinated
equatorially between the four pyrrole nitrogen atoms as ligands4

(Figure 5.6B). Its structural complexity made it the last of the vitamins
characterized, by structure analysis including subsequent crystallography, in
1948. B12 is biosynthesized by microbes that reroute some of the heme

Figure 5.6 (A) Stoichiometry of enzyme-catalyzed adenosyl transfers to an attacking
nucleophile. Cleavage of the C50–O bond yields the adenosylated
nucleophile and inorganic triphosphate. (B) The two known examples are
S-adenosylmethionine synthetase, and adenosyl cobalamin synthetase.
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Figure 5.7 S-Adenosylmethionine: nothing goes to waste.9 Each of the three substituents attached to the sulfonium cation are activated
for transfer as electrophilic fragments.
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Figure 5.8 Methyl group transfers from SAM as [CH3
1] equivalents can occur to nucleophilic nitrogen, oxygen, sulfur, and even carbon

atoms in a vast array of cosubstrates.
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biosynthetic intermediates to form the corrin ring system which is one atom
contracted from the typical heme macrocyclic ring scaffold. The smaller
internal volume fits cobalt preferentially over iron (in heme) or magnesium
(in chlorophyll).

As ingested, the vitamin is found with the top axial ligand as a water
molecule (aquo B12) or often with cyanide as a tight binding axial ligand that
was concentrated from trace levels by affinity for B12 (cyanocobalamin).
Neither form of the vitamin is biologically active. Instead, there are two or-
ganometallic forms of B12 that operate in distinct metabolic niches
(Figure 5.6B).

Methyl coenzyme B12 has a CH3 group as the top axial ligand and is the
immediate donor of that one-carbon unit [as a CH3

1 equivalent] to the
thiolate anion of homocysteine in the active site of methionine synthase.
The second organometallic coenzyme form with a carbon–cobalt bond is
adenosyl-B12 coenzyme4 (Figure 5.9).

Adenosyl-B12 is generated by the second of the known ATP-dependent
adenosyl transferases.11 (Figure 5.6B) The nucleophilic form of the vitamin
B12 substrate is the CoI oxidation state. Vitamin B12 as isolated has cobalt in
the air-stable, but inactive, CoIII oxidation state. Bacteria employ an anaer-
obic activase system to reduce the CoIII atom by two electrons to the
supernucleophilic CoI oxidation state.

The CoI-vitamin B12 is the substrate form along with Mg–ATP utilized by
adenosyl B12 synthetase. As depicted in Figure 5.9 the CoI atom is the
nucleophile attacking C5 0 of ATP with C5 0–O bond cleavage. The nascent
triphosphate anion is hydrolyzed by phosphatase and pyrophosphatase
action to three Pi molecules. Again, the cleavage of both phosphoric an-
hydride linkages in the ATP side chain provides the driving energy to ac-
cumulate adenosyl B12. Note that in forming the cobalt–adenosyl carbon
bond to C5 0, the cobalt atom has been oxidized formally to the CoIII

oxidation state.
The coenzymatic role of adenosyl B12 is to serve as a generator of the

5 0-deoxyadenosyl radical.12 Homolysis of the CoIII–C5 0 bond produces the
CoII oxidation state (so CoI, CoII, and CoIII are all in play in B12 chemical
biology) and the 5 0-deoxyadenosyl radical (dA�). dA� serves as initiator of
radical reactions in specifically bound substrates by abstracting a hydrogen
atom (H�) from them. That hydrogen atom transfer produces 5 0dA-H and
the substrate radical. Rearrangement to a product radical can occur before
the H� is transferred back from dA-H. This quenches the product radical
as P–H while regenerating dA�. A catalytic cycle ends as dA� and the CoII

atom each provide one electron in reforming the carbon–CoIII bond in
adenosyl B12.

A classic case of such a 1,2-radical-based rearrangement is in the adenosyl
B12-dependent propanediol to propionaldehyde rearrangement catalyzed by
the enzyme known as diol dehydrase (Figure 5.10). The nascent product is
the 1,1-diol (aldehyde hydrate) that is stereospecifically converted to the
aldehyde.
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Figure 5.9 Two organometallic coenzyme forms of vitamin B12. Methyl B12 with a CH3 group as top axial ligand is formed from N5–CH3–
tetrahydrofolic acid and transfers the methyl group to the sulfur of homocysteine in the active site of methionine synthase.
Adenosyl B12 undergoes Co–C50 homolysis in enzyme active sites that use adenosyl B12 as a radical generator of the 50-
deoxyadenosyl radical to initiate one-electron pathways in cosubstrates.
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Figure 5.10 Bacterial propanediol dehydrase, rearranging propanediol to propionaldehyde, uses adenosyl-B12 as generator of the
50-deoxyadenosyl radical in situ to form a carbon-centered radical on bound substrate propanediol.
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The two adenosyl transferases that fragment ATP to nascent inorganic tri-
phosphate hexa-anion and an adenosylated nucleophile sit in remarkably
different but consequential biological niches. Adenosyl transfer to the thioe-
ther sulfur of methionine creates SAM, which is used billions of times per cell
cycle as a methyl transfer agent. Adenosyl transfer to the CoI form of vitamin
B12 creates a remarkable organometallic carbon–cobalt bond. Homolysis of
that CoIII–C50 bond is the source of 50-deoxyadenosyl radical initiators in re-
arrangement catalysis. These are two unanticipated uses of enzymatic ATP
fragmentation during evolution of 50deoxyadenosyl radical chemistry.
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CHAPTER 6

Activated Phosphoryl Groups
and Biosynthetic Paths to ATP

6.1 The Spectrum of Biologically Activated
Phosphoryl Groups

Thus far, we have focused on the two phosphoric anhydride bonds in the
side chains of ATP, the other three NTPs (UTP, CTP, GTP) and the corres-
ponding 20dNTPs (with dTTP replacing dUTP as DNA building block). These
are kinetically stable thermodynamically activated structural elements at
neutral cellular pH values. Yet their transfer to oxygen nucleophiles in-
cluding water is so favorable at equilibrium that their fragmentation, at both
g-P (phosphoryl transfers), but especially at a-P (nucleotidyl transfers) drives
otherwise unfavorable equilibria (see Chapter 1 Section 1.10).

In this chapter we note a small number of other phosphorylated metabolic
scaffolds that are similarly thermodynamically activated yet stable enough to
be formed and then utilized as freely diffusible molecular species in cellular
energy metabolism.1 In principle each of the scaffolds described are doubly
activated-for phosphoryl transfer to a nucleophile or for transfer of the other
moiety (acyl, enolate, guanidinium, sulfuryl). It is often the other activated
group that is transferred as an electrophilic fragment. This is the general
case for instance in the acyl phosphates described next.

6.1.1 Acyl Phosphates vs. Acyl Adenylates

We have noted that two kinds of mixed acyl phosphoric anhydrides are
formed as activated acyl species in primary metabolic pathways: acyl phos-
phates and acyl adenylates. They arise, respectively, from attack of substrate
carboxylate anions on either Pg or Pa of Mg–ATP side chains (Figure 6.1).
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Figure 6.1 Two types of acyl phosphoric anhydride metabolites in cells. Acyl phosphates arise from carboxylate attack on Pg of Mg–ATP:
phosphoryl group transfers. Acyl-AMPs arise from carboxylate attacks on Pa of Mg–ATP: adenylyl transfers. Both variants of
acyl–phosphoric anhydrides are doubly activated for transfer of the acyl or phosphoryl moiety. Both acetyl phosphate and
acetyl AMP are enzymatically converted to the kinetically more stable acetyl-CoA thioester.
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From the point of view of thermodynamic activation between the two mixed
carboxylic–phosphoric anhydrides, both the acyl phosphates and the
acyl-AMPs have achieved equivalent utility as subsequent acyl donors. Thus,
acetyl-AMP and acetyl phosphate are about equally effective in subsequent
enzymatic acetyl transfers to the thiolate of coenzyme A to generate acetyl
CoA (Figure 6.2).

We have noted that nucleotidyl transfers generate PPi as a coproduct while
phosphoryl transfers produce ADP. High activity pyrophosphatases in cells
hydrolyze the PPi to two molecules of inorganic phosphate. This coupling
makes the acyl-adenylate route more attractive in accumulating the acyl-AMP
over acyl phosphate. This logic is consistent with nucleotidyl transfer
regimes as the preferred route for monomer activation to build the ther-
modynamically unfavorable condensed linear polymers of DNA, RNA, and
proteins. The adenosyl moiety, in the AMP portion of acyl-AMPs also pre-
sumably offers extended interactions with widely distributed AMP binding
pockets in many dozens of proteins to provide binding energy and affinity.

Nonetheless, and perhaps because of the protein binding affinity from the
adenosyl moiety, acyl-AMPs are almost never used as freely diffusing inter-
mediates in cells. (Nucleoside diphosphosugars are diffusible building
blocks.) This is in contrast to acyl phosphates where there are dozens of acyl
activation examples in primary metabolic pathways. The acyl phosphates are
utilized metabolically either for acyl or for phosphoryl transfer to cosubstrate
nucleophiles.

The simplest example may be activation of carbonic acid (HCO3
�), the

hydrated form of CO2. The biotin-dependent acetyl CoA carboxylase,2 the
first committed catalyst in fatty acid biosynthesis, generates carbonyl
phosphate (Figure 6.2A) by phosphoryl transfer from ATP to carbonic acid.
Analogously, the one carbon carbamic acid is likewise enzymatically phos-
phorylated to carbamoyl phosphate (Figure 6.2A). Carbamoyl phosphate
then acts in two distinct subcellular compartments for two distinct func-
tions: in the cytoplasm to initiate pyrimidine biogenesis via carbamoyl
transfer to the amino group of aspartate, and in mitochondria to begin the
urea cycle. A second one-carbon acid formic acid is phosphorylated in bac-
teria to activate it as acyl donor in pyrimidine ring construction (N-formyl
amide formation) (Figure 6.2B).

The two proteinogenic amino acids with side chain carboxylates, aspartate
and glutamate, are phosphorylated on the b- and g-carboxylates to yield
b-aspartyl phosphate or g-glutamyl phosphate, respectively (Figure 6.2B). The
activated aspartyl-group in the mixed anhydride is then the locus for con-
secutive hydride transfers to reduce the carboxylic–phosphoric anhydride to
the alcohol in homoserine. Separately, the glutamyl phosphate is captured by
ammonia as a nucleophile to form the carboxamido group of glutamine.

The tripeptide glutathione (g-Glu–Cys–Gly), a key thiol protective metabolite
at concentrations reaching 10–16 mM in cells is assembled from its
three constituent amino acids in a short two-enzyme pathway.3 The g-Glu–Cys
isopeptide bond is indicative that a ribosomal process is unlikely to be involved
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Figure 6.2 Acyl phosphate metabolites. (A) Three one-carbon acyl phosphates as cellular metabolites; (B) illustrative reactions of seven
acyl phosphates.
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in biosynthesis. Indeed, two enzymes of the ATP grasp family are responsible.
They each cleave ATP to ADP (Figure 6.3), rather than the ATP to AMP and PPi
pattern for protein synthesis at ribosomes. Accordingly, g-Glu–Cys synthetase
and then glutathione synthetase each generate bound aminoacyl phosphates
rather than aminoacyl-AMPs. The first enzyme makes g-glutamyl phosphate,
activating the g carboxylate to attack Pg of Mg–ATP. In turn the bound

Figure 6.3 The two-enzyme pathway to convert glutamate, cysteine, and glycine to
glutathione involves consecutive action of gamma-glutamyl-cysteine
synthase followed by glutamine synthase. Acyl phosphate intermediates
(gamma-glutamyl-phosphate and then gamma-glutamyl-cysteinyl-phos-
phate) are the activated forms of the glutamate gamma carboxylate and
the dipeptidyl Glu–Cys for subsequent amide bond formations. The
isopeptide bond between Glu and Cys indicates a nonribosomal origin
for glutathione.
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g-glutamyl phosphate is captured at the activated g-carbonyl by the deproto-
nated amine of cosubstrate cysteine. Correspondingly, in the glutathione
synthetase active site a Glu–Cys–acyl phosphate is formed in, and captured
for, amide bond formation by the deprotonated amine of cosubstrate glycine.

The double headed activation of acyl phosphates, for acyl or phosphoryl
group transfer, is performed by three pairs of tandem enzymes (Figure 6.4).
The first acts during glycolysis, the second in the tricarboxylate cycle, and the
third by diverting citrate carbons to fatty acids. The interplay of (1) ATP and
free carboxylate, (2) the activated acyl phosphate, and (3) the more kinetically
stable acyl thioester is played out in these three sets of tandem enzyme
reactions.

Figure 6.4 Three enzymes with acyl phosphate intermediates or substrates:
(A) glyceraldehyde-3-phosphate dehydrogenase (glycolysis); (B) succinyl
CoA synthetase (citrate cycle); (C) ATP citrate lyase (cytoplasmic fatty acid
biosynthesis).
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In glycolysis the phosphorolytic conversion of the 3-phosphoglyceryl-S-
enzyme to 1,3-diphosphoglycerate (Figure 6.4) by glyceraldehyde-3-
phosphate dehydrogenase is the preamble to phosphoryl transfer to ATP
by the next enzyme phosphoglycerate kinase. CoASH is not a participant
and the 3-phosphoglyceric acid (3-PGA) scaffold is carried deeper into
glycolysis.

The two-enzyme flux goes the same way in the citric acid cycle but com-
mences with nascent succinyl CoA from the 2-ketoglutarate dehydrogenase
reaction. Succinyl CoA is phosphorolyzed enzymatically to the mixed acyl–
phosphoric anhydride succinyl phosphate by the enzyme succinic thiokinase
that then transfers the phosphoryl group to GDP to make GTP.

The third example is the enzyme ATP citrate lyase, the cytoplasmic enzyme
that shunts two of the six carbons of citrate into fatty acyl chains. As citrate is
transported out of the mitochondria (subcellular site of the citrate bio-
synthetic cycle) ATP citrate lyase transfers a phosphoryl group from a
phosphohistidinyl–enzyme residue to one of the three citrate carboxyl
groups, the proS primary carboxylate. The resultant acyl phosphate citryl
phosphate is then converted to bound citryl CoA: a transfer of the activated
citryl group to the thiolate of coenzyme A. Now the citryl CoA undergoes an
enzyme-mediated retro-thioclaisen reaction, cleaving the citryl CoA to
oxaloacetate and acetyl CoA. The acetyl units are then used by cytoplasmic
fatty acyl synthases to store the two carbon units in saturated long chain fatty
acids as energy reserves (Figure 6.4).

In general, most acyl phosphates in metabolism are generated from ATP
and used for subsequent transfer of the activated acyl groups to nucleophiles
(amines, thiols, hydride ion).4 When they engage in phosphoryl transfers to
make ATP or GTP, they reflect energy harvesting steps accompanying redox
metabolism.

6.1.2 Phosphorylated Enols

The trapped enol phosphate phosphoenolpyruvate is uphill thermo-
dynamically from ATP and is stable enough to serve as a freely diffusible
intermediate in cell metabolism. Evidence that both portions, the
phosphoryl group and the trapped enol are activated for capture by co-
substrate nucleophiles is provided by two examples of each outcome
(Figure 6.5).

Phosphoryl transfer from PEP to ADP to yield ATP and the nascent enolate
of pyruvate is the signature reaction of pyruvate kinase,5 with equilibrium in
favor of ATP formation 4103. In contrast, PEP is the energy source during
uptake of a number of hexose sugars into bacteria. As the sugars, including
glucose, mannose, and glucosamine, cross the bacterial membrane they are
phosphorylated and deposited inside as the membrane-impermeant hexose-
6-phosphates.6 PEP is the initial phosphoryl group donor but the –PO3

2�

groups may undergo another two to three transfers before ending up on the
6-OH of a transported sugar (see Chapter 14).
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Figure 6.5 Two enzymes that catalyze phosphoryl group transfer from the trapped enol PEP. (A) Pyruvate kinase mediates a direct –PO3
2�

transfer to ADP while (B) enzyme 1 of the bacterial hexose phosphate transferase system catalyzes transfer of the�PO3
2� group

from PEP to an imidazole side chain of a protein histidine residue.
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PEP is attacked on the phosphoryl group phosphorus atom by the N3 of
the imidazole side chain of a histidine residue in enzyme-I. That –PO3

2� is
then subsequently transferred to a His residue in a histidine rich protein
(HPr), that acts as a phosphorylation hub to transfer the –PO3

2� out to a
substrate-specific EII protein.7 Typically, EIIs are likewise phosphorylated on
a His residue but some are instead phosphorylated on a cysteine thiolate
side chain. Finally, the EII–PO3

2� group is captured by a hexose-6-OH to give
the ‘‘low energy’’ alcoholic phosphomonoester.

The serial transfers of the –PO3
2� group my reflect evolution of a system

where the EI has specificity for PEP but none of the hexose sugars. The EIIs
may have evolved from specific sugar carrier proteins that gained phos-
phoryl transfer activity. The HPr protein is the phosphoryl transfer
middleman.

Although the chemistry is distinct there are strategic analogies to the
three enzymes of the eukaryotic ubiquitin systems where an information
rich acyl group [ubiquitin (Ub)] is transferred first to an enzyme that only
recognizes Ub and ATP, then to a set of EIIs as covalently acylated
middlemen. The EIIs (akin to the PTS HPr middleman) are the hubs for the
EIIIs that impart specificity to the client proteins that become covalently
ubiquitinylated.8

The enolpyruvyl group can also be transferred from PEP to cosubstrates,
demonstrating the activation of both pieces of PEP. In a formal sense, if the
O–[PO3

2�] bond of PEP was disconnected early in a reaction coordinate, the
nascent enolate will develop negative charge density on both the enolate
oxygen and C3 as the carbanion contributor to the enolate structure. Then it
would behave as carbon nucleophile toward electrophilic centers of
cosubstrates.

In fact, the two enzyme-catalyzed enolpyruvyl transfers noted below show
the opposite polarity: cosubstrate nucleophiles attack C3 of the PEP sub-
strate.9 Resolution of the conundrum lies in timing of the O–[PO3

2�] bond
cleavage. It is in fact late, not early.

As shown for the murein A protein (MurA) reaction, the first step in bac-
terial peptidoglycan pentapeptide chain formation, the 3’OH of a UDP
GlcNAc substrate attacks C3 of PEP to create a tetrahedral adduct
(Figure 6.6A). That adduct then undergoes an enzyme-catalyzed internal
elimination of the elements of inorganic phosphate. The cosubstrate 30-hy-
droxyl has undergone a net alkylation by a three-carbon vinyl ether. In the
end the O–[PO3

2�] bond was not cleaved. Instead the C–[OPO3
2�] bond has

been cleaved from PEP.
This is the same pattern observed in the shikimate pathway for bio-

synthesis of the aromatic core of phenylalanine and tyrosine. (Figure 6.6B).
The 5-OH of shikimate-3-P is nucleophile attacking carbon 3 of PEP. Net
C–[OPO3

2�] bond cleavage occurs in PEP. The 5-OH becomes derivatized as
the enol-vinyl ether in the enzymatic product 5-enolpyruvyl-shikimate-3-
phosphate (EPSP), on the way to chorismate.
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Figure 6.6 Two enolpyruvyl transfers from PEP in bacterial cell wall biosynthesis. (A) MurA transfers the enolpyruvyl group to the 3 0OH of
UDP-N-acetyl-muramic acid (UDP-MurNAc). The resultant tetrahedral adduct eliminates inorganic phosphate. (B) The enzyme
enolpyruvylshikimate phosphate synthase transfers an enolpyruvyl moiety from PEP to the 5-OH of shikimate-3-phosphate.
Again, a tetrahedral intermediate eliminates the elements of phosphoric acid to yield the product.
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6.1.3 Sulfuric–Phosphoric Anhydrides

The closest formal analogy to the thermodynamically activated phosphoric
anhydride linkages in ATP may be the mixed sulfuric–phosphoric anhydride
bond found in adenylyl-sulfate (APS) and its 30-phospho-congener 30-phos-
pho-5-adenosyl-5-phosphosulfate (PAPS). APS arises by enzyme-mediated
attack of one of the oxygen anions of inorganic sulfate on Pa of ATP: a nu-
cleotidyl transfer to inorganic sulfate. Sulfate acted as a nucleophile in the
active site of ATP sulfurylase but in all subsequent reactions of the APS–PAPS
mixed sulfuric–phosphoric anhydride, the –SO3

� group is transferred as an
electrophile. While APS is a sulfuryl transfer reagent in prokaryotes, kinase
action to create PAPS gives the predominant sulfuryl transfer metabolite in
eukaryotes.10

The phosphoric sulfuric anhydride linkage in APS and PAPS is doubly
activated for phosphoryl or sulfuryl transfer, but the inventory of reactions
observed is heavily biased to sulfuryl transfer to nucleophilic cosubstrates
(Figure 6.7). The most common nucleophiles are oxygen atoms or nitrogen
atoms, in such diverse metabolites as estrogens, xenobiotic drugs, glycosy-
lated proteins and tyrosyl residues in certain proteins. When nucleophilic
nitrogen atoms are the attacking species, the product sulfamates have an
N–S bond in the N–SO3

� grouping.
The bis-sulfurylation of the ion channel marine toxin saxitoxin at both

nitrogen and then oxygen nucleophiles by attack on the sulfuric anhydride
group of two molecules of PAPS11 is depicted in Figure 6.8. The side chain
anhydrides of APS and PAPS are trianionic at neutral pH values and the
negative charges slow down adventitious hydrolysis. Thus, the sulfuric–
phosphoric anhydrides are sufficiently kinetically stable to be freely diffus-
ible metabolites in cells.

6.1.4 Guanidinium Phosphoramidates (Phosphagens)

The other class of low molecular weight phosphorylated metabolites
that are sufficiently activated to act as reversible reservoirs for ATP are the
N-phosphoryl-guanidinium scaffolds of phosphagens.12 Arginine phos-
phate may be the ancestral metabolite of this class while creatine phos-
phate is the higher eukaryotic signature phosphagen. As noted in
Chapter 10, the N-phosphoryl arginine, -creatine, -lombricine, and con-
geners are guanidinium phosphoramidates. At first blush, the guanidi-
nium groups seem like unlikely nitrogen nucleophiles given the pKa values
of 10 and above. However, once formed they can undergo reversible
transfer to Mg–ADP stores to replenish Mg–ATP levels in tissues that are
rapidly consuming it, such as contracting muscles (Figure 6.7; also see
Chapter 10).

The phosphagens act as phosphoryl transfer metabolites rather than
guanidinium moiety transfer agents in cellular pathways.
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Figure 6.7 Several phosphorylated scaffolds with high group transfer potential are displayed. In particular the mixed sulfuric–phosphoric
anhydride side chain of 50adenylsulfate and 30phospho-5-adenylsulfate (PAPS) are biological metabolites that function as
sulfuryl group (–SO3

�) group donors.
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6.1.5 Protein Histidinyl Phosphates, Aspartyl Phosphates,
Cysteinyl Phosphates.

These three phosphorylated protein species maintain the ability to transfer
the –PO3

2� group onward to nucleophiles. We will take up these reactivities in
Chapter 14 on noncanonical phosphoproteomics. An N-phospho-imidazole
side chain of a phosphohistidine residue is shown in Figure 6.5.

6.1.6 Protein Serinyl Phosphates, Threonyl Phosphates,
Tyrosyl Phosphates

In contrast, these three protein phosphomonoesters that are the backbone
of conventional phosphoproteomics studies are not considered to be ther-
modynamically activated. They do not generally transfer the –PO3

2� groups
to substrates other than water, and then only under the catalytic aegis of
specific protein phosphatases. We discuss this class of phosphoproteins in
Chapter 15 of the phosphoproteomics section IV.

6.1.7 Low Molecular Weight Phosphomonoesters

We have noted in Chapter 1, Section 1.10 and also in passing in Chapter 3
that each of the specific low molecular weight phosphate mono-oxoesters
formed in metabolic pathways are also not thermodynamically activated for

Figure 6.8 Marine dinoflagellate neurotoxins can be sulfated on both oxygen and
nitrogen atoms. Saxitoxin is shown to undergo N-sulfamation and then
O-sulfation by a pair of sulfuryl transferases using PAPS as –SO3

� donor.
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phosphoryl transfers. As discussed in Chapter 7, phosphatases remove the
–PO3

2� groups by net hydrolysis, transfer to water. Low molecular weight
phosphomonoesters that show low to negligible phosphoryl group transfer
potential to cosubstrates include the common hexose-6-phophates and
1-phosphates, ribose-5-phosphate, inositol-phosphates, O-phosphorylcho-
line, O-phosphoserine and O-phosphothreonine.

6.2 Three Ways to Make ATP: Acyl Phosphates, Enol
Phosphates, and Coupled Proton Gradients

Given the manifold roles of ATP and related NTPs derived from ATP, or
20dATP by the actions of nucleoside diphosphokinases, it is worth a brief
excursion for one more look at how cells and organisms make ATP mol-
ecules in vivo. One starting point is to note that cells and tissues get most of
their energy from either glucose or stored fatty acids, oxidizing them all the
way to CO2. In those oxidations their associated electrons are captured and
stored temporarily in reduced forms of nicotinamide or flavin coenzymes
before those electrons are sent down a series of potential drops to reduce O2

by four electrons to two water molecules (Figure 6.9).
The glucose substrate molecules may derive from glucose monomers

transported into cells through multiple hexose carrier proteins or may come
from polysaccharide stores, such as starch or glycogen glucose polymers, by
enzymes acting as glycoside hydrolylases or glycoside phosphorylases
(Chapter 9), clipping off of one monomer unit at a time.

Fatty acids are broken down by beta oxidation enzymes, releasing two
carbon units at a time, as acetyl-CoA molecules, that get fed into the citric
acid cycle. The workings of the eight enzymes of the citrate cycle in each
turn, extract eight electrons from the acetyl unit (six from the methyl group,
two from the acyl carbon), generating two molecules of CO2 that diffuse out
of cells, ultimately exhaled by the lungs of humans. The eight electrons are
stored in four pairs, three pairs in NADH and one pair in FADH2. These eight
electrons are fed into the mitochondrial electron transport chain, one at a
time, to pass from iron–sulfur clusters to quinones, to cytochromes, on the
way to cytochrome oxidase. That oxidase can store up to four electrons and
reduce O2 by those four electrons to two H2O molecules. During the passage
of electrons down the respiratory chain, protons are pumped at three lo-
cations from the matrix across the mitochondrial inner membrane to the
intermembrane space (Figure 6.9).

The pumping of protons against their concentration gradient, creating the
proton component of the electrochemical potential, is driven by the favor-
able thermodynamics of the electrons flowing from NADH (Eo0 ¼� 320 mV)
or FADH2 (Eo0 ¼� 200 mV), down to O2, (Eo0 ¼þ 820 mV). The potential
drop from NADH to O2 of 1.1 volts corresponds to a Keq ofB1038

, in favor of
the direction of electron flow. That is a large enough energy gradient to
pump protons anisotropically across the inner mitochondrial membrane

190 Chapter 6



into the intermembrane space during electron flow at strategic proton
channels in transmembrane proteins (Figure 6.10A).

It is the buildup of protons in the intermembrane space that powers
the F-ATPase to run in the ATP synthase direction. (Figure 6.10B) As the
protons flow back into the matrix side down their concentration and po-
tential gradient through the ATP synthase channel, they drive rotation of the
membrane subunits and couple the otherwise unfavorable condensations of
ADP and inorganic phosphate to form the Pb–O–Pg phosphoric anhydride
bond as ADP goes to ATP.15–18 This occurs probably at the level ofB70 kg per
day in humans,B1026 molecules of ATP made by these proton flows.

Glucose, often the more immediate and quantitatively dominant energy
source under many conditions, is likewise oxidized to six CO2 molecules as the
24 electrons are extracted and stored as 12 pairs in 10 NADH and 2 FADH2

equivalents. These are fed into the same electron transport chains in mito-
chondria, reducing six O2 to 12 H2O molecules (Figure 6.9). The yield of ATP

Figure 6.9 Glucose and palmitoyl CoA are two of the most common energy sources
for cells, undergoing complete oxidation of every carbon to CO2 (16 CO2
from the sixteen-carbon fatty acid chain or six CO2 from glucose,
reflecting removal of 64 electrons and 24 electrons, respectively from
the two substrates). The 64 electrons suffice to make 96 ATPs from flow
of about 300 protons through the ATP synthase rotor. The 24 electrons
from complete oxidation of glucose to six CO2 similarly leads to B100
protons flowing down their potential gradient to make 36 ATP.
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Figure 6.10 (A) Schematic of electron flow down the mitochondrial electron transport
chain from NADH to O2 in the mitochondrial matrix is accompanied by
anisotropic pumping of protons into the intermembrane space at three
transmembrane protein complexes (I, III, IV);13 (B) Protons flow back
from the intermembrane space to the lower concentration of protons in
the mitochondrial matrix through a channel in the ATP synthase protein
complex, powering the otherwise uphill condensation of ADP with Pi.14

(A) Adapted from rref. 13, download for free at http://cnx.org/contents/
185cbf87-c72e-48f5-b51e-f14f21b5eabd@10.8, under the terms of a CC BY
4.0 license, https://creativecommons.org/licenses/by/4.0/. (B) Reproduced
from rref. 14 with permission from the AAAS, Copyright 1999.
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varies from 34 to 38 molecules of ATP for every glucose molecule completely
oxidized to six carbon dioxides, depending on rates of partially reduced
oxygen species leakage, generally as one electron-reduced superoxide anions.

Figure 6.9 notes that complete oxidation of the fatty acid palmitate would
yield 96 ATP molecules from letting B300 protons flow through the F-ATP
synthase channel. By comparison, the more oxidized hexose glucose could
give 38 ATP if all six carbons are fully oxidized by four electrons each to six
CO2. That would occur by transit of about 100 protons through ATP synthase
channels.

6.2.1 The Phosphorylation Logic of Glycolysis

The glucose oxidative metabolism logic is more revealing than fatty acid
oxidation in terms of two phosphorylated intermediates in glycolysis that
give rise to ATP. These are separate mechanisms from the proton gradient-
driven F-ATP synthase. In order of appearance, they are the formation of an
acyl phosphate (a mixed acyl–phosphoric anhydride) and then the formation
of an enol phosphate, both thermodynamically activated phosphoryl trans-
fer agents as denoted earlier in this chapter. The two enzymes phos-
phoglycerate kinase and pyruvate kinase harvest those activated phosphoryl
groups by transfer to ADP to form ATP, with highly favorable equilibrium
constants in the ATP-forming direction. (Figure 6.11).

It is worth examining the logic of phosphate group manipulations in the
glycolysis pathway to see how these two ‘‘high energy’’ phosphate derivatives
are produced and function as energy sources. Overall, glycolysis consumes
two ATPs, within the first three steps of the pathway, in a sense as a priming
operation (hexokinase, 6-phospho-fructose-1-kinase). Four ATPs then come
back, for a net of two ATPs by the time the six-carbon glucose has been
converted to two molecules of the three-carbon a-keto acid pyruvate
(Figure 6.12).

The first enzymatic phosphorylation of free intracellular glucose occurs
via hexokinase action at C6 of glucose, with Mg–ATP cleavage to ADP. The
next enzyme isomerizes glucose-6-phosphate to fructose-6-phosphate, an
aldo–keto isomerization that sets up the six-carbon ketose scaffold for sub-
sequent fragmentation to two equal three-carbon pieces for most efficient
downstream processing. The third enzyme, phosphofructokinase, spends
the second ATP to generate fructose-1,6-bisphosphate. Both of the phos-
phoryl transfer steps are unexceptional transfers of the g-PO3

2� to oxygen
nucleophiles, the first the C6-primary alcohol of glucose, the second to a
hemiacetal oxygen at C1 of fructose-6-phosphate (Figure 6.12).

The fructose-1,6-bisphosphate (FDP) is next subjected to enzymatic ret-
roaldol cleavage by FDP aldolase. Aldol cleavages require a b-hydroxy-car-
bonyl part structure. That is provided by carbons 2–4 of FDP in the acyclic
ketose form (not in the prevalent hemiketal forms) (Figure 6.12). The two three-
carbon products are the aldehyde glyecraldehyde-3-phosphate and the ke-
tose dihydroxyacetone-phosphate. These two are equilibrated by the next
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Figure 6.11 Two kinases in the glycolysis pathway from glucose to pyruvate run in the direction of ATP synthesis. (A) The first 3-
phosphoglycerate kinase uses the acyl phosphate 1,3-diphosphoglycerate as a –PO3

2� donor to Mg–ADP. (B) The second
kinase uses the trapped enol PEP as a –PO3

2� donor to Mg–ADP.
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Figure 6.12 The ten-enzyme pathway of glycolysis converts glucose to pyruvate. Two ATPs are spent early, in the hexokinase and 6-
phospho-fructokinase steps, to create the fructose diphosphate scaffold. Four ATPs come back, from PGA kinase and pyruvate
kinase action, for a net of two ATPs produced.
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enzyme, triose-phosphate isomerase, allowing subsequent enzymatic flux to
go only through the glyceraldehyde-3-phosphate, while drawing off all the
mass from the original glucose (Figure 6.12).

6.2.2 Glyceraldehyde-3-Phosphate Dehydrogenase as an
Energy Capture Nanomachine

Now, the first of the ATP-generating enzymes comes into play and illustrates
how the logic and mechanism of the sole redox step in the conversion of
glucose to two molecules of pyruvate results in generation of a thermo-
dynamically activated phosphate species. The enzyme glyceraldehyde-3-
phosphate dehydrogenase uses NAD1 as a cosubstrate and acceptor of a
hydride ion (hydrogen with two electrons) as the aldehyde group of
glyceraldehyde-3-phosphate gets oxidized by two electrons up to the acyl
oxidation state.1,19

To capture some of the energy in a chemically useful form as the aldehyde
oxidation proceeds, the enzyme acts to oxidize not the free aldehyde but
instead a covalent enzyme–thiohemiacetal adduct. This is the key logic for
energy harvesting (Figure 6.13).

An active site cysteine thiolate side chain adds reversibly into the aldehyde
carbonyl of bound 3-phospho-glyceraldehyde to form a covalent tetrahedral
adduct between substrate and enzyme. This hemithioacetal is the substrate
for hydride transfer to bound NAD1, constituting the oxidation step
(Figure 6.13). NADH formation is coincident with conversion of the covalent
thiohemiacetal adduct to a covalent acyl thioester: a 3-phospho-glyceryl-S-
cysteinyl enzyme adduct.

We have noted in Figure 6.7 that both acyl thioesters and also acyl–
phosphoric anhydrides are thermodynamically activated acyl groups. The
Keq for hydrolyses are in the range of 105, a clear measure of acyl group
activation. Thus, the strategy of glyceraldehyde-3-phosphate dehydrogenase
to oxidize the thiohemiacetal to the acyl thioester is the energy capture step.
If instead the aldehyde form of the bound substrate were oxidized, the result
would be the resonance-stabilized 3-phospho-glycerate, the free acid. None
of the acyl group activation energy would have been captured.

The problem the dehydrogenase now faces is that the activated three-
carbon acyl group is covalently tethered to an active site cysteine residue.
The enzyme cannot act catalytically until it gets back to a free cysteine
residue in the active site. Separately, the energy-rich noncovalently bound
NADH can dissociate stochastically to be replaced by the next molecule of
NAD1. The enzyme solves this catalysis-limiting issue by using inorganic
phosphate as a third substrate. One of the oxyanions of a dianionic phos-
phate ion attacks the activated acyl group (Figure 6.13), with net transfer to
Pi, to release 1,3-diphosphoglycerate. This is a phosphorolytic removal of the
phosphoglyceryl acyl group from the enzyme. (see Chapter 9) The enzyme is
now free to commence the next catalytic cycle.
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Of the two phosphoryl groups in the 1,3-diphosphoglycerate product, the
3-phosphoryl group is a ‘‘low energy’’ alcohol–phosphate monoester. The
newly generated 1-phosphate is a mixed acyl–phosphoric anhydride linkage.
As an anhydride it is activated for transfer to nucleophiles. This is validated
experimentally by the next (seventh) enzyme in the pathway. It is named
3-phosphoglycerate kinase but runs physiologically in the opposite dir-
ection: the formation of ATP from ADP and 3-PGA from the 1,3-diphos-
pholycerate (Figure 6.14). This is an energy harvesting step (not an energy

Figure 6.13 Glyceraldehyde-3-phosphate dehydrogenase is the first energy-capture
catalyst in glycolysis. Oxidation of the thiohemiacetal substrate–enzyme
adduct rather than free 3-phospho-glyceraldehyde, harvests energy in
both products. NADH is a thermodynamically activated cellular redox
currency. The 3-phospho-glyceryl-S-enzyme is an activated thioester,
phosphorolyzed to yield the released 1,3-diphosphglycerate with acyl-
phosphate linkage at C1.
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capturing step), converting the kinetically labile acyl-phosphate to the kin-
etically stable workhorse energy supply ATP.

Of the several strategic lessons the 3-phosphoglycerate enzyme machinery
displays for converting low energy phosphates to high energy phosphates for
formation of ATP, four are worth explicit mention. First is the capture of the

Figure 6.14 3-PGA kinase is misnamed in that it does not ordinarily run in the
direction of ATP transfer of a –PO3

2� group to 3-phosphoglycerate.
Instead, it runs in the opposite direction, reflecting the higher thermo-
dynamic phosphoryl group transfer of the acyl-phosphate moiety com-
pared with ATP. This enzyme converts the specialized acyl phosphate
scaffold of 1,3-di-PGA to the common ATP as the cellular phosphoryl
transfer currency.
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two electrons removed from glyceraldehyde-3-phosphate in NADH, the
common cellular electron transfer currency, set to send electrons down
mitochondrial electron transport chains for the F-ATP synthase to function.
Second is the oxidation, not of the 3-phospho-glyceraldehdye but instead the
covalent thiohemiacetal to produce the activated acyl–thioester enzyme ad-
duct. Third is the use of inorganic phosphate as an oxyanion nucleophile to
remove the activated acyl group in an energy neutral acyl transfer (from
thiolate to phosphate) to yield released 1,3-diphosphoglycerate.

Fourth, we note in passing in this transfer step the dehydrogenase is
acting as a phosphorylase. That is, the activated acyl group is transferred out
to inorganic phosphate. Had it been transferred to water, a hydrolase out-
come, the thermodynamic activation would have been dissipated. Remark-
ably, the enzyme takes the resonance stabilized inorganic phosphate
dianion–monoanion mixture and converts that phosphate to the phos-
phoryl group in the mixed acyl–phosphoric anhydride.

Finally, we note that both products, NADH and 1,3-di-PGA, are ther-
modynamically activated and represent capture of some of the oxidative
energy in chemically useful cellular scaffolds, especially after 1,3-di-PGA
is processed to 3-PGA and ATP. Since two molecules of the three-carbon
1,3-di-PGA scaffolds are created from each six-carbon starting glucose
molecule, the return on ATP is two molecules in this step, balancing the
two ATPs spent to phosphorylate glucose and then fructose-6-phosphate.
The net energy balance of ATPs in vs. ATPs out to this point in glycolysis
is zero.

The 3-phosphoglycerate is three enzymatic steps away from pyruvate,
considered the end of the ten-enzyme cytoplasmic branch of glycolysis.
Pyruvate subsequently enters mitochondria, is oxidatively decarboxylated to
deliver both NADH and acetyl-CoA for its entry into the citric acid cycle.

The eighth enzyme in glycolysis, moves the phosphate group between
the starting 3-position and the adjacent 2-OH of the glycerate scaffold, to
equilibrate 3-PGA with 2-PGA. As in the earlier triose-phosphate iso-
merase step, all downstream flux proceeds from one isomer, the 2-PGA
isomer.

6.2.3 Enolase as the Second Glycolytic Enzyme Creating a
Thermodynamically Activated Phosphate Scaffold

The ninth enzyme of the glycolytic pathway is the enzyme enolase. As the
name indicates it generates an enol product, in particular phosphoenol-
pyruvate (PEP) from the 2-PGA substrate.20 (Figure 6.15) The results of
mechanistic study have indicated that catalysis begins with proton ab-
straction from C2 of 2-PGA, producing a carbanionic transition state. That
incipient negative charge density at C2 helps expel the adjacent C3–OH. The
net result is loss of an equivalent of water as a double bond is created across
C2–C3. That new double bond is part of the phosphorylated C2-enol scaffold
in phosphoenolpyruvate.
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Figure 6.15 The final three enzymes of the ten-enzyme glycolysis pathway convert 3-PGA to 2-PGA, dehydrate 2-PGA to the trapped enol
PEP, and then transfer the –PO3

2� group to ADP. The PGA mutase uses covalent phosphoryl enzyme logic to move the –PO3
2�

group from the C2-OH to the C3-OH of PGA. Enolase effects a remarkable dehydration to convert a low energy 2-PGA scaffold
to the trapped enol in PEP. The favorable conversion of PEP and ADP to pyruvate and ATP by pyruvate kinase again is an
indication that the phosphoryl group transfer potential in PEP is greater than that of ATP.
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The phosphoryl group represents a derivatization of the enolate in a
trapped form of enolpyruvate. The enol is much less stable than the keto
form. Thus, if the enolate were free it would isomerize to the more stable
keto group in the molecule pyruvate such that the enolate would be at
vanishingly low abundance. This is the structural basis for the phosphoryl-
ated, trapped enol in PEP as a thermodynamically activated phosphoryl
transfer agent. The free keto acid pyruvate is much more stable.

Evidence for the high phosphoryl group transfer potential of the enol
phosphate group in PEP is provided by the tenth (and last enzyme) of the
glycolytic pathway. Pyruvate kinase is named for transfer of ATP to the enol
form of pyruvate, but the enzyme runs physiologically in the direction of ATP
synthesis, not ATP cleavage (Figure 6.15). One of the ADP b-phosphate oxy-
anions attacks the phosphoryl group of PEP, effecting a favorable –PO3

2�

transfer and ATP formation. The immediate coproduct is the enolate anion
of pyruvate. Its favored, nonenzymatic ketonization helps drive the forward
equilibrium in the direction of ATP synthesis.

The net output of ATP formation: two ATPs from pyruvate kinase action
and two ATPs from phosphoglycerate kinase action for a total of four ATPs
produced for each six-carbon glucose converted by the ten enzymes of gly-
colysis to two pyruvates. Cells spend two ATPs to prime the first two kinases
in the pathway, so the net output from glycolysis is two ATPs, from the four
electrons removed from the glucose scaffold. The subsequent metabolic
oxidation of each pyruvate molecule to three molecules of CO2 yields the
other 20 electrons originally in glucose. Those ten electron pairs can give
32–36 ATPs by F-ATP synthase action, as summarized above.

Thus, glycolysis produces about 1/17 to 1/19, or about 6–7%, of the ATP
yield available from oxidative phosphorylation. This is a lean way to eke out a
living, may have been a mainstay of some anaerobic ways of life, and shows
the energy advantage in full aerobic oxidation of glucose to six CO2.

In humans some stem cells in certain microanaerobic niches and some
tumor cells practice glycolysis rather than respiration.21 If there is enough
flux down the glycolytic pathway, cells and tissues can survive. (As an aside:
as pyruvate and NADH build up in glycolysis, the pathway becomes inhibited
and electrons get dumped into pyruvate to produce lactate which is secreted
from cells: think muscles that build up lactate as they go transiently
anaerobic.)

In sum, cells have learned three ways of forming the Pb–O–Pg anhydride
bond in ATP, driving the unfavorable conversion of ADP and Pi to ATP. Two
of them are chemical transfers of activated electrophilic phosphoryl groups
from an acyl-phosphate (1,3-diphosphoglycerate) and from a trapped,
phosphorylated enol (PEP). These are tandem energy-generating and energy-
harvesting steps in glycolysis. These two strategies presumably were early
success stories in the metabolic evolution of ATP generation and introduced
the mixed acyl–phosphoric anhydrides and the phosphorylated enols as
kinetically stable, thermodynamically activated forms of organic phosphate

Activated Phosphoryl Groups and Biosynthetic Paths to ATP 201



in biological systems, similarly activated to the phosphoric anhydride side
chain of ATP.

The third route to ATP synthesis dominates the energy calculus of aer-
obic metabolism and is likely to be the driving force for metabolic energy
yields of aerobic organisms. The F-ATP synthase is clearly an evolutionarily
related member of the transmembrane ion pumps, used in many sub-
cellular compartments (Chapter 3). The ATP synthase directionality de-
pends on running the ATPase-driven ion pumps in the opposite direction.
The ability of the bacterial membranes, and the evolved mitochondria and
chloroplasts to pump protons anisotropically into intermembrane spaces
and then let them flow back down electrochemical gradients in the ATP
synthase active site is the necessary precondition for providing enough
energy to run ATP hydrolysis backwards. We have noted in Figures 3.1 and
3.2 that ATP synthase is unique in using an ADP-oxyanion to attack co-
substrate Pi and catalyze what amounts to a formal dehydration of that
unactivated inorganic phosphate, an uphill process energetically. The
downhill flow of protons is what drives the unfavorable coupling of Pi and
ADP to yield ATP.

The thought that humans can run these proton pumps to makeB70 kg of
ATP per day, replenishing the inventory of 75 g a thousand times is a stu-
pendous advance over the substrate level production of ATP in glycolysis.
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CHAPTER 7

Phosphomonoesters: Enzymatic
Formation and Decomposition

To fill out the chemical biology of inorganic phosphate, inorganic pyr-
ophosphate, and the phosphoric anhydride backbones of the side chain of
ATP and cognate nucleoside triphosphates, most of the rest of phosphate
metabolism occurs as phosphoesters (see Chapter 1 Section 1.10). Phos-
phoesters form by enzymatic condensation of an alcohol oxygen atom with a
phosphoryl group (PO3

2�), most often from attack on Pg of Mg–ATP
(Figure 7.1).

In Chapter 3 we focused on ATP as the donor of phosphoryl groups to
cosubstrate alcohols, the favorable thermodynamics for transfer of the
–PO3

2� group, and its role as an electrophilic fragment in flight. We also
noted that many phosphorylated metabolites undergo subsequent enzym-
atic transformations where the –PO3

2� is transferred on to water. These net
dephosphorylations constitute the back half of phosphoryl group transfer
metabolism, including (as presented in Section IV) up toB250 000 dephos-
phorylations of P-Ser, P-Thr, and P-Tyr side chains in the human proteome.
All these phosphoryl transfers to water molecules are catalyzed by the
large class of enzymes known as phosphatases. They are a main focus of this
chapter.

In keeping with the fact that phosphorus in the þ5 oxidation state in
inorganic phosphate has one double bonded oxygen and three –OH bonds,
phosphomonesters, phosphodiesters, and phosphotriesters are all possible
(Figure 7.1) from successive esterification with alcohols. We will note that
the chemical biology of phosphomonoesters and phosphodiesters are
prevalent, with only a small number of phosphotriester metabolites and
most of these are of xenobiotic origin (e.g. pesticides and nerve gases).
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Figure 7.1 The tribasic inorganic phosphoric acid, H3PO4 can undergo three successive ionizations, from acidic to neutral to basic pH.
Analogously, alcohols can react with phosphoric acid, once to generate phosphomonoesters, twice to phosphodiesters, or three
times to phosphotriesters. The monoesters and diesters are common biological metabolites, the phosphotriesters are not.
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Phosphomonoesters typically arise by kinase action: mediating an alcohol
substrate attacking Pg of Mg–ATP. (Some classes of substrates that can give
accessible carbocations can be captured by inorganic phosphate in the active
sites of phosphorylases—see Chapter 9).

Correspondingly, the two predominant classes of biological phosphodiesters –
the internucleotide 305-phosphodiester bonds in RNA and DNA and the
cyclic nucleotides such as cAMP and cGMP – typically arise by enzymatic
nucleotidyl transfers. Those occur by attack of an alcohol oxygen nucleophile
on Pa of the cosubstrate NTP or 20deoxyNTP (Figures 7.2 and 7.3). We reprise
and summarize the catalytic machinery for formation and breakdown of
some specific phosphomonoesters in this chapter and then phosphodiesters
in Chapter 8.

7.1 Phosphomonoesters: Formation, Function,
Hydrolysis

Dozens of phosphate monoesters are formed in cellular metabolism of
low molecular weight compounds and hundreds of thousands of
phosphoprotein monoesters in phosphoproteomes. The latter topic is
covered separately in Section IV. While the great majority of phosphomo-
noesters arise by kinase action from ATP, there are key phosphate esters
generated by action of phosphorylase enzymes, these will be covered in
Chapter 9.

Sugar metabolism may be the richest in phosphate ester deployment. We
have noted in Chapter 6 how glucose-6-phosphate and then fructose-6-
phosphate are phosphorylated by kinases in the two of the first three steps
of glycolysis. These are often regarded as ionized handles to keep the
otherwise neutral sugars trapped within cells. Furthermore, we have seen
in Chapter 6 how four of the subsequent seven enzymes of the glycolytic
pathway turn those ‘‘low energy’’ phosphomonoesters into ‘‘high
energy’’ acyl phosphate or enol phosphate, capable of driving ATP syn-
thesis. These are remarkable chemical transformations for which
glyceraldehyde-3-phosphate dehydrogenase and enolase are energy-
capturing nanomachines.

Two alternative metabolic branchings from the initial glucose-6-phosphate
metabolite also reveal the utility of the phosphomonoester functionalities.
One involves the conversion of glucose-6-phosphate to glucose-1-phosphate
to vector hexose units into pathways that store the glucosyl units as energy
reserve polymers such as starch (plants) or glycogen (animals) (Figure 7.4).
The other branching is named the pentose phosphate pathway. It involves
an enzymatic oxidative decarboxylation route to ribose-5-phosphate. We
have noted in the pyrophosphoryl transferase section of Chapter 5 how
5-phospho-ribose is then converted to 5-phospho-ribose-1-pyrophosphate
(PRPP) as the active form of ribose for biosynthesis of RNA and DNA
nucleotide monomers (Figure 7.4).
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Figure 7.2 When alcohols are the cosubstrates, enzymatic phosphoryl transfers generate phosphomonoesters.
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Figure 7.3 Adenylyl transfers instead generate phosphodiesters.

Phosphom
onoesters:

Enzym
atic

Form
ation

and
D

ecom
position

209



Figure 7.4 Two pathways for glucose-6-phosphate that compete with and partition the substrate away from glycolysis. The upper (pentose-
phosphate) pathway is an oxidative decarboxylation route to convert the six-carbon aldohexose framework of glucose-6-
phosphate to the five-carbon aldose scaffold of ribose-5-phosphate. The bottom path converts glucose-6-phosphate to
glucose-1-phosphate on the way to UDP glucose and then oligosaccharide and glycoprotein biosynthesis.
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Between the glycolytic pathways and the pentose phosphate pathways,
the three-carbon aldose glyceraldehyde-3-phosphate, the four-carbon
erythrose-4-phosphate, the five-carbon ribose-5-phosphate, and the six car-
bon glucose-6-phosphate are all featured as sugars with an aldehyde at C1
and a phosphomonoester at the other, primary alcohol terminus
(Figure 7.5).

We have also discussed the fate of such phosphorylated hexoses as
glucose-1-phosphate, galactose-1-phosphate, and mannose-1-phosphate as
substrates for nucleotidyl transferases. These yield UDP–glucose,
UDP–galactose and GDP–mannose, respectively, as the activated forms of
hexose units electrophilic at the C10 carbon for chain elongation reactions,
e.g. for glycogen, starch, or cellulose synthesis (Chapter 4).

Figure 7.5 Primary carbohydrate metabolism involves sugar scaffolds from C3 to C6
that each have a phosphomonoester on the primary alcohol group of the
sugar and an aldehyde group at C1. The two functional groups enable a
wide range of metabolic scaffold transformations.
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7.2 Phosphoglucomutase: Connecting Glycolysis to
Hexose Oligomerizations

Phosphoglucomutase is not a net phosphorylating enzyme. The com-
positional phosphorylation state of the substrates glucose-6-phosphate and
glucose-1-phosphate does not change. The regiochemistry does. On the
surface the stoichiometry might suggest the –PO3

2� shuttles between C6–OH
and C1–OH of the glucose framework. In reality the transformation is sub-
stantially more complex. The enzyme is a phosphoryl transferase but not a
kinase (no ATP utilization).

The strategy for converting glucose-6-phosphate, the first trapped form of
glucose once it enters cells, into glucose-1-phosphate as the hexose deriva-
tive committed to polysaccharide and protein glycosylations, is an intriguing
one.1 The enzyme phosphoglucomutase equilibrates glucose-6-phosphate
with glucose-1-phosphate by starting each catalytic cycle with a –PO3

2�

moiety covalently bound to an active serine side chain hydroxyl: a phos-
phoseryl enzyme as resting form of the catalyst (Figure 7.6). As glucose-6-
phosphate binds, the C10-OH of the a-anomer is within attacking distance of
the phosphoserine group. As depicted in Figure 7.6, phosphoryl group
transfer occurs to yield bound glucose-1,6-diphosphate transiently and the
dephosphorylated serine residue. The trick from here is for the newly formed
1,6-diphosphoglucose then to rotate within the active site, perhaps driving
an altered active site conformation, such that the 6-phosphate of glucose-1,6-
diphosphate comes close enough for the seryl residue –OH side chain to act
as a nucleophile. This constitutes a second phosphoryl group transfer, re-
generates the enzyme–Ser–OPO3

2� for the next catalytic cycle and yields
bound gucose-1-phosphate. Its dissociation completes the phosphogluco-
mutase catalytic cycle. Presumably as the newly synthesized mutase enzyme
molecules come off the ribosome and fold, they are in inactive dephospho
forms. An initial priming reaction with glucose-6-phosphate would produce
glucose and the active post-translationally modified enzyme–PO3

2�

(Figure 7.6).
Phosphoglucomutase thus utilizes an ingenious route to convert glucose-

6-phosphate molecules to glucose-1-phosphate molecules. There is no direct
transfer of a given –PO3

2� group from C6 to C1 or vice-versa. Geometric
considerations may prevent such direct intramolecular transfer between
those two hydroxyls. One could imagine evolution of an active site to bind
two hexose-phosphate molecules and enable an intermolecular PO3

2�

transfer. The extant enzyme–PO3
2� route, binding one molecule of either

sugar–phosphate regioisomer, may be more economical. The enzyme carries
out two phosphoryl group transfers in each catalytic cycle: from active site
serine to glucose (at C1 or C6) and then back.

Vitamins undergo enzymatic alcohol phosphorylations from ATP; pyrid-
oxine to pyridoxal-phosphate, riboflavin to FMN2 (Figure 7.7). The amino
acid serine and threonine are O-phosphorylated by ATP-dependent kinases
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Figure 7.6 Phosphoglucomutase starts each catalytic cycle as a phosphoseryl enzyme species. When glucose-6-phosphate or glucose-1-
phosphate binds to the active site, the enzyme–PO3

2� group is transferred to substrate, to generate transiently the depho-
sphoenzyme and 1,6-diphosphoglucose. Attack of the active site Ser–OH then retrieves a phosphoryl group from the
diphosphoglucose scaffold. There must be motion of the 1,6-diphosphoglucose intermediate in the active site to offer either
the 1-phosphate or 6-phosphate in the –PO3

2� transfer that completes catalytic cycles.
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require enzymatic phosphorylation to gain high affinity for their target enzymes. Pyridoxine kinase and riboflavin kinase are
two such catalysts.
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as preamble to subsequent eliminations of inorganic phosphate, thus
achieving C–O bond cleavage in the starting serine or threonine scaffold.
C–O Bond cleavage in mevalonate-5-pyrophosphate is effected after enzym-
atic phosphorylation of the tertiary 3-OH, concomitant with decarboxylation
to generate D3-isoentenyl-pyrophosphate3 (Figure 7.8).

7.3 PEP Activated for P–O or C–O Bond Cleavage
The pyruvate kinase reaction is a classic example of how the monophosphate
ester linkage in the trapped enol scaffold has set up PEP for P–O bond
cleavage and phosphoryl transfer to ADP acting as oxygen nucleophile.
A second mode of reactivity of PEP, net C–O bond cleavage with release of
inorganic phosphate, is seen in two bacterial enzymes. As discussed in
Chapter 6, one is involved in the central biosynthetic pathway to aromatic
compounds including phenylalanine and tyrosine. The other is a key enzyme
in forming the peptidoglycan layer of bacterial cell walls (Figures 6.5
and 6.6).

7.4 Phosphorylated Lipids
In Chapter 4 on formation of scaffolds with disubstituted pyrophosphate
frameworks, we noted formation of phosphorylcholine from ATP and cho-
line in a kinase reaction.4 The phosphoryl choline then serves as nucleophile
at the phosphoryl group oxyanion to attack Pa of CTP in a cytidylyl transfer
enzyme active site (Figure 4.35). A lipid kinase acting on the hydroxyl group
of sphingosine creates sphingosine-1-phosphate as a lipid messenger mol-
ecule in cellular signaling5 (Figure 7.9).

7.4.1 Life Cycle of a Phosphatidylinositol Molecule

Although phosphatidylinositols are minor membrane phospholipid con-
stituents (1–4%) in many cell membranes, they are enriched to B10%
abundance in brain membrane fractions. As will be noted in the next
chapter, phosphatidylinositols are favored substrates for the action of
phospholipase C, acting as a phosphodiesterase. This class of membrane
phospholipid is also typically enriched in animals with the tetra-unsaturated
C20 fatty acid arachidonate (D5,8,11,14-C20) in ester linkage at the 2-positon of
the glycerol phosphate backbone. On action by phospholipase A, the re-
leased arachidonate is precursor to the whole family of prostaglandins and
prostacyclins, a class of lipids that act as autocrine and paracrine signaling
agents6 (Figures 7.10–7.12).

It is worth a brief detour to consider the enzymatic formation and
breakdown of phosphatidylinositol and its phosphorylated downstream
metabolites to see the full sweep of phosphorus chemical biology in play in
this one molecular lipid class that sits at so many regulatory and signaling
intersections.7–9
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Figure 7.8 In the biosynthesis of more than 50 000 isoprenoid natural products, a key early step in the pathway involves decarboxylation
of the six-carbon mevalonate-1-pyrophosphate metabolite to the five carbon D3-isopentneyl-pyrophosphate. Along with the
C–COO bond breakage is elimination of the C3-tertiary-OH to create the olefinic link in the isopentenyl-pyrophosphate
product. ATP-dependent phosphorylation of that alcohol sets up a low energy barrier for concerted decarboxylation and Pi
elimination.
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Figure 7.9 Enzymatic phosphorylation is key to the activity of the lipid signaling molecule sphingosine-1-phosphate. The lipid kinase acts
on free sphingosine and its lifetime can be controlled by a lipid phosphatase.
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Figure 7.10 The C20 tetraenoic acid (D5,8,11,14) arachidonate is usually esterified at the 2-position of the minor membrane phospholipid
phosphatidylinositol (PI). The arachidonyl ester can be cleaved by action of PI-specific phospholipase A2 to the free C20 acid.
The released arachidonate serves as pathway-initiating substrate for a host of prostaglandins (including the bicyclic
prostacyclins).
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Figure 7.11 Life cycle of a phosphatidyl inositol membrane phospholipid. Biosynthesis of inositol proceeds from glucose-6-phosphate,
via formation of the hydroxycyclohexane scaffold of inositol-1-phosphate and then phosphatase action to release free inositol.
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Figure 7.12 Life cycle of a phosphatidyl inositol membrane phospholipid. PI can undergo tandem phosphorylation by lipid kinases to PI-
4,5-P2. PI-4,5-P2 is then a substrate for PI-selective phospholipase C isoenzymes to cleave that substrate to diacylglycerol and
IP3, each a signaling molecule. In turn IP3 can be further phosphorylated, all the way to IP6 and even IP7 and IP8 that bear
unusual pyrophosphate groups at C5 or C1 and C5.

220
C

hapter
7



The inositol moiety is an unusual sugar in that it has a cyclohexane (all
carbon) framework rather than a typical aldose or ketose scaffold. Bio-
synthesis proceeds from gucose-6-phosphate through an internal redox and
aldol condensation sequence to yield myoinositol-1-phosphate. Phosphatase
action then releases Pi and free inositol to serve as nucleophile towards CDP
diglyceride in phosphatidylinositol synthase active sites.

In humans the conversion of free inositol to a form activated for transfer
follows a typical strategy. The C1–OH of inositol is selected as a kinetically
competent nucleophile from among the five other –OH groups by
phosphatidyinositol synthase to generate the PI product. The cosubstrate
that is attacked is CDP–diacylglycerol so the product is phosphatidylino-
sitol and CMP (Figure 7.11). CDP–diglyceride in turn arose from the
phosphoryl group oxyanion of phosphatidic acid attacking Pa of CTP in a
nucleotidyl transfer reaction. Thus, the involvement of phosphorylated
metabolites in generation of one phosphatidylinositol molecule involves
three kinds of enzymes acting on phosphorus groups: a phosphatase, a
nucleotidyl transferase and a regiospecific variant of a nucleotidyl elim-
inase in the phosphatidyl transfer step carried out by phosphatidylinositol
synthase.

Phosphatidylinositols are also the substrates for at least three lipid
kinases, using either the 3-OH, 4-OH, or 5-OH as nucleophiles towards Pg of
Mg–ATP to produce three regioisomeric phosphoinositol phosphate (PIP)
monoesters.10 Tandem action by a second kinase leads to phosphoinositol
diphosphate (PIP2) regioisomers, of which the 4,5-PIP2 is a major product
(Figure 7.12).

Action of phospholipase C on 4,5-PIP2 produces the diacylglycerol and
triphosphorylated inositol (IP3), both mediators of metabolic steps in lipid
metabolism and/or calcium ion release from the endoplasmic reticulum,
respectively.11–13 IP3 has a half-life of a few seconds in most cell cytoplasms
as inositol phosphate phosphatases act to remove all three phosphates hy-
drolytically to get back to starting inositol (Figure 7.12).

Thus, this phase of PI conversion to PIP2 formation and cleavage involves
three kinases, some acting more than once, the phosphodiesterase activity of
phospholipase C, and three phosphatase steps converting IP3 to inositol and
three Pi molecules.14 A total of seven enzymes in this phase plus three en-
zymes in PI formation sums to ten enzymes dealing with phosphate groups in
some form or context in the life cycle of this phosphatidylinositol membrane
lipid molecule.

Remarkably, the IP3 product can also serve as a substrate for three more
kinase steps to create the hexaphosphorylated inositol,15 IP6, thought to be a
protein ligand, perhaps in regulation of cellular homeostasis of inorganic
phosphate levels (Figure 7.12). Finally, a kinase can phosphorylate IP6 on the
50-phosphate group to yield IP7. IP7 has five monophosphate ester groups
and one pyrophosphoryl ester grouping16 at C5. Whether the IP7 acts as an
alternative phosphorylating agent through this –P–O–P– anhydride linkage
is not clearly established.
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7.5 Phosphatases: Hydrolysis of Phosphate
Monoesters

More than 100 low molecular weight metabolites are known to be phos-
phorylated and then acted on by intracellular enzymes acting as hydrolytic
phosphoesterases, commonly abbreviated to the term phosphatases. The
metabolic roles of phosphatases that act on low molecular weight phos-
phomonoesters are generally to release the inorganic phosphate for use in a
variety of biosynthetic roles, most notably in bone and teeth formation, in
ATP synthase action (B10 kg per day for this function), and as a substrate for
phosphorylases (Chapter 9).

We commented in Chapter 2 that, in humans, serum [Pi] levels are closely
regulated in the 1–1.5mM range. Prokaryotes often secrete phosphatases to
enable hydrolysis of external phosphoesters and subsequent import of in-
organic phosphate. In eukaryotes, lysosomes are digestive organelles that
contain both highly active phosphomonoesterases and phosphodiesterases
to cleave the alcoholic C–O–P bonds in both types of phosphoester sub-
strates. Such catalysts liberate inorganic phosphate from monoesters and
generate alcohol fragments and monophosphates from phosphodiesters.

The tandem action of phosphodiesterases and phosphomonoesterases,
for example, will convert long chain DNA and RNA molecules to Pi and the
phosphate-free nucleosides (Figure 7.13). The neutral, phosphate-free or-
ganic product scaffolds are often exported by solute transport proteins
across the lysosomal membrane into the cytoplasm where they are phased
into metabolic pathways (e.g. nucleoside phosphoribosylation from PRPP as
salvage pathways). The charged dianionic inorganic phosphate coproduct
passes out of the lysosomes via phosphate transport proteins. In Gram-
negative bacteria, these phosphate ester hydrolases are often in the peri-
plasmic space, allowing the neutral products from such cleavages to be
transported readily into cells.

7.5.1 Phosphate Monoester Hydrolysis Mechanisms

In cells there is typically a balance of kinase and phosphatase action, both on
the low molecular weight B100 phosphorylated metabolites in primary
metabolic pathways as well as the protein kinase and protein phosphatase
universe of Section IV.

We noted in Chapter 1 that phosphate esters are chemically stable under
physiological conditions. Thus, the energy barriers for spontaneous hy-
drolysis are so high that essentially every phosphoester bond hydrolyzed by
organisms requires enzymatic catalysis. The negative charges (up to two on
phosphomonoesters and one on phosphodiesters) contribute to the hydro-
lytic stabilities. Bowler et al.17 noted that trimethyl phosphate is hydrolyzed
109-fold more rapidly than the monoanionic dimethyl phosphate while the
monomethyl phosphate was some 1012-fold more resistant to hydroxide ion
compared with the trimethylester.18 Analogously, the rate constant for
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Figure 7.13 Phosphatases vs. phosphodiesterases. Enzymes that hydrolyze phosphate monoesters are colloquially termed phosphatases.
Phosphodiester hydrolases are designated phosphodiesterases. For example, tandem action of phosphodieterases, then
phosphatases on a –pApUp– stretch of RNA will yield the free neutral nucleosides and inorganic phosphate dianions.
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hydrolysis of the di-neopentyl phosphate diester was estimated at 7�10�16

s�1 for an extrapolated half-life of anionic 30,50-phosphodiester bonds in
DNA ofB31 million years.18

Despite the chemical stability that borders on almost infinite for bio-
logical time horizons, phosphate monoesters and diesters are hydrolyzed
enzymatically with turnover rates that can occur in milliseconds. Catalytic
rate accelerations over nonenzymatic hydrolysis rates17 can range from 1014

to 1021, spurring investigators to many detailed mechanistic efforts to parse
the several orders of magnitude accelerations into particular sub-
categories.19 The timing of water attack on the central electrophilic phos-
phorus has consequences for the various mechanistic possibilities among
this large class of hydrolytic enzymes.

Three limiting possibilities for phosphomonoester hydrolysis by cellular
phosphatases are displayed in Figures 7.14 and 7.15 and mimic the possi-
bilities in Figure 3.4. The two external routes can be classified as associative
vs. dissociative mechanisms. In the associative mechanism (top arrows) the
transition state indicates bond forming before bond breaking. Full bond
formation before any bond breakage would generate a pentacovalent phos-
phorane species, as noted previously at the outset of Chapter 3. The in-
coming water has formed a HO–P bond. The phosphorus atom remains in
its [þ5] oxidation state, but now has five oxygen substituents, two apical and
three equatorial. The negative charge on one of the apical oxygen anions can
act as an intramolecular assistant to ejection of RO� (with protonation as it
leaves from the other apical position in an inline displacement). This creates
the inorganic phosphate product along with the displaced ROH.

In contrast the bottom arm of Figures 7.14–7.15 depicts a dissociative
mechanism in which the RO� bond to phosphorus breaks early, before any
bond formation to the incoming –OH nucleophile. This dissociative route
would generate the indicated phosphate species known as the metapho-
sphate anion. This is a known species in some phosphate ester nonenzymatic
chemistry.20,21 The metaphosphate anion transition state would then be
captured by a late P–OH bond formation to give the observed product in-
organic phosphate.

Within these two limits there can be a large number of intermediate cases
with partial bond breaking and partial bond making at phosphorus in re-
action coordinates and these hybrid mechanisms are probably most highly
populated. As noted in Chapter 3 we have adopted the simplest formulation
in arrow pushing of electrons attacking the central electrophilic
phosphorus atom.

A third possible route for enzymatic phosphatase action is to create an
intermediate where the initial kinetically competent nucleophile is a nu-
cleophilic amino acid side chain in the active site if the enzyme. As shown in
Figures 7.14 and 7.15 this would produce a covalent phosphoryl enzyme
intermediate while ROH departs. Then, in a second step the enzyme cata-
lyzes the attack of the cosubstrate water molecule on the phosphoenzyme
intermediate, cleaving the P–X–Enzyme bond and generating inorganic
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Figure 7.14 Two limiting mechanisms for direct phosphomonoester hydrolysis. The top path shows an associative route, with pentacovalent
phosphorane transition state before the leaving group alcohol departs. The bottom route shows early cleavage of the P–OR
phosphorus oxygen bond to create a metaphosphate ion that then adds water. There can be intermediate paths and transition
states with partial P–O bond cleavage vs. P–O bond formation from the incoming water molecule (middle arrows).
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Figure 7.15 Indirect hydrolysis route via a covalent phosphoryl enzyme intermediate. In this case there are two kinetically significant
nucleophiles. In the first step it is an enzyme side chain. In the second step it is a water molecule attacking the covalent
phosphoryl–enzyme adduct.
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phosphate product. We will note in Chapter 13 that nine side chains of
amino acid residues in proteins can, in principle, serve as nucleophiles in
protein phosphorylations by ATP.

An enormous amount of effort over the years has been applied to decon-
volution of phosphatase enzyme mechanisms to get at the fundamental
chemical biology parameters of phosphate groups in metabolic pathways.
Two thoughtful reviews, written 30 years apart, summarize lessons from
many of those mechanistic efforts. The first was a review by Jeremy
Knowles22 in 1980, the second from the Herschlag group19 in 2011.

The Knowles review was written at the height of stereochemical studies
designed to constrain mechanisms for phosphoryl transfer enzymes, from
kinases, to phosphatases and phosphodiesterases. The stereochemical
probes were either phosphoryl groups labeled chirally with three isotopes of
oxygen (O16, O17, O18)23,24 (Figure 7.16) or diastereomers of phosphor-
othioates. The use of the P–S–phosphorothioates as sterochemical probes25

is discussed in Chapter 12.
The determination of chirality in the products required much ingenuity

and inventive methodologies These included chiral syntheses, e.g. of the SP

isomer of ATP–Pg-[16O, 17O, 18O] (Figure 7.17), and then NMR analysis of
rigidified products with the oxygen-isotope shifts on 31P-NMR spectra as the
analytical method for product chirality determinations.22–24

Figure 7.17 depicts three kinases that revealed phosphoryl group
transfer with inversion of stereochemistry when examined by the oxygen
isotope chirality approach.22 Hexokinase was assessed with the S-isomer of
–Pg–[16O, 17O, 18O]–ATP and the C6–OH of glucose as cosubstrate nucleo-
phile. Pyruvate kinase was assessed in the favored direction of phosphoryl
group transfer from the enol phosphate PEP to ADP as nucleophile. The
third example was with chiral ATP and acetate kinase generating the mixed
acyl phosphoric anhydride acetyl phosphate, again with inversion of
stereochemistry at the –PO3

2� group in flight.
From these three and additional subsequent enzymatic phosphoryl

transfers, the evidence accumulated to indicate that phosphoryl transfer
always involves inversion of stereochemistry at phosphorus.22,24 This rules
against the dissociative (metaphosphate where racemization would be ex-
pected) and in favor of the associative, in-line mechanistic route. In the cases
where a phosphoryl–enzyme intermediate was kinetically and chemically
competent, the stereochemical result was retention at phosphorus, con-
sistent with two steps, each involving an inversion of phosphorus
stereochemistry.

The 2011 article by Herschlag’s group19 sums up much of the findings in
the intervening 30 years from the Knowles analysis. In particular it is an in
depth physical chemical approach to examine how well-studied phos-
phatases such as alkaline phosphatase achieve their stupendous rate ac-
celerations. A well-studied set of alkaline phosphatases are prototypes of a
phosphatase superfamily that has a bimetallic zinc ion center that orients
the phosphoester substrate and also activates the cosubstrate water for
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Figure 7.16 Chirality at phosphate groups: The terminal phosphate group of ATP has three equivalent oxygens. In stereochemical terms that
phosphate is a preprochiral center. Stereospecific replacement of one 16O by say an 18O isotope would convert the phosphorus
center only to a prochiral center. All three oxygens have to be differentiable. That condition is satisfied in a chirally formed
[16O,17O,18O]-phosphate monoester or substituted anhydride. The SP isomer of [16O,17O,18O]–Pg–ATP was generated and used to
assess enzymatic phosphoryl group stereochemistry.
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Figure 7.17 Chirality at phosphate groups: Hexokinase, pyruvate kinase (in the PEP to ATP direction), and acetate kinase were all shown
to proceed with inversion of stereochemistry at the phosphoryl group in flight.
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acceleration of the hydrolysis. In the alkaline phosphatase case the rate
acceleration is1011 fold over the nonenzymatic rate.19

A plethora of structural and mechanistic information is available on this
prototypic phosphomonoester hydrolase. Figure 7.18 sketches the location
of the two essential zinc atoms. In the initial complex of bound phospho-
monoester substrate, Zn1 coordinates the Ser102 –OH catalytic nucleophile
and one of the phosphate ester oxygens. Zn2 coordinates that same phos-
phate oxyanion and is held in place by three side chain residues of the en-
zyme. The middle panel of the top line of Figure 7.18 indicates a relatively
loose transition state (more dissociative than associative but with inversion
of stereochemistry at the –PO3

2� in flight). The result of the first of
two consecutive phosphoryl transfers is a covalent phosphoryl enzyme with
the –PO3

2� group covalently bound to the Ser102 side chain oxygen atom. The
alcohol leaving group is initially liganded to Zn2 and then released to be
replaced by a water molecule.

Then, the second half reaction transpires: dephosphorylation of the
phosphoryl enzyme by transfer of the –PO3

2� group to the water molecule
held in place and activated by Zn2. This also goes with inversion at phos-
phorus. Two inversions equal a net retention.

Although alkaline phosphatase involves a covalent phosphoryl enzyme
intermediate, many dozens of other members of the bimetallic phosphatase
superfamily use a water molecule directly as the catalytically competent
nucleophile. In those cases, the roles of Zn1 and Zn2, or their replacement
metal cation surrogates (Mg21, Fe21), are equivalent to the alkaline phos-
phatase strategy. Zn1 coordinates and activates the water molecule to attack
as nucleophile. The phosphate ester oxygen is coordinated by one or both
zincs and the leaving alcohol is typically coordinated in the transition state
by metal cation2.

The catalytic turnover rate constant (kcat) ofB100 s�1 contrasts with a half-
life of about 100 years for the nonenzymatic phosphate ester P–O bond
cleavage. Levels of alkaline phosphatase activity rise during active bone
formation, to create high enough levels of inorganic phosphate (from
phosphomonoester-organified forms of phosphate) to form the supersatur-
ated calcium phosphate solutions secreted by osteoblasts.

The Lassilla, Zalatan and Herschlag19 review is an excellent reference
point for readers interested in how enzymes in general and phosphatases in
particular achieve both specificity and rate accelerations, enumerating some
of the forces that contribute to specificities and stupendous rate
accelerations.

7.5.2 Glucose-6-Phosphatase and Fructose-1,6-Bis
Phosphatase

In Chapter 6 we briefly traced the logic of the ten enzymes in glycolysis from
glucose to two molecules of pyruvate to emphasize the steps that create and
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Figure 7.18 Alkaline phosphatase has been studied as a prototypic phosphoester hydrolytic catalyst with stupendous rate acceleration. It
is part of a superfamily of phosphatases and phosphodiesterases that use two or more divalent cations to orient both the
phosphate ester substrate and the incoming water molecule in the active site. Alkaline phosphatase also forms a covalent
phosphoseryl enzyme intermediate, thus tandemly using two catalytic nucleophiles, the active site Ser–OH and then the
solvent H2O, as nucleophiles to effect phosphoester hydrolysis in two tandem steps.
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then harvest thermodynamically activated phosphoryl groups. When there is
sufficient glucose in a cell, glycolysis runs in the fragmentation direction.
However, during fasting the liver and to a lesser extent the kidneys can run
the pathway in reverse, converting two pyruvate molecules into glucose,
creating up to 200 to 300 g of glucose to be dumped into the blood to travel
to other organs for sustenance. This is new synthesis of glucose, termed
gluconeogenesis26 (Figures 7.19 and 7.20). (There is also concomitant mo-
bilization of any stored glycogen by glycogen phosphorylase release of
glucose-1-phosphate units).

There are four named kinases in the glycolytic pathway: in order they
are hexokinase, 6-phospho-fructose-1-kinase, 3-phosphoglycerate kinase
and pyruvate kinase. The latter two enzymes can be reversed at the expense
of ATP cleavage but to get around the 6-phospho-fructose-1 kinase and
the hexokinase steps, the gluconeogenesis pathways employs two
phosphatases.

The first is fructose-1,6-bis-phosphatase, regiospecifically hydrolyzing the
1-phosphoester linkage to yield fructose-6-phosphate.28 The human enzyme
is a homotetramer and requires a divalent cation (Mg21, Mn21, or Zn21) for
catalysis. X-ray structures are available, indicating two Mg21 sites, one of
which coordinates the 1-phosphate dianion of substrate fructose-1,6-bis-
phosphate, while the second Mg21 is thought to orient and activate the
catalytic water molecule as an incipient hydroxide equivalent. The mech-
anism is thought to be associative with the addition or elimination steps
occurring in an ‘‘in line’’ geometry. However, the rabbit enzyme has been
crystallized under conditions where metaphosphate is tightly bound, raising
questions of slow cleavage of Pi vs. a possible dissociative pathway.29

The second phosphatase in gluconeogenesis that bypasses a kinase that
runs in the opposite direction in glycolysis is glucose-6-phosphatase, the
final enzyme in the formation of glucose.30 This is an intrinsic transmem-
brane enzyme that resides not in the cytoplasm (where hexokinase isozymes
are located) but in secretory compartment membranes. It is part of a com-
plex with a glucose transporter. As glucose-6-phosphate is hydrolyzed in the
secretory vacuoles, the free glucose product is transported out of the liver
cells into the blood. The outpouring of glucose into the blood by nocturnal
gluconeogenesis during fasting maintains blood glucose homeostasis and
provides fuel to non-hepatic and non-renal tissues.

A comparison of the energy requirements and products of the two pairs of
steps, the two kinase reactions in glycolysis and the two phosphatase re-
actions in gluconeogenesis, reveal the complementary strategies. The two
ATPs spent to convert glucose to fructose-1,6-bisphosphate, eventually get
converted to two high energy phosphoryl groups as the acyl phosphate group
of 1,3-diphosphoglycerate and the trapped enol phosphate in PEP.

In the gluconeogenesis direction the reversal of the phosphofructokinase
and hexokinase reactions are so uphill energetically, that an alternate
strategy is used. Two phosphatases sequentially remove the 1-phosphate and
then the 6-phosphate via –PO3

2� group transfer to two water molecules
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Figure 7.19 Gluconeogenesis vs. glycolysis in chart form.
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Figure 7.20 Of the four kinases in glycolysis, two are worked around. The third and fourth 3-PGA kinase will run backwards. At the level of
fructose-1,6-bis-phosphate, gluconeogenesis uses a phosphatase to get around phosphofructokinase. At the level of glucose-6-
phosphate, gluconeogenesis uses an ER-localized glucose-6-phosphatase to get around the hexokinase energetic barrier.27
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activated as nucleophiles. The second phosphatase acts not in the cytoplasm
but in a distinct subcellular compartment, the endoplasmic reticular
membrane, allowing the nascent glucose to be pumped outside the cell, e.g.
into blood to maintain blood glucose homeostasis.

While the bis-magnesium ion-requiring fructose-1,6-bisphosphatase is a
typical two metal ion phosphatase that catalyzes direct attack of a cosub-
strate water molecule, glucose-6-phosphatase engages in covalent catalysis.
The kinetically competent nucleophile towards bound glucose-6-phosphate
is one of the two nitrogens in the imidazole side chain of histidine176, as
shown in Figure 7.21A. The free glucose product departs the active site
with P–O bond cleavage as N1 of the imidazole ring forms a new N–P bond
in the covalent phosphoryl enzyme.31 This is a phosphoramidate linkage
(Figure 7.21A). The second half reaction of a glucose-6-phosphatase catalytic
cycle is catalyzed attack of a water molecule on the enzyme–His–N–PO3

2�

covalent intermediate. An inversion of stereochemistry at phosphorus is
assumed in each of the two half reactions: phosphoenzyme formation and
phosphoenzyme breakdown. Note that the enzyme nucleophile in alkaline
phosphatase was an active site serine rather than the active site imidazole
here (Figure 7.21B).

Although we have only examined in detail three of the more than100
phosphomonoesterases and phosphatases in detail here, they reflect two
mechanistic possibilities: direct water attack in a metalloenzyme-catalyzed
hydrolysis vs. a covalent phosphoenzyme intermediate.

7.5.3 Nocturnin: A Circadian Rhythm-Regulated Specific
Phosphatase for NADPH and NADP1

A recently characterized phosphatase example provides insight into the
intersection of circadian rhythm and diurnal control of metabolism. It also
highlights an example of a phosphatase with exquisite substrate scaffold
specificity for dephosphorylating just one of the 4100 phosphorylated low
molecular weight metabolites in primary metabolic pathways.

Among the many genes whose expression is regulated by circadian clock
biomachinery, the mRNA encoding a protein named nocturnin is greatly
increased at the onset of dark.32 Nocturnin is a predicted member of the
superfamily of metal-requiring phosphoryl–adenylyl-transferases. Two
isoforms are expressed in mammals, a constitutive form localizing to the
endoplasmic reticulum and the circadian-regulated protein that transits to
mitochondria.32

The substrate for nocturnin has recently been identified as nicotinamide
adenine diphosphate, the form of nicotinamide adenine dinucleotide (NAD)
that has undergone kinase-mediated biosynthetic phosphorylation at the 20-
OH of the ribose ring in the AMP moiety (generating a 20,5 0-ADP portion)32,33

(Figure 7.22). NADH is the more common nicotinamide coenzyme in cells, at
B10-fold higher concentration than nicotinamide adenine diphosphate
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(NADPH). NADH and NADPH cycle between these reduced forms, where the
redox active nicotinamide ring is in the dihydro oxidation state a thermo-
dynamically activated hydride donor, and the corresponding two electron-
oxidized forms NAD1 and NADP1. The NADPH:NADP1 ratios in cell
approach 95 : 5 to 100 : 1 where NADPH, and not NADH, is the obligate co-
enzyme for fatty acid biosynthesis reductases and for glutathione reductase.

Figure 7.21 Glucose-6-phsphatase catalyzes the terminal step in gluconeogenesis.
(A) The kinetically competent nucleophile at the start of a catalytic cycle
is the imidazole side chain of an active site histidine, resulting in
release of free glucose and formation of a covalent phosphoryl–
histidinyl enzyme adduct. In the second step a water molecule is
activated to attack the –PO3

2� group attached to the enzyme. (B) Two
kinds of covalent phosphoryl enzymes in phosphatase catalysis: a
phosphoseryl enzyme in alkaline phosphatase and a phosphohistidinyl
enzyme in glucose-6-phosphatase.
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Figure 7.22 The circadian rhythm-controlled protein nocturnin is a specific 20-phosphatase acting on NADPH or NADP1 to hydrolyze the
20-phosphoester linkage, generating NADH or NAD1 and Pi, removing the substrate required for function of NADPH- or
NADP1–specific oxidoreductases in mitochondria.
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However, within the mitochondrial compartment itself the two forms of the
coenzyme approach equal levels, [NADH]B[NADPH].

Nocturnin turns out to be a selective phosphatase–phosphomonoesterase,
transferring the 20-phosphoryl group of both reduced NADPH and oxidized
NADP1 to water, generating inorganic phosphate and NADH or NAD1, re-
spectively33 (Figure 7.22). It is likely that this depletion of reduced NADPH
and the reducing power for NADPH-specific oxidoreductases is disrupted
diurnally in mitochondrial metabolism. While nocturnin mRNA peaks and
then decays during dark periods, the lifetime of the inducible form of the
nocturnin protein has not yet been shown to follow that time course, which
might indicate circadian control of accelerated proteolysis. Nocturnin does
not act on the pyrophosphate bridge present in both NADPH/NADP1 and
NADH/NAD1. Very few metabolites have a ribose-20-phsophate moiety, al-
lowing nocturnin to have narrow biological specificity in manipulation of
the two common forms of the nicotinamide coenzymes.
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SECTION III

Types of Phosphorylated
Metabolites and Metabolic
Logic

Section II was focused on ATP and related NTPs, specifically on the ways that
the P–O–P phosphoric anhydride bonds in the triphosphate side chains get
cleaved enzymatically to power otherwise unfavorable equilibria in biology.
This is the central logic of all macromolecular biosynthesis and essentially
every facet of energy metabolism. The single factoid that humans make and
utilize 75–80 kg of ATP every day (B2 million kg in a 75 year life span)
highlights the central place that the P–O–P anhydride bond plays in enabling
the reactions of life.

Section III turns to the different categories of phosphorylated metabolites
that are the actual products of phosphoryl, pyrophosphoryl, and nucleotidyl
transfers from ATP and other NTPs. The products of enzymatic phosphoryl
transfers to substrate alcoholic groups are phosphomonoesters. They and
the enzymes that process them hydrolytically are the subject of Chapter 7.

When phosphate oxyanions are the attacking nucleophiles, phosphodie-
sters are the coproducts along with ADP. Phosphodiester linkages dominate
both nucleic acid chemical biology and the reactions of the second mes-
senger cyclic nucleotides cAMP and cGMP (Chapter 8).

Chapter 9 compares the role of water vs. inorganic phosphate as nucleo-
philes in biology. Water is the cosubstrate for phosphomonoesterases
(phosphatases), phosphodiesterases, and the few phosphotriesterases. In
contrast, there are sets of enzymes that use inorganic phosphate in place of
water and transfer electrophilic substrate groups to produce phosphomo-
noesters. These are critical enzymes for mobilizing carbohydrate monomers
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from such polymers as starch, glycogen, and cellulose. They showcase the
versatility of inorganic phosphate to react either as a phosphorus electro-
phile or, in this case, as an oxygen nucleophile.

Three categories of phosphoryl groups are found in metabolites where one
of the phosphate oxygens is substituted by a nitrogen atom, a carbon atom,
or a sulfur atom. Chapter 10 takes up the N–PO3

� linkages in phosphor-
amidates while Chapter 11 examines the logic and mechanism of formation
of direct C–PO3

� phosphonate linkages. The last chapter in this section,
Chapter 12, examines the relatively small number of S–PO3

2� linkages
(phosphorothioates) in biological systems.
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CHAPTER 8

Phosphodiesters and
Phosphotriesters

Phosphodiester linkages are crucial covalent linkages in several diverse
classes of biological scaffolds. The linkage can be deconstructed formally
into a –PO2

� group formally inserted between two alcoholic oxygens. Usually
the two ROH partners are distinct, reflecting distinct metabolic origins. In
principle, phosphodiesters might arise by some kind of paired sequential
phosphoryl transfer processes. In practice they almost always arise by
nucleotidyl transfers to alcohol nucleophiles as discussed in Chapter 4. In
Chapter 4 we focused on Mg–ATP and other Mg–NTPs as nucleotidyl donors.
In this chapter we shift focus to examination of the resultant phosphodiester
products and their subsequent metabolism. Often those fates are enzymatic
hydrolysis by action of phosphodiesterases.

Three disparate molecular cases of biomolecules where phosphodiesters are
key backbone linkages are: (1) nucleic acids – both RNA and DNA, (2) cyclic
nucleotide second messengers, and (3) a variety of phospholipids that consti-
tute both internal and external cellular membranes. In RNA, DNA and cyclic
nucleotides such as cAMP, and di-cyclic GMP, the origin of the core phos-
phodiester linkages is clear since the XMP moieties comprise one of the alcohol
groups in the phosphodiester linkages. In membrane phospholipids the bio-
synthetic origins from nucleotidyl transfers are cryptic in the final structures.

One of the abiding functional features of biological phosphodiesters is
that at physiological pH values they still carry one negative charge on a
phosphate oxygen.1 This is consequential for RNA and DNA as polyanions,
probably stabilizing them against adventitious nonenzymatic hydrolysis. It.
also explains their association with inorganic and organic cations and
positively charged proteins (e.g. histones). We noted earlier (in Chapter 7)
the estimate that DNA internucleotide phosphodiester bonds might have
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half-lives of 31 million years.2 Likewise, cAMP and cGMP are monoanionic
and generally interact with partner proteins by electrostatics. The phos-
phodiester linkages in glycerol-based phospholipids provide the anionic
water-soluble head groups to balance the hydrophobic tails of such am-
phipathic membrane lipids.

We take up enzymatic cleavages of the internucleotide phosphodiester
bonds in RNA and DNA first, because so many of the cell-based manipula-
tions of informational biopolymer structures involve formation or cleavage
of one or more 30,50-phosphodiester bonds. A set of such of such nucleic acid
phosphodiester formations were noted in Chapter 4, including RNA splicing,
maturation of both 50 and 30 ends of mRNAs, and in the actions of DNA
ligases on single and double strands breaks in DNAs.

8.1 Phosphodiesterases as Nucleases
Biological phosphodiesters are less diverse scaffolds than the4100 variants
of low molecular weight phosphomonoester metabolites. Nor are phospho-
diesters common components resulting from posttranslational modification
of proteins outside of those containing phosphopantetheine prosthetic
groups, such as fatty acid, and polyketide synthases along with nonribo-
somal peptide synthetases.

However, every nucleotide and 20-deoxynucleotide unit in both RNA and DNA,
respectively, is held together by covalent 3,50-phosphodiester bonds (Figure 8.1).
Those internucleotide phosphodiesters are the only covalent linkages between
monomers in any RNA or DNA molecule. We have noted in Chapter 4 that they
are formed by polymerases carrying out nucleotidyl transfers. In turn, they are
cleaved by hydrolytic enzymes termed phosphodiesterases. The products are an
alcohol and a phosphomonoester. Enzymes that cleave these phosphodiester
bonds in RNA or DNA are also usually called nucleases.3

Given the nonenzymatic stability of DNA internucleotide phosphodiester
bonds of some 31 million years,2,4 spontaneous hydrolysis of DNA under
physiological conditions does not happen. DNA is thus a faithful and stable
reservoir of information, absent some external damage. Manipulation of
connectivity therefore requires enzymatic cleavage of the internucleotide
bonds. We noted phosphodiester exchange enzymes in Chapter 4, notably in
RNA splicing, where the sum total of phosphodiester bonds remains con-
stant and the processes are energetically neutral.

Nucleases can cleave phosphodiester bonds hydrolytically from either
end of an RNA or DNA chain with distinct directionality of progression
(a 50 nuclease vs. a 30 nuclease) (Figure 8.2).3 Those are termed exonu-
cleases.5,6 There are also nucleases that can cleave internal phosphodiester
bonds, endonuclease activities7 (Figure 8.2). The more than 900 bacterial
restriction enzymes, so useful in the early years of nucleic acid manipulation
for cutting and pasting double stranded DNA at specific oligonucleotide
sequences, are sequence-specific endonucleases, a specific subgroup of
phosphodiesterases.
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Figure 8.1 The covalent linkages that connect XMP monomer units in RNAs and 20-dXMP monomer units in DNA are 30,50-phospho-
diester linkages. They are the only type of covalent bonds in these two classes of information-carrying biomacromolecules.
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Figure 8.2 Phosphodiesterases acting on nucleic acids (both RNA and DNA) are termed nucleases. Four subclasses in two major categories
can be distinguished based on location of action and regiospecificity of phosphodiester bond cleavage. The two categories are
exonucleases and endonucleases. Exonucleases can act from either the 50 end or the 30-end of the nucleic acid substrate.
Endonucleases can have different sequence specificities but are also categorized by whether they release 50-P and 30-OH
fragments or 50-OH and 30-P fragments.
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8.2 Phosphodiesterase/Nuclease Cleavage
Regiospecificity

Nucleases tend to be specific for DNA or RNA.3 A linear DNA strand or RNA
strand has two distinct ends. Most cellular RNAs are single-stranded from
transcription of a DNA coding strand but there are short double-stranded
(ds) RNAs. Most DNA molecules in a cell are double stranded but there are
single stranded regions during replication, recombination, and repair.
Figure 8.2 shows four patterns of nuclease action to hydrolyze the phos-
phodiester bonds in a model DNA tetranucleotide p–A–p–C–p–G–p–G-OH.
Exonucleases exist that are specific for recognition of either end before
they hydrolyze the terminal phosphodiester bonds. The family of 30- to
50-exonucleases hydrolyze phosphodiester bonds sequentially from the
30-OH terminus, recognizing the unique 30-OH. This is arrow 4 in Figure 8.2.

Conversely, nucleases that require a free dianionic 50-phosphate group for
recognition are 50- to 30-exonucleases, chewing in hydrolytically one phos-
phodiester bond at a time from the 50 end, arrow 1. Note that in every
phosphodiester bond hydrolyzed, there are two choices. The P–O-3 0 or P–O-50

bond could be broken. In the first case a 30-OH end is generated. In the latter
case a 30-OPO3

2� end would be generated (50-OH end). The great pre-
ponderance of nuclease action at both internal and external phosphodiester
bonds is to liberate a 30-OH end.3 This is shown by arrow 2 of Figure 8.2. The
two exonucleases (arrows 1 and 4) thereby liberate 50-XMP monomers, re-
turning immediately to the pool of XMP nucleotides. The endonuclease
acting at arrow 2 liberates a 30-OH and a 50-phospho-oligonucleotide frag-
ment. The endonuclease acting at arrow 3, would instead yield a 50-OH
fragment and a 30-OPO3

� terminating fragment.
There are 17 DNA exonucleases6 identified in the bacterium E. coli, re-

flecting multiple and diverse roles in DNA proofreading during replication,
in DNA recombination, and in DNA repair. Three of the seventeen are exo-
nucleases associated with the three DNA polymerases. Exonuclease II is the
30 to 50-proofreading catalyst for DNA polymerase I while exonuclease IV is
the 50 to 30-nuclease associated with that same enzyme. Proofreading is re-
quired to remove an incorrectly inserted dXMP unit, and thus remove a
mispairing before the polymerase moves on.

DNAse I (the first endonuclease purified historically) acts as a random
endonuclease on both DNA strands to liberate 50-NMPs with free 30-OH.3 By
contrast, endonuclease IV cleaves 50-phosphodiester at abasic sites in DNA
repair to remove the lesion. Lovett describes the proposed biological roles
ascribed to the 17 E. coli exonucleases in an extensive 2011 review.6

The ubiquitous 30- to 50-exonuclease catalysts have been studied for
structure and mechanism. While there are one-metal and three-metal ver-
sions, the largest category is the two-metal cation-requiring nucleases. This
family is termed the DEDD family for the ligating role those four (D and E)
carboxylate side chains in nuclease active sites play in ligating and orienting
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the two active site divalent cations (most often Zn21 or Mg21). As depicted in
Figure 8.3, the first metal (M1) has two carboxylate side chain ligands to
control its position and it coordinates both the attacking water molecule and
one of the internucleotide phosphodiester oxygens. Metal ion M2 likewise
coordinates the phosphodiester oxyanion and also binds to the departing
30-oxygen, while being oriented by yet another side chain carboxylate of
the enzyme. This array allows the two metal cations to organize and bring
together the positions of both the attacking water molecule and the
phosphodiester electrophile. This active site two metal geometry is a variant
of the two-metal cation catalytic array noted for alkaline phosphatase in
Chapter 7.

8.3 Ribonucleases
Nucleases acting on RNA most often encounter single stranded RNA,3 albeit
those that see rare double strand RNAs are physiologically important. The
classic ribonuclease A acts as an endo(ribo)nuclease, hydrolyzing the phos-
phodiester bond downstream of pyrimidines (cytidine and uridine). As noted
in Figures 8.4 and 8.5 catalytic cycles are initiated by intramolecular action of
the 20-OH as nucleophile (not available in the 20-deoxyribose units of DNA).
The cleavage step generates a 50-OH fragment and a nascent 20,30-cyclic
phosphodiester. Thus, the internucleotide phosphodiester cleavage in this
case is a phosphodiester exchange reaction. Water only participates in the
second step: hydrolysis of the cyclic 20,30-phosphodiester. As anticipated for
enzymatic catalysis, the ring-opening is regiospecific, yielding the 30-OPO3

2�

upstream RNA fragment. Note this product fragment regiospecificity is the
opposite of DNA fragments generated by most DNA nucleases.

Other RNAse classes are worth specific mention.3 One is the RNAse III
family that cleaves double-stranded RNA. These include human DROSHA
enzymes.8 DROSHA endonucleases initiate nuclear processing of microRNAs
in RNA silencing situations and also ribosomal RNA precursors. Two other
dsRNAses involved in micro RNA processing are DICER and argonaute.
DICER cleaves dsRNA into 25–27 base single-strand fragments9 while argo-
naute cleaves mRNA targets identified by these single-strand RNAs.10 The
second type of RNAse of note is RNAse H whose members cleave the RNA
strand in RNA–DNA hybrid duplexes without cleaving the DNA strand.

There are dozens of other nucleases characterized by type of substrate
(RNA or DNA), preference for single or double stranded DNA or RNA,
exonucleolytic vs. endonucleolytic activity, metal dependence or metal
independence, and product regiospecificity (30-OH and 50-phosphoester or
30-phosphoester and 50-OH) (Figure 8.2). Yang3 has compiled the summary
characteristics of more than a hundred nucleases and observed that all the
metal ion-dependent nucleases, both RNAses and DNAases, generated 30-OH
and 50-phosphate products. On the other hand, some of the metal-
independent nucleases gave the opposite 30-phosphate and 50-OH prod-
ucts3 (Figure 8.2).
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Figure 8.3 Schematic of mechanism for a 30 to 50 exonuclease, working in from the free 30-OH end, one dXMP nucleotide removed per
catalytic cycle. The position and role of the two metal cations at the active site are shown. The next catalytic cycle will act on the
new 30-OH end of the nascent oligonucleotide product. PDB file 4FZX shows two molecules of E. coli exonuclease Q on either
end of a DNA oligonucleotide.
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Figure 8.4 Ribonuclease A is a classic single-strand RNAse, acting endonucleolytically downstream of pyrimidine bases, to cut RNAs into
limit fragments. The 20-OH, available in RNA but not DNA bases, initiates intramolecular attack on the adjacent 30-
phosphodiester. This results in expulsion of the downstream oligonucleotide with a free 50-OH, as a cyclic 20,30-phosphodiester
is formed (phosphodiester interchange). The 20,30-cyclic phosphodiester intermediate is then hydrolyzed regiospecifically to
release the upstream oligonucleotide as the 30-phosphate.
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8.3.1 Catalytic RNAs: Ribonucleic Acids Can Catalyze
Phosphodiester Transesterifications and Hydrolyses

A variety of analyses and conjectures have been put forth on the possible
origins of life – among them the concept of an RNA world, both for self-
assembly of ribonucleotide polymers and for information storage and rep-
lication. As with many topics where phosphorus impinges on biological
processes, RNA biology is far too extensive to be examined in this mono-
graph and readers should delve into the primary and review literature on
specific RNA topics.

On the other hand, we have noted that the only covalent bond between
monomer units in RNA (and DNA) are the internucleotide phosphodiester
bonds, anionic at physiological pH. Any formulation of an RNA world argues
for catalytic RNAs.11 The requisite chemistry could have been many-faceted
but should have included manipulation of phosphodiester chemistry and
also peptide bond-forming chemistry to transfer information from an RNA
sequence to an encoded protein (Figures 8.6–8.10).

Indeed, both those capacities are still extant in contemporary organ-
isms.12,13 RNA splicing (briefly addressed in Chapter 4) of the great majority
of eukaryotic RNAs by spliceosomal machinery based on RNA components is
prima facie evidence for ongoing RNA catalysis: in those cases, reversible
phosphodiester bond cleavage and religation in sequence-specific contexts.
For protein biosynthesis, transcribing mRNAs into proteins is the province
of RNA structural and catalytic machinery, the ribosome. The peptidyl
transferase center of ribosomes in their millions, responsible for hundreds
of millions of peptide bonds assembled in every cell cycle is an RNA struc-
tural and catalytic machine. Herschlag13 has noted that the tendency of

Figure 8.5 Dinucleotide orientation in bovine RNAse A, from pdb 1U1B.
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Figure 8.6 Ribozymes and catalytic RNA show two patterns of cleavage of internucleotide phosphodiester bonds. The group I and II
introns and RNAse P release RNA fragments with 30-OH ends and 50-P-ends. The small hammerhead, hairpin, and VS
ribozymes instead release 50-OH ends and 20,30-cyclic phosphate terminal RNA fragments (reminiscent of the intramolecular
20-OH nucleophilic mechanism of RNAse A).
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Figure 8.7 Peptide bond formations in the ribosomes represents catalytic ribozyme actions billions of times pre cell cycle.
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Figure 8.8 Group I and group II introns are both-self splicing ribozymes that ligate upstream and downstream coding sequences (exons)
as the introns splice themselves out. Group I ribozymes use a free guanosine in an intermolecular transesterification initiation
event, while group II introns utilize the intramolecular 20-OH (akin to mammalian mRNA splicing routes).
Reproduced from ref. 15 with permission from Oxford University Press, Copyright 1999.
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RNAs to visit many misfolded states has led to understanding of the role of
proteins as chaperones and the utility of ribonucleoproteins where the
proteins allow the RNAs to populate active conformations.

The past half century has been a golden era of RNA biology, including
discovery and characterization of self-splicing RNAs, ribozymes. Most of the
half dozen variants of catalytic RNA discovered to date act in cis, catalyzing
nucleophilic attack on the electrophilic phosphorus centers of constituent
phosphodiester bonds, specified by productive conformers of RNAs com-
plexed with metal cations that assist in two and then three dimensional
folding ensembles.14

The seven or so RNAs that have been confirmed to have catalytic activity
are classified according to size and to reaction mechanism.15,16 RNAse P,
described below, and the group I and group II self-excising introns are in the
size range from 300 to 3000 nucleotides, and create product fragments with
50-phosphates and 30-hydroxyl ends.16 Small catalytic RNAs, 35–155 nucle-
otides, include hammerhead, hairpin, hepatitis delta and Varkud satellite
(VS) RNA. They generate 50-OH ends and 20,30 cyclic phosphate-terminating
fragment pairs.

The distinct product regiochemistries are reminiscent of patterns seen
with different types of protein-based nucleases. The release of the 20,30-cyclic
phosphate is a mimic of, perhaps a progenitor evolutionarily, of the pattern
seen with the protein enzyme RNAse A (Figures 8.4–8.10). These data

Figure 8.9 Similarities and minor distinctions in the hydrolysis logic and mech-
anism for the RNAse P ribozymes vs. the RNAse P protein enzymes. Both
strategies employ the two-metal cation logic seen in other phosphodies-
terase enzymes. The nature of the ligands, amino acid carboxylate side
chains vs. internucleotide phosphodiester anions to orient the two mag-
nesium divalent cations vary.
Reproduced from ref. 20 with permission from American Society for
Biochemistry & Molecular Biology, r 2015 by The American Society for
Biochemistry and Molecular Biology, Inc.
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Figure 8.10 Proposed proton transfer role for the 2-ammonium group of glucosamine-6-phosphate in autocleavage of the GlmS
50-untranslated region of GlmS RNA encoding glucosamine synthase.
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indicate that this class of ribozymes can activate the 20-OH of a ribose moiety
as a nucleophile to attack the adjacent 30-phosphodiester phosphorus.
Ribozymes have the heteroatoms of the purine and pyrimidine bases and the
ready availability of divalent cations such as Mg21 as potential catalytic
bases and acids. For the ribozymes and catalytic RNAs that cleave to 50-P and
30-OH ends, two and even three divalent cations are proposed in transition
states for these relatively slow catalysts (1–5 min�1). Figure 8.8 depicts a
three metal cation active site for a group I intron cleavage (see review by
Fedor & Williamson17).

8.3.2 Group I and Group II Introns

The introns are self-splicing ribozymes that can cut themselves out of pre-
cursor RNAs.18 Their discovery predated the findings of mRNA splicing but
they represent similar logic and chemistry of internucleotide phosphodiester
transesterification catalysis. In that spirit, Figures 8.6–8.10 schematize group
I and group II introns and ribozyme catalytic action in terms of intron and
exon terminology.19

In the group I cases, exemplified by the original Tetrahymena pre-rRNA
intron discovered by Cech and colleagues in 1982, a low molecular
weight, free guanosine is the initiator. Its 30-OH is the attacking nu-
cleophile at an intron–exon boundary downstream of a uridine residue.
The released upstream intron, terminating in a 30-OH, uses that 30-OH as
nucleophile on the internucleotide bond at the intron–30 exon bound-
ary.12,14 This restores the phosphodiester bond, in frame, and liberates
the intron with the initial free guanosine now tethered at the 50-end
(Figure 8.4).

Type II introns do not use an external low molecular weight nucleoside as
an external nucleophile. Instead, they use one of the 20-OHs as intra-
molecular nucleophile to create a lariat intermediate (Figures 8.6–8.10). The
exon joining step is similar to the group I intron logic in using the 30-OH end
of the upstream exon as a nucleophile at the intron–30exon boundary. While
the introns excised in type II introns are relatively small stretches of RNA
oligonucleotides, they prefigure the mRNA splicing seen in eukaryotes where
hundreds of thousands of bases are excised during splicing and several
RNAs are called into play to act in trans.

8.3.3 Ribonucleases: Evolution from RNA Catalysts to
RNA–Protein Catalysts to Proteins: Ribonuclease P

Among the RNA precursor species that get processed hydrolytically and
specifically to mature RNA functional forms are pre-tRNAs where oligonu-
cleotides at both the 50-end and the 30-end are trimmed by ribonuclease
P family members. Typically, these are RNA–protein ribozyme complexes
with one to ten protein subunits. Some forms of RNAse P in Arabidopsis
thaliana are protein only catalysts20 while humans use both the protein only
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(in mitochondria) and the protein-associated ribozyme (in the nucleus)
versions.

The active site of the protein-only form of RNAse P shows the classic two
metal cation active site-oriented by interaction with four aspartate side
chains (figure 1B of20) found in large families of phosphodiesterases.
Howard et al.20 show similar two metal cation mechanisms (their figure 9)
(Figure 8.9) for both the protein-only version of RNAse P and the RNA-only
ribozyme form of the catalyst. Strategies for orientation of the catalytic metal
cations do differ. In the protein catalyst there are four aspartate beta carb-
oxylate anions. In the RNAse P ribozyme the P4 RNA helix is proposed to
provide anionic phosphodiester oxygen anions as the oxygen ligands to the
two Mg ions. The ribozyme is known to use both metal cations to coordinate
the prochiral proR oxygen of the phosphodiester bond to be cleaved. Howard
et al.20 suggest that the protein catalyst instead coordinates the proS oxygen
of the precursor tRNA substrate internucleotide to be cleaved. The catalytic
nucleophile in each case is proposed to be a metal cation-coordinated hy-
droxide equivalent. RNA and protein may have converged on a strategy to use
metal-bound hydroxide equivalents for cleavage (and shuffling) of inter-
nucleotide phosphodiester bonds.

8.3.4 GlmS Ribozyme

In the absence of the inventory of the side chains of the twenty amino acids
to act or assist in catalysis by protein enzymes, catalytic RNAs might have
used low molecular weight heterocyclic metabolites as cofactors or coen-
zymes. There are hundreds of riboswitches21 known for two such coenzymes,
thiamine-diphosphate and FMN. They could have supplied carbanion che-
mistry and redox chemistry respectively to ribozymes. The bacterial mRNA
encoding the glucosamine synthase (GlmS) enzyme converting fructose-6-
phosphate plus glutamine to glucosamine-6-phosphate and glutamate has
a glmS riboswitch in the 50-untranslated region of the mRNA.22 This ri-
boswitch binds glucosamine-6-phosphate and activates the riboswitch to act
as a ribozyme, cutting the mRNA and destroying the message. This consti-
tutes a cofactor-dependent ribozyme or catalytic RNA for regulating meta-
bolic flux. The suggested role for the glucosamine-6-phosphate is to function
as a general acid catalyst, supporting protonation of the 50-oxyanion of the
leaving group fragment as the 20,3 0-cyclic-phosphodiester forms in the new
30-fragment23,24 (Figure 8.10).

8.4 Polynucleotide Phosphorylase:
A Two-way Enzyme

Inorganic phosphate acts as a substrate for the enzyme polynucleotide
phosphorylase, an exonucleolytic RNA cleaving enzyme working from the 30

end. Because this enzyme is a phosphorylase, not a hydrolase and it is a
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phosphodiesterase bond undergoing cleavage, the NDP product monomers
released contain a pyrophosphate (phosphoric anhydride) linkage. Re-
giospecificity of action is such that 50-nucleoside diphosphates are released
from the 30 end (Figure 8.11). In the case illustrated the terminal XMP residue
in the mRNA is an AMP such that the released product is ADP.

In the presence of high concentrations of ADP, polynucleotide phos-
phorylase will run in the opposite direction, adding AMP residues to the
end of the RNA chain.25 As shown, this would be an alternate route to
adding oligo- or poly-AMP moieties to mRNA tails; polynucleotide phos-
phorylase is an ancillary enzyme for forming mRNA poly A 3 0-tails
(Figure 8.12).

8.5 Sequence-specific DNA Restriction
Endonucleases Make Double Strand Cuts

Two examples of nuclease families that recognize specific sequences in
bacterial DNA and cut both strands are involved in defense roles, mediating
distinction of ‘‘nonself’’ foreign DNA that has made its way into a bacterial
cell from ‘‘self’’ DNA. The foreign DNA is usually bacterial DNA in the case
of restriction endonucleases7,26 and often viral DNA in the case of CRISPR
endonucleases.27

More than 3000 restriction endonucleases have been detected in bacterial
genomes.28 The restriction terminology stems from the fact that the endo-
nucleases are usually one of two components in a restriction–modification
(RM) system that bacteria use to mark their own DNA. They then detect
unmodified DNA as foreign and remove it or destroy its coding integrity by
double strand endonuclease digestion.

The restriction modification is invariably enzymatic methylation by an
S-adenosylmethionine-dependent methyltransferase, typically methylating
one of the exocyclic substituents on a given DNA base within a given
recognition sequence. There are several variations of the restriction
methylase–endonuclease paired systems in terms of length of double strand
DNA sequence recognized and sites of phosphodiester cleavage within or
outside the recognition sites. The Type II restriction–modification systems
number more than 900 members and are the simplest to understand for
specific cuts at given oligonucleotide sequences.28

The two most common self-identifying methylations occur at the exocyclic
N6–NH2 of adenine bases and at C5 of cytidine residues. (Figure 8.13). In the
E. coli RI system adenine methylation occurs in the hexanucleotide sequence
Gm6AATTC. The corresponding E. coli RII methylase acts to create Cm5CNGG
pentanucleotide sequences. Methylations usually occur protectively just
after DNA replication.

Methylation at these sites blocks the subsequent action of the companion
RI and RII endonucleases (Figures 8.13 and 8.14). The methylation mark
indicates self-DNA and protects it from double strand hydrolysis. In the
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Figure 8.11 Polynucleotide phosphorylase can function as a phosphorylase or a sequence independent adenylyl transferase. In the
phosphorolytic cleavage direction polynucleotide phosphorylase transfers a terminal XMP residue from the 30 end of an RNA
to inorganic phosphate as an attacking nucleophile. The result is an n� 1 shortened RNA and a molecule of product ADP
(a net phosphodiester interchange with AMP).
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Figure 8.12 In the polymerase direction ADP, not ATP, is the donor of a nucleotidyl group to the 30-OH end of an RNA. These are adenylyl
transfers from a rare adenylyl donor and give Pi as a coproduct.
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Figure 8.13 Logic and machinery of restriction modification system to distinguish ‘‘self’’ DNA from ‘‘nonself’’. Bacteria ‘‘restrict’’ their
own DNA at four-base to six-base sequences by methylation, typically at an exocyclic amine of an A or C residue. SAM is the
electrophilic methyl group donor.
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absence of the covalent methyl marks the paired endonucleases recognize
the unmethylated palindromic sequences in foreign DNA, often binding
very tightly as dimers, one subunit on each DNA strand (Figure 8.14).
The endonuclease dimers then proceed to execute hydrolysis of a specific
phosphodiester bond within the recognition sequence, one on each DNA
strand. Figure 8.15 depicts the two EcoRI subunits wrapped around a target
DNA double strand helix.29

Figure 8.14 The paired restriction endonucleases hydrolyze unmethylated DNA
sequences on both DNA strands. Shown are EcoR1 and HindIII sites
of hydrolytic cleavage, leaving sticky end overhangs.

Figure 8.15 Picture of an endonuclease dimer wrapped around its double helical
DNA target site (from pdb 1ESG, 2VLA).

Phosphodiesters and Phosphotriesters 263



The dimeric nature of restriction endonucleases allows then to bind to
both strands of palindromic DNA sequences and execute coordinated cuts at
a specific internucleotide phosphodiester bond in each strand. The classic
case in E. coli is the EcoRI restriction endonuclease dimer. Coordinated
cleavage occurs at the internucleotide bond between the two thymidine
(T) residues in each DNA strand (Figure 8.14). The active site in each enzyme
subunit is a classic two metal phosphodiesterase, activating the bound
water molecule for attack on the specific electrophilic phosphorus center
(Figure 8.16). Both strands are cut before product release of two fragments
that are double stranded except for the four base single strand overhangs, so
called sticky ends (useful for reannealing the two fragments for in vitro
pasting together of DNA strands28).

In contrast, the first restriction endonuclease studied, from Hemophilus
influenzae, HindIII (the third RM system found in Hind strains), recognizes
the palindromic double strand DNA sequence AAGCTT/TTCGAA. This di-
meric nuclease hydrolyzes the GpC internucleotide phosphodiester on each
strand before fragment release and also generates sticky ends. HaeHIII on
the other hand makes blunt end double strand hydrolytic cuts, but at more
promiscuous GGCC/CCGG palindromic tetranucleotide sequences
(Figure 8.14). Hundreds of characterized RM bacterial pairs confer different
recognition sites and different sticky or blunt end fragments for thousands
of DNA constructs.

8.6 CRISPR–CAS9: Another Bacterial Defense
Strategy Involving Specific Double Strand
Cuts of Foreign DNA

A second bacterial defense strategy for distinguishing ‘‘self vs. nonself’’ DNA
sequences and cleaving the foreign ones by double strand endonuclease

Figure 8.16 A two-metal cation-based hydrolytic cleavage of one of the two DNA
strands by a restriction endonuclease, Regiospecificity is to create a
50-P-end and a 30-OH end in the cut strands. The second strand is also
hydrolyzed at the cognate phosphodiester before release of the DNA
product with a double strand break.

264 Chapter 8



action is exemplified by CRISPR. CRISPR stands for ‘‘Clusters of Regularly
Interspersed Short Palindromic Repeats’’.30 The phenomenon and associ-
ated genetic editing technology have mushroomed in the last decade.31–33

Thousands of papers have been written on different types of CRISPR sys-
tems, their biological roles and most abundantly the biotechnology roles of
CRISPR and its associated DNA endonuclease Cas9 from Streptococcus
pyogenes.

Our comments on CRISPR–Cas9 are only summary in form and content to
compare the biological function akin to restriction endonucleases in cleav-
ing a specific pair of phosphodiester linkages in a foreign DNA substrate.
There are several mechanistic differences that distinguish execution of the
CRISPR strategy from the restriction–modification strategy although both
use specific endonuclease catalysts to make double strand hydrolytic cuts in
target foreign DNAs.

One distinction is that the Cas9 endonuclease is guided to a DNA target by
a pair of RNA molecules. One RNA [termed trans-activating CRISPR
(tracRNA)] activates the nuclease from an inactive basal state to an activated
nuclease conformer. The second RNA [crispr RNA (crRNA)] is the guide RNA.
It has a sequence of 17–20 bases complementary typically to a phage DNA
sequence that has previously been packaged into the bacterial genome as a
memory unit for transcription (Figure 8.17). The guide RNA unwinds the
target DNA double strand, forming an RNA–DNA double strand hybrid
(Figure 8.18). That is the target for the Cas9 endonuclease,34 acting as a
bimetallic active site hydrolytic catalyst on each of the two unwound DNA
strands. The target DNAs are the CRISPR repeat loci that reflect prior inva-
sions and packaging of invader DNA (Figure 8.17).

The transformation of the native bacterial system to a biotechnological
user- friendly system in 2012 was the synthetic connection of the two RNA
pieces into a single guide RNA. Now the Cas9 endonuclease was efficiently
recruitable to any desired stretch of DNA via formation of the RNA–DNA
duplex36 (Figure 8.18). The endonuclease action occurs three base pairs
upstream of a N–G–G trinucleotide anchoring sequence (designated the PAM
sequence Figure 8.18) and cuts a single phosphodiester bond in each DNA
strand.

Intriguingly, Cas9 acts as a monomer. It has some six domains, two of
which are endonucleases (Figure 8.19A). One endonucleolytic domain
of the HNH family of nucleases cleaves the coding strand. The second
endonuclease domain is a member of the resistance to ultraviolet C (RuvC)
nuclease superfamily. It cleaves the noncoding strand before release of
the blunt end DNA fragments (Figures 8.17 and 8.19B). The double strand
cleavage, as in the restriction endonuclease cases, makes endogenous
repair of the foreign target DNA fragments difficult to impossible and
nullifies the gene-coding information in the foreign DNA. An enormous
range of modification to the CRISPR–Cas reagents have been reported
with many more to come to improve site specific editing in almost any
genome.
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Drawing back from the details of the restriction–modification enzyme
pairs and the CRISPR–Cas with its RNA-guided endonuclease, both are
strategies for finding foreign DNA amidst a sea of host bacterial DNA. Bac-
teria are under constant assault from foreign competitors, bacteria and
viruses. There are powerful selections to maintain and express the ‘‘self vs.
nonself’’ DNA detectors. The destruction of foreign coding information is to
enact multiple, specific double strand cuts of target DNAs before the frag-
ments are released. Double strand breaks are much more difficult than
single strand breaks to repair. Phosphodiesterases are powerful weapons for
manipulation of DNA structure and content.

The many scholars and practitioners of CRISPR–Cas systems will find
many alternate passages into the literature, including the less widely used
Type III CRISPR–CAS systems. We noted in Chapter 4 that bacteria harboring
the type III machinery convert ATP to cyclo-oligoadenylates such as c(AMP)4

and c(AMP)6 that then function as allosteric activators for certain RNAses
that act to hydrolyze the foreign nucleic acid.38,39

Figure 8.17 Schematic for action of CRISRP–Cas9 system as a site-specific double
stranded DNA endonuclease.35 Prior exposure of bacteria to foreign
DNA results in prior packing of small bits of foreign DNA sequence in
the CRISPR loci. In this particular type of CRISPR response bacteria
make a tracRNA (to activate Cas9) and express many crRNAs from the
CRISPR loci. The crRNA hybridizes to the complementary sequence on
the invading foreign DNA. The associated CAS9 endonuclease activated
by tracRNA cuts just upstream of the PAM sequence in the foreign DNA.
Cas9 has two nuclease domains, one for each foreign DNA strand.
Reproduced from ref. 35, www.neb.com (2020), with permission from
New England Biolabs, Inc.
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8.7 Type II Topoisomerases
A variant of enzymatic phosphodiester bond cleavage in DNA is practiced by
topoisomerase catalysts, enzymes that cut and then religate either DNA
single strands or DNA double strands to reduce the twist in newly syn-
thesized DNA or to decatenate circular DNAs produced by DNA poly-
merases.40 Type I topoisomerases effect single strand cleavages and
religations. The type II topoisomerases cleave both strands of a target DNA
four bases apart on each strand (Figure 8.20) by engaging in covalent cata-
lysis. The dimeric enzyme uses a phenolate side chain of a tyrosyl residue in
each subunit to attack the particular internucleotide phosphodiester on each
DNA strand (Figure 8.21).

The enzyme uses a two-metal cation strategy to align the cleavable but
otherwise stable DNA phosphodiester bond in each DNA strand and to ac-
tivate the phenol of Tyr805 and Tyr821 as the catalytic nucleophiles that act on
the two DNA strands. The strategy for each strand’s phosphodiester bond
cleavage parallels that of alkaline phosphatase In the alkaline phosphatase
case41 the substrates are typically phosphate monoesters (Figure 7.18) but
can also be phosphodiesters (where that enzyme was activating a serine side
chain alkoxide rather than a tyrosyl side chain phenoxide.)

The result is creation of a nick on each strand, four bases displaced from
each other (Figure 8.20). Each DNA strand has become covalently attached to
the active site tyrosyl residue through a new phosphodiester link. The gap in
duplex DNA thereby created is wide enough for another DNA double helix to

Figure 8.18 Schematic for action of CRISRP–Cas9 system as a site-specific double
stranded DNA endonuclease.35 Biotechnology adaptation of fusing
tracRNA to any desired RNA guide sequence allows recruitment of
Cas9 to any desired DNA sequence where Cas9 will do double strand
cuts three nucleotides upstream of the PAM sequence.
Reproduced from https://www.sigmaaldrich.com/technical-documents/
articles/biology/genome-editing-in-plants-with-crispr-cas9.html with
permission.
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Figure 8.19 Cas9 a double strand sequence specific DNA endonuclease.37 (A) The primary sequence of Cas9 indicates two catalytic
nuclease domains (from two distinct families) and regulatory and recognition domains. (B) The X-ray structure of Cas bound
with its single guide RNA (sgRNA) and the two strands (target strand and complementary strand) of substrate DNA. Note that
the endonuclease unwinds the DNA to allow formation of the RNA–DNA hybrid. (PDB 6AI6).
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Figure 8.20 Topoisomerases reversibly cleave DNA, pass DNA strands through the cut, then religate the strand breaks, in the service of
altering the topological winding numbers on overwound or underwound DNA. Topoisomerases I pass one strand at a time.
Topoisomerases II pass both double strands of DNA through a transient break. The gapped ends on the 50-side of the break
are held covalently in phosphodiester linkage to a tyrosyl residue. Thus, the strand break is an energy neutral phosphodiester
interchange.
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Figure 8.21 Topoisomerases I pass one strand at a time. Topoisomerases II pass both double strands of DNA through a transient break.
The relegation: active site of topoisomerase is a typical two metal cation environment for holding the phosphodiester and
activating the tyrosyl residue for attack in the first step (strand cleavage) and elimination in the second step (religation).
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pass through the (four bp) gap, deconcatenating circles or reducing twist in
linear DNA molecules. Once strand passage has occurred, the 30-OH term-
inal residue on one side of the gap, attacks the protein-50 phosphotyrosine
ester on the other side of the gap. As the tyrosyl residue is expelled, the
internucleotide 30,5 0-phosphodiester bond is religated on each DNA strand,
repairing the two single-strand gaps.

The double strand cleavage and reverse step of double strand relegation
are each phosphodiester exchanges. No water and no hydrolysis is involved.
The forward and back direction reactions are fully reversible, reflecting two
chemically difficult maneuvers on otherwise stable DNA. If water had been
the kinetically competent nucleophile for double strand breaks, the topoi-
somerase would instead be a restriction endonuclease variant (Figures 8.17
and 8.18).

The covalent tyrosyl-DNA intermediates hold onto the gapped strands so
they do not dissociate away from the topoisomerase active site (Figure 8.22).
Furthermore, the phosphodiester bond between the 50 phosphoryl group
and the tyrosyl-phenol-oxygen atom sets up the gap for religation, repairs the
double strand breaks, and allows for error-free DNA strand passage. One
might compare this logic to that used by DNA ligases (Chapter 4).

Figure 8.22 Topoisomerases I pass one strand at a time. Topoisomerases II pass
both double strands of DNA through a transient break. Two views of a
DNA oligonucleotide bound to human topoisomerase I (drawn from
PDB 1A36).
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8.8 Cyclic Nucleotide Phosphodiesterases
A second separate metabolic arena for control of spatial and temporal
phosphodiester molecular scaffolds involves the cyclic nucleotides. These
include the first generation, now classical, cyclic AMP and cyclic GMP sec-
ond messengers. They also encompass the more recently discovered cyclic-
dinucleotides such as the cyclic di-GMP and also the 20,30-cGAMP ligand
active in the human immune system. Together with the nucleotidyl trans-
ferases that form cyclic nucleotides (discussed in Chapter 4), the corres-
ponding phosphodiesterases (PDEs) control their lifetime and intracellular
concentrations of these cyclic nucleotide second messengers.42

Figures 8.23–8.27 schematize features of the cellular activities of cAMP
and cGMP and the intracellular sites of action and selectivities of some of
the multiple PDE isoforms for controlling the lifetimes of these second
messenger molecules in distinct cellular compartments. In addition to the

Figure 8.23 Cartoons reflecting some of the multiple signaling roles of cAMP and
cGMP and the controls imposed by different cyclic nucleotide phos-
phodiesterases. cAMP and cGMP.
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Figure 8.24 Seven phosphodiesterases (PDEs) are localized at different subcellular
locations to control cAMP or cGMP lifetimes in those regions.

Figure 8.25 Roles for cAMP in activation of PKA and sending its subunits to the
nucleus and role of cAMP in gating cell membrane Na/Ca channels.44

Reproduced from ref. 44, https://doi.org/10.3389/fimmu.2016.00123,
under the terms of a CC BY 4.0 license, https://creativecommons.org/
licenses/by/4.0/.
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roles of cAMP and cGMP as activating ligands for protein kinase A (PKA) and
protein kinase G (PKG), respectively, the cyclic nucleotides are allosteric
activators of different ion channels (Figure 8.26). Figure 8.25 is a reminder
that cAMP is an activator of the CREB transcription factor for selective gene
expression in nuclei. Figures 8.24 and 8.27 indicate subcellular localized
actions of distinct PDEs and indicate the activity of PDE2 and PDE3 for
hydrolysis of both cAMP and cGMP while PDE5 is selective for cGMP
hydrolysis.

There are some eleven separate families classified as cyclic nucleotide
PDEs, numbered PDE1–PDE11, several of which have been targets for
pharmacological agents42 (see Figure 8.24). Typically, the organization en-
compasses a catalytic phosphodiesterase domain attached to a regulatory
domain that may confer selectivity for cellular location and/or partner pro-
tein recognition to attain effects on subsets of signaling pathways
(Figure 8.24). Inhibitors of specific PDE isoforms, for example PDE5, have
led serendipitously to Viagra (sildenafil), Cialis (tadalafil), Levitra (vardena-
fil) and other drugs for treating dysfunctional male penile erection46

(Figure 8.28). These are competitive inhibitors of cGMP and consequent
inhibition raises the cellular levels of cGMP. One can detect the structural
analogies to the bicyclic guanine nucleus embedded within the three in-
hibitors of Figure 8.28.

The 11 subfamilies vary in cytoplasmic versus membrane locations and the
nature and degree of their posttranslational modifications (affecting sub-
cellular locations, including membrane targeting isoprenylations), some of
which are schematized in Table 8.1.42

Figure 8.29, taken from a review by Bender and Beavo,42 indicates some
partially overlapping functions and tissue expressions of the eleven PDE
subgroups as of the year 2006. All that have been examined structurally and

Figure 8.26 cGMP regulates the K channel CNG, while cAMP regulates the HCN Na/
Ca ion channel.43

Reproduced from https://commons.wikimedia.org/wiki/File:Signal_
transduction_in_sea-urchin_sperm_chemotaxis.jpg, courtesy of Prof.
Dr. U.B. Kaupp, under the terms of a CC BY-SA 3.0 license, https://
creativecommons.org/licenses/by-sa/3.0/deed.en.
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Figure 8.27 Orientation of cyclic GMP in a phosphodiesterase active site, with placement of the two metal cations required for activity.45

Reproduced from ref. 72 with permission from The American Physiological Society, Copyright 2012.
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mechanistically are members of the superfamily of two-metal ion phos-
phodiesterases, with regioselectivity to cleave the P–O bond to the 30 carbon
to produce 50-GMP or 50-AMP (Figure 8.29). Consistent with hydrolytic
cleavage of a phosphodiester the fragments are an alcohol, and a phosphate
monoester. Because the substrates are cyclic phosphodiesters, both the al-
cohol and the phosphate monoester groups are contained in the same
product scaffold of AMP and GMP. The linear AMP and GMP products
instantly rejoin the major nucleotide monophosphate cellular pools. Pre-
sumably, the different PDEs act on distinct subpools of cAMP and cGMP in
distinct subcellular regions and in distinct cell and tissue types.

Figure 8.28 Three inhibitors of human PDE5 that have been approved for erectile
dysfunction.

Table 8.1 Proposed functions for eleven PDE family members.42 Functions for
PDE1–6 and specific isoforms thereof have been characterized physio-
logically and pharmacologically. Predicted isoforms PDE7–11 have been
less well differentiated.

Phosphodiesterase family member function

PDE1 Vascular smooth muscle contraction; PDE1B dopaminergic signaling
and immune cell activation; PDE1C vascular smooth muscle, sperm
function, neuronal signaling

PDE2 Mediates cross talk between cAMP and cGMP pathways, aldosterone
secretion from adrenals; cAMP regulation of cardiac muscle calcium
channels

PDE3 3A regulates cardiac contractility, platelet aggregation, vascular smooth
muscle, contraction; 3B mediates leptin signaling, insulin signaling,
and renin release

PDE4 Monocyte and macrophage activation, B neutrophil infiltration,
fertilization, brain function

PDE5 Smooth muscle contraction regulation (penis and lung); platelet
aggregation

PDE6 Signal transduction of the photoresponse
PDE7–11 Less well characterized functions
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Figure 8.29 Schematic for cAMP and cGMP hydrolysis to the linear 50-AMP and 50-GMP.
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For example, PDE1 members are activated by calmodulin and calcium
ions. PDE2s hydrolyze both cyclic AMP and cyclic GMP, and are allosterically
activated by both cyclic nucleotides. PDE3s hydrolyze cAMP but are inhibited
by cGMP. PDE4s are selective for cAMP hydrolysis and up to 20 variants are
known. PDE5s are regulators of smooth muscle contraction and the selective
inhibitors sildenafil (Viagra) and atadalafil (Cialis) have been widely used for
erectile dysfunction as noted in Figures 8.23–8.27.46 PDE6s encompass
photoreceptor PDEs for cGMP hydrolysis, when activated by the small
GTPase protein transducing in visual cycles. Comments that lead to identi-
fication of the functions of the remaining five PDEs are described in depth in
the 2006 review article by Bender and Beavo.42

8.9 Cyclic Dinucleotide Phosphodiesterases

8.9.1 Bacterial Phosphodiesterase Activity
on 30,3-di-cyclic-GMP and di-cyclic-AMP

Given the enormous range of bacterial responses to di-cyclic-GMP and di-
cyclic-AMP – initiation and anti-termination effects on gene transcription,
bacterial cell cycle progression, flagellar assembly, and specific target pro-
teolysis (Figure 8.30) – it is not surprising that bacteria tightly control both
synthesis and degradation of 30,30-di-cyclic-GMP and the corresponding
di-cyclic-AMP.47,48

As one measure of the importance of temporal and spatial balance
of subpools of these di-cyclic nucleotides as regulators, the results of
bioinformatics analysis indicate that the genome of the E. coli K12 strain
encodes 12 di-cyclic nucleotidyl transferases. These di-c-GMP or di-cAMP
synthases are identified by a GGDEF pentapeptide signature. Furthermore,
the E. coli K12 genome encodes 13 proteins with the EAL or HD-GYP residue
signatures of di-cyclic nucleotide hydrolases: 25 proteins presumptively
dedicated to balancing synthesis and hydrolytic degradation of di-cGMP
and/or di-cAMP.49

The EAL-signature di-cyclic-GMP phosphodiesterases, and corresponding
hydrolases for di-cyclic-AMP are, as might be expected, members of the large
family of two-metal catalysts, one divalent cation bridging the phosphodie-
ster, the second activating the nucleophilic water molecule.50 Both the di-
cyclic AMP and di-cyclic GMP phosphodiesterases carry out two catalytic
cycles on the starting substrates. Enzymatic hydrolysis of the first 30,5 0-
phosphodiester bond creates a linear dinucleotide, either pGpG or pApA.
These are canonical RNA dinucleotides: a 50-phosphate-then AMP or GMP in
30,5 0-phosphodiester linkage to AMP or GMP, with free 30-OH (Figure 8.30).
These dinucleotides can also then be acted on by the same PDEs to release
two 50-GMP or two 50-AMP product molecules. If the regiospecificity had
been the other way, ultimately releasing 30-GMP or 30-AMP, these unusual
nucleotides would represent stranded material; they would require
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Figure 8.30 Enzymatic hydrolysis of 30,30-dicyclic GMP proceeds in two enzymatic steps. Cleavage of the first 30,50-phosphodiester bond
gives the linear dinucleotide pGpG. Hydrolysis of the internucleotide 30,50-phosphodiester bond then releases two molecules
of GMP.
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phosphatase action and then expenditure of an ATP in a kinase reaction to
get back to canonical 50-nucleoside monophosphates.

8.9.2 Phosphodiesterase Activity on Both 20,50

and 30,50 Phosphodiester Bonds of cGAMP

The activating role of cGAMP on STING and the expression of interferon
genes in innate immune responses to double stranded DNA detection in cell
cytoplasm (detailed in Chapter 4 above)51,52 indicate that it is important for
cells to balance synthesis and degradation of cGAMP.53,54 An intrinsic
transmembrane glycoprotein in plasma membranes and in the Golgi com-
plex organelle of secretory pathways has been found to hydrolyze Mg–ATP to
AMP and PPi, but also has high activity in hydrolytic opening of 20,30-cGAMP
(Figure 8.31). The protein is named ecto-nucleotide pyrophosphate phos-
phodiesterase 1 (ENPP1) for the ATP cleavage activity.51,55

The PPi released from ATP hydrolysis (a highly unusual nucleotidyl
transfer to water) is thought to be an inhibitor of bone mineralization
in osteoclasts and osteoblasts. ENPP1 does not hydrolyze a synthetic
30,3 0-cGAMP regioisomer, consistent with physiological specificity as an
enzyme that opens and thereby deactivates 20,30-cGAMP, removing this di-
cyclic nucleotide as stimulator for detection of foreign DNA in cell cytoplasm
by the innate immune system.

As with the bacterial 3 0,3 0-cyclic dinucleotide phosphodiesterases that
linearize their substrates to pApA (or pGpG), the 2 0,3 0-cGAMP is opened
enzymatically first at the 2 0,5 0-phosphodiester bond to produce the linear
dinucleotide pApG (5 0-phospho AMP-3 0,5 0-GMP) (Figure 8.31). This linear
dinucleotide can be released or can also undergo hydrolysis of the re-
maining 3 0,5 0-phosphodiester bond to give 5 0-AMP and 5 0-GMP, standard
mononucleotide metabolites. In this second step the nascent pApG is
proposed to flip over in the active site as depicted in Figure 8.31, giving
the catalytic di-zinc ions a similar architecture to act on the remaining
3 0,5 0-phosphodiester in the bound pApG conformer. As shown, the water
from the first phosphodiester cleavage–linearization ends up in the
5 0-phophoryl group of AMP. The water from the second hydrolysis, of the
flipped 3 0,5 0-phosphodiester in pApG is incorporated into the 5 0-phosphate
of GMP (Figure 8.31).

8.10 Phospholipases C and D
Four classes of phospholipases act hydrolytically on the scaffolds of glycerol-
based membrane phospholipids.56,57 Two of them are actually carbox-
yesterases hydrolyzing the long chain acyl-O-ester linkages at carbons 1and
2. In this family are phospholipase A1 and A2 family members: acyl chain
esterases regiospecifically hydrolyzing the acyl chain oxoesters at C1 or C2 of
the glycerol backbone of phospholipid substrates (Figure 8.32). The other
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Figure 8.31 Enzymatic hydrolytic removal of the signaling molecule cGAMP. As with other phosphodiesterase family members a di-zinc
enzyme carries out hydrolysis. First, the unusual 20,50 phosphodiester bond is hydrolyzed to give nascent pApG as bound
dinucleotide intermediate. It is proposed that this flips over in the active site to allow activated water to attack the
30,50-phosphodiester internucleotide bond to release GMP and AMP.
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Figure 8.32 Phosphatidylcholine an abundant membrane phospholipid as prototypic substrate for four categories of phospholipases.
Phospholipase A1 and A2 are carboxylesterases acting at the indicated acyl chains. Phospholipase C and Phospholipase D
cleave on either side of the phosphodiester linkage in the polar head group. Phospholipase C would release phosphorylcho-
line and the diacylglycerol. Phospholipase D would release choline and the phosphatidic acid.
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two phospholipase categories, phospholipase C and D family members, are
actual phosphodiesterases that show distinct regiospecificities for cleavage
on either side of the phosphodiester bond.

8.10.1 Phospholipase C

Phospholipase C isoforms are sluggish catalysts for the major mem-
brane phospholipid phosphatidylcholine, but highly active against the
phosphatidylinositol-4,5-bisphosphate (PIP2), the minor phospholipid58

discussed in Chapter 7. Phospholipase C acts on that substrate to cleave
the O–P bond between the glycerol backbone and the phosphorus atom as
shown (Figures 8.33 and 8.34). This yields a diacyl glycerol product as one
fragment and the inositol 1,4,5-triphosphate IP3 as the other product. Both
the diacylglycerol and IP3 are active regulatory metabolites, as is the sub-
strate PIP2. Thus, phospholipase C controls the availability of three regu-
latory molecules, the anionic lipid substrate PIP2, the neutral lipid product
diacyl glycerol and the water soluble, penta-anionic sugar triphosphate IP3

(Figures 8.33 and 8.34).
Not surprisingly, phospholipase C activity is highly regulated.56,58,59 There

are six mammalian isoforms (b, g, d, e, z, and Z), encompassing 13 multi-
domain variants. The catalytic domains have essential similarities, but the
regulatory domains are distinctly modulated in subtypes by different acti-
vators including GTPase subunits, calcium ions, and protein tyrosine ki-
nases.60 The diacylglycerol products, varying in acyl chain composition at
either carbon 1 or carbon 2 of the glycerol backbone, stimulate a variety of
enzyme activities. They also undergo kinase-mediated phosphoryl transfers
to phosphatidic acids. The phosphatidic acids are also direct products from
phospholipase D action and also have cellular regulatory effects.56

Concordantly, the IP3 product, released by PLC turnover, gates a Ca11

channel protein in endoplasmic reticulum membranes.61 The controlled,
transient, and reversible flow of calcium ions from ER to cytoplasm also
controls a variety of calcium-activated enzymes (such as kinases and the
protein phosphatase calcineurin). Clearly, the multiple isoforms of mam-
malian phospholipase C isozymes sit at the intersection of many metabolic
signaling pathways. They act at membrane–aqueous interfaces, can be ac-
tivated up to 100-fold by specific modulatory ligands and control directly or
indirectly at least four regulatory ligands (PIP2, IP3, diacylglycerols, and
phosphatidic acids62).

Phospholipase C family members use the familiar two-cation motifs in
their active sites to collect substrates and activate attacking nucleophiles.63

In the hydrolysis of the preferred PIP2-4,5-bisphosphate, the catalytic nu-
cleophile in the first step is not water but the adjacent 2-OH of the inositol
ring. As the diacylglycerol product departs the active site (Figures 8.33 and
8.34), a 1,2 cyclic phosphodiester of IP3 is generated. This adduct is attacked
by a water molecule (activated by one of the two zinc ions in the active
site) before release such that the dissociating product is acyclic IP3.

Phosphodiesters and Phosphotriesters 283



Figure 8.33 Phosphatidylinositols are preferred substrates for phospholipase C as are their phosphorylated derivatives
phosphatidylinositol-4-phosphate, phosphatidylinositol-5-phosphate, and phosphatidylinositol-4,5-bisphosphate. PI cleav-
age by phospholipase C yields inositol-1-phosphate whereas PIP2 cleavage yields IP3 (inositol 1,4,5-triphosphate), a calcium
signaling molecule.
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Figure 8.34 Reaction mechanism for PIP2 cleavage by phospholipase C involves initial attack by the C2–OH of the inositol ring on the
1-phosphodiester phosphorus atom. As the diacylglycerol product is released, a 1,2-cyclic phospho-inositol-4,5-diphosphate
intermediate is formed. This is the species hydrolyzed by water in the next step to release IP3.
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Phospholipase C enzymes are robust catalysts. For the above transformation,
kcat values can approach 5000 s�1. A catalytic cycle is complete in 200
microseconds.

8.10.2 Phospholipase D

The fourth class of phospholipases acting on glycerol-based phospholipid
scaffolds (Figure 8.32) includes phospholipase D family members.56 Their
preferred phospholipid substrates are phosphatidylcholine molecules. As
depicted in Figure 8.32 (route 4), they cleave the other P–O ester bond from
that attacked by phospholipase C members. For example, a phosphati-
dylcholine substrate is regiospecifically hydrolyzed by phospholipase D ac-
tion to choline and the partner phosphatidic aid. The choline metabolite is
not active at the membrane but the dianionic phosphatidic acids can induce
membrane curvature that may be preamble to vesicularization and mem-
brane budding.

Mammalian cells express two isoforms, PLAD1 (mostly in internal com-
partment membranes) and PLAD2 (mostly in plasma membranes), that en-
able aspects of membrane trafficking, and cell migration, as well as
endocytic and exocytic vesicle formation.64,65

In contrast to the 1,2-cyclic phosphodiester intermediate from PIP2 during
phospholipase C catalytic cycles, phospholipase D enzymes use a side chain
imidazole ring of an active site histidine as primary nucleophile66

(Figure 8.35). This covalent substrate–enzyme adduct strategy is analogous
to the covalent histidine mechanism of the phosphomonoesterase glucose-6-
phosphatase noted in Chapter 7. The imidazole nitrogen attacks the elec-
trophilic phosphorus atom of the phosphodiester substrate to form the
pentacovalent adduct in the transition state. Expulsion of the ROH alcohol
product (in this instance free choline) leads to a covalent phosphatidic-
histidine–enzyme adduct. The second half reaction involves activation of the
water molecule that acts as a nucleophile to decompose the enzyme–
phosphatidic acid adduct to give free phosphatidic acid and regenerate
the enzyme active site histidine for subsequent catalytic cycles (Figure 8.35).

There is a distinction between the two covalent phosphoryl-histidinyl
enzyme adducts formed in mid catalytic cycle of glucose-6-phosphatase vs.
phospholipase D. From the phosphomonoester glucose-6-phosphate, the
covalent enzyme has an inorganic phosphoryl group on the imidazole ni-
trogen (simple phosphoramidate). In contrast, the starting phosphodiester
substrate (a phosphatidylcholine) in a phospholipase D cycle yields a lipid
soluble phosphatidyl phosphoramidate as covalent adduct. In turn, the
hydrolytic second half reactions yield inorganic phosphate from glucose-6-
phosphatase, but the phosphomonoester grouping in the phosphatidic acid
coproduct. Phospholipase D isozymes are much more hydrophobic to han-
dle the complex long chain membrane-embedded phosphatidyl substrates.

This chapter so far has been a brief and selective look at only three groups
of phosphodiesterases in three distinct areas of metabolism: nucleic acids,
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Figure 8.35 Phospholipase D catalysis of phospholipid hydrolysis proceeds by covalent catalysis. A phosphatidylcholine substrate is
attacked on phosphorus by the imidazole side chain of an active site histidine residue. This yields an N-phosphatidyl–enzyme
intermediate and released choline. In the second step a water molecule becomes a kinetically competent nucleophile to
release the phosphatidic acid form of the phospholipid.
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cyclic nucleotide second messengers, and phospholipids. Yet, they suffice to
emphasize the broad reach of nucleotidyl transferases in formation and
their opposing or balancing hydrolases in enzymatic cleavage of distinct
phosphodiester scaffolds. The chemical biology of phosphodiesters perme-
ates many of the key events in biological information transfer, the strategy
of low molecular weight second messengers, the dynamics of membrane
phospholipid composition, and control of lipid signaling and regulatory
molecules.

8.11 Phosphotriesters and Phosphotriesterases
There is a sharp contrast in the abundance of phosphate monoesters and
phosphodiesters, and the enzymatic machinery for their construction and
hydrolyses in phosphorus chemical biology versus the absence of phospho-
triester functions in normal metabolites.

Harking back to Chapter 1 and the pKas of phosphoric acid, the first two
pKas (pKa1B2, pKa2B6) ensure dissolved inorganic phosphate at physio-
logical pH ofB7.2 is a mixture of monoanions and dianions. The third pKa of
12 (50% ionized at pH 12) is so far removed from the biological pH range
that the phosphate trianion is not available. Thus, while phosphate oxya-
nions can function as nucleophiles for monoesterification and diesterifica-
tion with alcohol partners, the third oxygen of inorganic phosphate does not
normally participate in enzymatic esterifications.

There are two exceptions where organisms are presented with triesters and
have adapted machinery to their removal.

8.11.1 DNA Alkylation at the Internucleotide
Phosphodiester Bond

The first enumeration of phosphotriesters in biologic systems centers is on
DNA. O-Alkylation of DNA internucleotide phosphodiesters can occur, typi-
cally on exposure to chemical mutagens such as diethyl sulfate, ethyl dia-
zonium ions, or N-alkylnitrosoureas (Figure 8.36). While the exocyclic amino
groups of adenine and guanine bases are kinetically most reactive, alkylation
of the oxyanion of the internucleotide phosphodiester bond occurs and both
RP and SP adduct diastereomers are known.4

In vitro treatment of double stranded DNA with methylmethane sulfonate
gives about 5% triester adducts while ethylmethane sulfonate gives 16%
adducts presumed to be phosphotriesters (Figure 8.36). The triester linkages
are some 109-fold more prone to hydrolysis than the unalkylated, native
phosphodiester internucleotide link,4 but are typically still stable under nor-
mal in vivo conditions for DNA to be detectable in cells. While bacteria can
repair phosphotriester adducts with the O6-methyl-G-DNA methyltransfer-
ase, there are no identified enzymatic routes to repair the triester adducts in
eukaryotes. The biological consequences of internucleotide alkylation to
phosphotriesters remains largely unexplored.4
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8.11.2 Xenobiotic Phosphotriesters

Synthetic molecules with phosphotriester linkages are among the cat-
egories of both insecticides for agricultural purposes and nerve gases from
chemical warfare programs.67 (Figure 8.37) The convergent biological tar-
get – insect or human – is the enzyme acetylcholine esterase. Acetylcholine
is one of several neurotransmitters that function at synapses, including
neuromuscular junctions. Hydrolysis of the oxoester linkage to choline
and acetate by the acetylcholine esterases deactivate the neurotransmitter
and prevent excess nerve stimulation (Figure 8.37). Inhibitors of the
enzyme lead to prolonged lifetimes and high synaptic concentrations of
the neurotransmitter, causing muscular paralysis and, on prolonged
exposure, death.

The phosphate-containing insecticides and nerve gases come in two
classic chemical forms. They can have one or more carbon–phosphorus
bonds. These are phosphonates. We will see natural examples of phospho-
nate metabolites in Chapter 11. Alternatively, the toxins or nerve gas struc-
tures can be triesters of inorganic phosphate. The three alcohols can all be
different which results in a chiral phosphorus triester (RP or Sp as shown in

Figure 8.36 Some chemical mutagens are alkylating agents for DNA. While exocyclic
amines and oxyanions are major targets, the oxyanion of the internu-
cleotide phosphodiester bonds in DNA are also subject to O-alkylation
as shown for ethyl nitrosourea.
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Figure 8.37 Xenobiotic phosphotriesters have been widely used for decades as insecticides. Note that when three distinct alcohol
substituents are on phosphorus, two diastereomers, the SP and RP isomers, exist and can be processed differently by
biological systems and enzyme targets. Many nerve gases are also centered on phosphorus chemistry but tend to differ from
the agricultural phosphotriester scaffolds in having one or more direct C–P bonds and also a P–F bond to allow the nerve gas
to act as a phosphorylating agent.
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Figure 8.37). The nerve gases almost always have one noncleavable C–P
phosphonate bond and a fluorine in a P–F bond. That fluoride ion is typi-
cally the low energy leaving group as a phosphoryl enzyme adduct forms in
the acetylcholine esterase active site (Figure 8.38).

Both categories, insecticides and nerve gases, inhibit acetylcholine ester-
ase by forming covalent phosphoryl enzyme intermediates as analogs of the
normal covalent acetyl–enzyme intermediate formed in catalytic hydrolysis
cycles68 (Figure 8.38). The bulky phosphoryl groups are prone to long life-
times and rates of hydrolyses are many orders of magnitude slower than the
normal acyl enzyme. This long lifetime of the phosphorylated forms of
acetylcholine esterase are the molecular basis of insecticide and nerve gas
action.

The phosphotriester inhibitors typically have two alkyl and one aryl sub-
stituent as the triesters (Figure 8.38). The aryl alcohol is the lower energy
leaving group (lower pKa of aryl–OH vs. alkyl–OH) and is the alcohol dis-
placed as acetylcholinesterase carries out an addition–elimination reaction
that leads to the long-lived covalent phosphoryl enzymes.

The phosphotriester subclass of organophosphate insecticides and nerve
gases are substrates for hydrolysis by phosphotriesterases, catalysts that
detoxify these problematic xenobiotic scaffolds.69,70 The leaving group
ability carries over to the phosphotriesterase mechanisms, such that hy-
drolysis of the aryl–O–P bond is most rapid in producing the dialkyl phos-
phodiester products (Figure 8.39A). The phosphotriesterase-mediated
hydrolysis of the insecticide paraoxon is shown in Figure 8.39, yielding the
para-nitrophenolate anion and diethylphosphate.

Bacterial phosphotriesterases may have evolved from bacterial lactonases
to deal with ambient levels of phosphotriesters and organophosphate in-
secticides in soil.70 The first phosphotriesterase isolated from Pseudomonas
diminuta came from an organophosphate-contaminated soil.71 Phospho-
triesterases have different folds and probably distinct evolutionary histories
as they converge to acquire this common xenobiotic hydrolase activity.69 All
such enzymes yet characterized are two metal-dependent in a binuclear
metal center (most commonly a Zn21 pair, Figure 8.39), a common theme for
phosphate coordination and water activation, seen in both phosphomo-
noesterases and phosphodiesterases in Chapter 7 and earlier in this chapter.
With chiral phosphotriester substrates the Pseudomonas enzyme shows a
preference for RP isomers but will also less efficiently hydrolyze the SP iso-
mers of phosphotriesters.

Some phosphotriester insecticides have one of the phosphate oxygens
replaced by a stable bond to sulfur. For example, parathion, the precursor
metabolite to paraoxon is in this category. In eukaryotes the sulfur atom
gets oxygenated enzymatically by a liver cytochrome P450 and rearranges
to the indicted three-membered ring shown in Figure 8.39B before ex-
truding sulfur and creating paraoxon as substrate for phosphotriesterase
cleavage.
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Figure 8.38 Acetylcholine esterase (insect or human) is the target for phosphotriester insecticides or phosphonyl fluoride nerve gases,
respectively. Both types of phosphoryl scaffolds have a low energy leaving group (e.g. a phenol in the phosphotriesters, a
fluoride ion in sarin) to allow facile covalent phosphorylation of the active site serine, the normal catalytic nucleophile in
acetylcholinesterase. Unlike the normal covalent acetyl enzyme intermediate, which is hydrolyzed rapidly, the phosphoryl
enzymes are long-lived, shut down acetylcholinesterase activity for hours to days, and promote excessively high levels of the
neurotransmitter acetylcholine.
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CHAPTER 9

Phosphorylases: Inorganic
Phosphate as Oxygen
Nucleophile

The enzyme class known as phosphorylases are contrasts and comparators
to the phosphoryl transfer enzymes: both the kinases described in Chapter 3
and the phosphatases examined in Chapter 8. In kinase action the terminal
phosphoryl group [–PO3

2�] is transferred from ATP as a phosphorus elec-
trophile to cosubstrate nucleophiles. In phosphatase action the phosphoryl
group [–PO3

2�] of a phosphomonoester substrate is likewise transferred as
an electrophile at phosphorus to cosubstrate water activated to function as a
nucleophile (Figure 9.1).

9.1 Phosphate Anion as Oxygen Nucleophile
Phosphorylases also generate phosphomonoesters as products, in analogy to
the products from kinase action. However, Mg–ATP is not a substrate. Instead
it is inorganic phosphate acting as oxyanion nucleophile. Compared with
phosphatases where water attacks an electrophilic phosphoryl group, in-
organic phosphate is the nucleophile, typically attacking some electrophilic
carbon atom in a cosubstrate (Figure 9.1). The pKa values of phosphoric acid
mean that inorganic phosphate at physiological pH is a mix of monoanions
and dianions of the peripheral oxygens. Those oxyanions are the nucleo-
philes in action of phosphorylases.

In the example of line 3 of Figure 9.1 phosphorolytic cleavage of cellulose at
the terminal glucosyl unit converts the itinerant glucosyl C1 oxocarbenium ion
into glucose-a-1-phosphate. Suites of both hydrolases and phosphorylases
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are expressed in organisms that can degrade oligosaccharide fragments of
cellulose.1 All four oxygens in this phosphate ester originate in inorganic
phosphate, reflecting its function as a nucleophile. The phosphorylase class of
enzymes demonstrate and utilize this nucleophilic feature of inorganic
phosphate in their chemical biology.

Phosphorylases need electrophilic carbon atoms in their cosubstrates
to be attacked by inorganic phosphate. The C1 acetal carbons of oligo-
saccharides and polysaccharides give rise to C1-oxocarbenium ion transition
states, so in principle and in practice they are candidates. Furthermore,
phosphorolysis instead of hydrolysis gives the sugar-1-phospates that are the
activated species on the way to NDP–sugars, such as UDP–glucose. By using
inorganic phosphate as nucleophile, organisms avoid having to spend an
ATP to convert free glucose to glucose-1-phosphate or free mannose to
mannose-1-phosphate. In this sense polysaccharide phosphorylases func-
tion as energy-saving nanomachinery.

As a sugar monomer unit is mobilized from a homopolymeric glucan such
as starch or cellulose by enzymatic phosphorolysis, the resultant monomer

Figure 9.1 In the action of both kinases and phosphatases, the –PO3
2� group is

transferred as an electrophile at phosphorus to cosubstrate nucleo-
philes. In phosphorylase reactions, all four oxygens of inorganic phos-
phate are incorporated into the product as an oxyanion of inorganic
phosphate acts as a nucleophile on a cosubstrate electrophile.
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typically has the phosphate ester grouping at C1 of the sugar as the a-
anomer, e.g. glucose-a-1-phosphate (Figure 9.1). This may be due to the
immediate utility of the hexose-a-1-phosphate isomer as a usable metabo-
lite. In contrast, hexose-b-1-phosphates, if formed, would be dead-end
metabolites.

Among well studied phosphorylases in this class are the disaccharide
phosphorylases trehalose phosphorylase and sucrose phosphorylase2

(Figure 9.2). The classic polysaccharide phosphorylase is glycogen phos-
phorylase3 (Figure 9.2). Together, these enzymes represent cleavage of dis-
tinct 1,1-, 1,2-, and 1,4 linked sugar residues (Figure 9.2). a-Glycosidases that
act on the amylopectin component of starch must also be able to hydrolyze
glucosyl-a-1,6-glucose linkages (not shown).

A number of glycoside phosphorylases have been identified4 and in-
clude enzymes that retain the configuration at C1 of the mobilizing sugar
residue as well as those that invert the configuration. Maltose phosphor-
ylase and glycogen phosphorylase retain the alpha configuration in the
glucose-1-phosphate product found in the a-1,4-linked maltose di-
saccharide or glycogen starting polysaccharide. In contrast, the b-linkage
in sophorose (b-1,2) proceeds with inversion at C1 to glucose-a-1-phos-
phate (Figures 9.3 and 9.4). The number of glycoside phosphorylases
identified to date is around 30.5 Many have equilibrium constants not
far from unity and so represent enzymes that could be run backwards
and used to make oligosaccharides of defined constitution and
stereochemistry.6

The consensus mechanism for glycoside phosphorylases is a transition
state with early C1–O bond cleavage, generating a C1-carbocation.5,7,8 This
is resonance stabilized by delocalization into the adjacent oxygen such that
the positive charge is spread over C1–O as an oxocarbenium ion
(Figures 9.3 and 9.4). The retention vs. inversion outcome in configuration
at C1 of the sugar 1-phosphates, is thought to reflect restricted access of Pi
to the sugar oxocarbenium ion. Approach from the back as in sophorose
phosphorylase leads to inversion from beta to alpha. In glycogen- and
maltose phosphorylases, approach from the front leads to retention (alpha
to alpha).

On the other hand, the sucrose phosphorylase from Pseudomonas
saccharophila carries out hydrolysis by a two-step mechanism where the
nucleophile in the first step is the beta carboxylate oxygen of an aspartate
residue in the active site. This releases fructose and produces a glucosyl-
aspartate oxoester covalent enzyme adduct.9 In the second half reaction
the enzyme uses inorganic phosphate to discharge the glucosyl enzyme
intermediate. The results of stereochemical analysis indicated that the
original glucosyl-a-1,2-link to fructose in the sucrose substrate was converted
to a b-glucosyl enzyme intermediate10 (Figure 9.2). Phosphorolysis by in-
organic phosphate again proceeded with conversion to give the observed
glucose-a-1-phosphate.
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Figure 9.2 Three carbohydrate phosphorylases: trehalose phosphorylase, sucrose phosphorylase, and glycogen phosphorylase act on
saccharide substrates of different regiochemistry.
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Figure 9.3 Distinct stereochemical outcomes for enzymatic glycosyl transfers to inorganic phosphate. Sophorose phosphorylase catalyzes
inversion, glycogen phosphorylase catalyzes retention of stereochemistry at C1 of the migrating glycosyl unit.
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9.2 Equilibrating Acyl Thioesters
and Acyl Phosphates

A second class of electrophilic carbon centers in metabolites that can be
captured by inorganic phosphate are acyl thioesters. The thermodynamics of
acyl phosphates (mixed acyl phosphoric anhydrides) and acyl thioesters are
close enough that these can be reversible transformations. One such enzyme
is termed phosphotransacetylase,11 a bacterial enzyme interconverting
acetyl-CoA and acetyl-phosphate with Keq.B1. (Figure 9.5). The physiological
role of this enzyme in bacteria such as E. coli is to function in the tandem
enzyme sequence acetate kinase, phosphotransacetylase (Figure 9.5) to
generate acetyl CoA. The kinase spends an ATP to activate the resonance
stabilized carboxylate anion of acetate to the mixed acyl–phosphoric an-
hydride. The acetyl-phosphate is then harvested by the thiolate anion of
coenzyme A to produce acetyl-S-CoA as the major circulating activated acetyl
metabolite. The thermodynamic acetyl group transfer potentials in acetyl-
phosphate and acetyl CoA are about equivalent, but the thioester linkage in
acetyl CoA is kinetically much more stable in cells.

Analogously, in the middle of the citric acid cycle, succinyl phosphate is
generated as a nascent product from succinyl CoA.12 The reaction is phos-
phorolysis of a succinyl thioester (Figure 9.5). The phosphoryl group of
succinyl phosphate is then attacked by one of the terminal phosphate oxy-
gens of GDP to create GTP and succinate.

A central enzyme in glycolysis that also operates in the phosphor-
olysis direction is glyceraldehyde-3-phosphate dehydrogenase.13 In the
glyceraldehyde-3-phosphate dehydrogenase catalytic site, the covalent thio-
hemiacetal adduct between the active site cysteine thiolate side chain and
the C1-aldehyde of the substrate is oxidized. The vehicle for the oxidation
event is hydride ion transfer to NAD1, generating NADH (energy capture)
and the covalent 3-phosphoglyceryl group in thioester linkage to the sulfur
of the active site cysteine.

Figure 9.4 The oxocarbenium ion transition state can be attacked from above or
below by cosubstrate nucleophiles.
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Figure 9.5 Phosphate capture of acyl thioesters can be reversible, equilibrating acyl phosphates with acyl thioesters.
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As shown in Figure 9.6 phosphorolysis regenerates the free enzyme as the
1,3-diphosphoglycerate is released. The phosphoryl group at C3 is a typical
phosphate monoester. The phosphoryl group at C1 is part of the acyl-
phosphoric anhydride linkage. The phosphorolysis is an energy harvesting
step, moving the activated 3-phospholgyceryl group from its tethered locus
in the dehydrogenase active site to a thermodynamically activated product
species free to diffuse in solution. In the next step of glycolysis the 1,3-diPGA
diffuses to the active site of the 3-PGA kinase as a strategy for moving the
phosphoric anhydride part of the acyl phosphate to ADP to form ATP. During
gluconeogenesis glyceraldehyde 3-phosphate dehydrogenase does run in the
opposite direction, using 1,3-diposphoglycerate for acyl group transfer to the
active site cysteine side chain: the dual activation of acyl phosphoric an-
hydrides utilized.

9.3 Polynucleotide Phosphorylase
A third class of phosphorylases act on RNA. These are the polynucleotide
phosphorylases noted previously in Chapter 5 as nucleotidyl transferases14,15

(Figure 9.7). The enzyme is named for its activity as a 30-exonucleolytic
phosphorylase, but under some conditions the enzyme can function to add
AMP residues to the 30-ends of RNAs. This enzyme is a minor contributor to
poly A tail elongation. A separate poly-A polymerase is the major contributor,
adding the 4100 AMP residues that constitute polyadenylation tails char-
acteristic of mature messenger RNAs that exit nuclei.

Figure 9.6 Although glyceraldehyde-3-phosphate dehydrogenase is named for its
two-electron oxidative conversion of the aldehyde to acyl oxidation state,
in the second step of the reaction the enzyme acts as a phosphorylase,
releasing the nascent enzyme-bound 3-phosphoglycerly thioester as the
1,3-diphospholglycerate product.
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Figure 9.7 Polynucleotide phosphorylase is an unusual phosphorylase catalyst. It mediates sequential adenylyl transfers from the
polyadenylated 30–OH terminus of mRNAs, releasing adenylated phosphate¼ADP as product in each phosphorolytic catalytic
cycle. In the reversible back direction ADP, rather than ATP, is the unusual adenylyl donor.
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In the phosphorylase direction, the 30 end of an RNA chain gives up its
terminal NMP moiety to an incoming Pi substrate. Each cycle of phos-
phorolysis shortens the RNA chain by one nucleotide from the 30-end. The
coproduct in each such catalytic cycle is ADP.

One unusual feature of polynucleotide phosphorylase is that the electro-
philic fragment undergoing transfer to Pi is not a carbon center but instead the
electrophilic phosphorus of a phosphodiester. The cleavage breaks that inter-
nucleotide phosphodiester linkage as the phosphorus atom embedded in
the NMP group is attacked by one of the oxygens of Pi. In turn the released
product is the nucleotide diphosphate ADP. There is net preservation of
phosphodiester linkages between substrates and products. From this per-
spective polynucleotide phosphorylase can be viewed three ways: as a
phosphodiester interchange catalyst, a nucleotidyl transferase in one dir-
ection, and a phosphorylase in the opposite direction.

Finally, viewed in the back direction as a poly-A adding enzyme, poly-
nucleotide phosphorylase is almost unique in using ADP rather than
ATP as the nucleotidyl (AMP) unit donor. No other extant nucleotidyl
transferase discussed in Chapter 5 can use ADP in place of ATP, yet that
might have been an early evolutionary step in nucleotidyl transfer catalysis
in biology.

9.4 Phosphorylase Summary
This brief summary of phosphorylases illuminates the orthogonal role of
inorganic phosphate as a nucleophile in contrast to the hundreds of elec-
trophilic phosphoryl group transfers that populate all aspects of metabol-
ism. In principle any electrophilic center would qualify as a substrate for a
phosphorylase. Two types of (potential) carbon electrophiles subject to en-
zymatic phosphorolysis are glycoside linkages and acyl thioesters. The use of
internucleotide phosphodiesters as electrophilic partners with Pi reminds us
about the interconnected scope of inorganic phosphate and phosphoryl
groups as two sides of the same coin of phosphate chemical biology. It may
reprise earlier metabolic roles as a nucleophile and electrophile for phos-
phate during evolution.
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CHAPTER 10

N–P Bond Chemical Biology

10.1 N-Phosphoryl Proteinogenic Amino Acids
In comparison to the ubiquity of phosphate oxygen ester chemical biology,
N–P bonds in metabolites are substantially more limited. One major class of
N–P scaffolds involves enzymatic phosphoryl transfers to nitrogen atom-
containing nucleophiles. Figure 10.1 notes that five of the twenty proteino-
genic amino acids can become phosphorylated on a side chain nitrogen
atom. The nitrogen groups can be primary amines, presumably as the free
base forms, and two less likely nitrogen nucleophiles: amides and amidines.

A sixth example in that same figure shows phosphorylation of the a-amino
group of leucine in a L-Leu–L-Trp dipeptide backbone1 (in a pair of natural
antimetabolites phosphoramidon and talopeptin, noted in detail in
Section 10.7 of this chapter). Given this Leucyl a-N–PO3

2� precedent, any free
primary amine of an amino acid moiety could thereby undergo enzymatic
N-phosphorylation in nature. In addition, a recent review in 2018 catalogued
some 55 secondary (conditional) metabolites that contain one or more
N–P bonds.1

The other primary amine in Figure 10.1 is the C6-side chain amine of ly-
sine but the context is not the free amino acid but rather a lysine residue side
chain found in the chromosomal protein histone H1. The imidazole side
chain of histidine residues has a much higher proportion of the side chain
as a free base than the C6 ammonium form of lysine (imidazolium ion pKa

B6.5 vs. lysine-C6-ammonium pKa B10.5) and histidine-N-phosphorylation
is substantially more frequent than lysine residue N-phosphorylation. The
two secondary amine nitrogens of the imidazole ring are numbered N1 and
N3 where the alanyl side chain is at C2. Figure 10.1 shows the N3-imidazolyl-
phosphate regioisomer of N3-phosphoryl-His but the N1 regioisomer is also
known.2 The known biological contexts for histidine phosphorylation are in
phosphoproteomics. We will note that N-phospho-His residues retain the
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Figure 10.1 Five of the 20 proteinogenic free amino acids can be N-phosphorylated during metabolism. The sixth, Leu, is N-phosphoryl-
ated on the free amino group in the dipeptides phosphoramidon and talopeptin.
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high group transfer potential of the phosphoryl group: most of the phospho-
His residues are catalytic intermediates in enzymatic phosphoryl transfer
reactions. These examples including the category of bacterial histidine
sensor kinases taken up in Section IV.

Two examples of N-phosphorylated amides, N-phosphoryl glutamine and
N-phosphoryl-asparagine are included in Figure 10.1. Amides are at best
weak nitrogen nucleophiles and, ab initio, are surprising participants. We
delve into these two examples below.

10.2 Phosphagens and Phosphoramidates
The third category of proteinogenic amino acids that become N-phos-
phorylated are modified at the terminal amine of an amidino group. Ar-
ginine phosphate is the representative here as an N-phospho-guanidinium
metabolite. Again, the guanidinium group is an unlikely nitrogen nucleo-
phile, with a typical pKa for loss of a proton from the cationic guanidinium to
the free base form in the range of pH 12–14.

The N-phosphoguanidinium-containing metabolites are sometimes re-
ferred to as phosphagens. The term phosphagen implies that the molecule is
a source of phosphoryl groups and refers to the biological function of this
small class of eight such N-phosphoryl metabolites. As shown in Figure 10.2,
N-phosphoarginine is one of eight related phosphagens found in invertebrates,
including earthworms. Lommbricine for example was isolated from Lombricus
terrestris, the common earth worm. In Trypanomsa brucei, there are three
isoforms of arginine kinase: one in the flagellum, one in glycosomes, and one in
the cytoplasm, presumably serving local energy buffer functions.3

The phosphagens fall into distinct subclasses. Lombricine and thalassa-
mine are O-phosphoserine derivatives to which an ethanolamine and then
an amidino extension have been added. (These are unusual scaffolds with
both a phosphodiester and a phosphoramidate linkage). The hypotaur-
ocyamine and taurocyamine derive biosynthetically from taurine and hy-
potaurine. Glycocyamine and creatine form a pair with carboxylate anion
replacing sulfonate or sulfinate anions. All bear the guanidine group as the
site of N-phosphorylation as phosphagens.

The eighth representative, creatine phosphate, is the sole phosphagen in
vertebrates. It is well-studied as a buffer molecule for ATP production in high
metabolic demand tissues such as skeletal muscle. Creatine kinase catalyzes
the fully reversible transfer of the terminal g-PO3

2� of ATP to the deproto-
nated guanidine terminal nitrogen in the active site of creatine kinase4,5

(Figure 10.3). Creatine phosphate can be stored in skeletal muscle in its
phosphagen role. During active muscle contraction as ATP is rapidly con-
sumed by the ATPase activity of actomyosin, creatine kinase can run back-
wards, converting ADP into ATP for continued use by the sarcoplasmic
contractile machinery.

The phosphoryl group stored in creatine phosphate also is an alternative
to Pi generation from ATP hydrolysis. There is thought that phosphagens
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Figure 10.2 N-phosphorylated metabolites (phosphoramidates) serve as reservoirs of high phosphoryl group transfer potential to react
under enzymatic catalysis with ADP to form ATP. They are collectively termed phosphagens.
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may have evolved to control levels of inorganic phosphate in high demand
tissues with episodic high bursts of ATP usage. Of course, as creatine
phosphate runs backwards through creatine kinase to form ATP and the ATP
is then hydrolyzed, a stoichiometric amount of inorganic phosphate is
formed, but it may be the instantaneous concentrations of phosphagen vs.
[Pi] that matter. Both ADP and Pi have to make their way from sites of ATPase
action throughout a cell to and through dedicated ADP- and Pi transport
proteins in the mitochondrial membranes to be available (B70 kg per day in
an adult) for the ATP synthase machinery. The seven invertebrate phos-
phagens play similar roles as ancillary stored supplies of ‘‘high energy’’
(thermodynamically activated) phosphagens.

Creatine biosynthesis originates with the two-carbon achiral proteino-
genic amino acid glycine6 (Figure 10.4). An amidinotransferase enzyme
transfers the amidino group from arginine to the amine of glycine, creating
guanidinoacetate in the rate limiting step in the pathway. This occurs
principally in kidneys: guanidinoacetate is secreted into the blood and
subsequently methylated by the S-adenosylmethionine-consuming guanidi-
noacetate N-methyltransferase (Figure 10.4B) to produce creatine. Creatine is
then transported across the plasma membrane into tissues such as cardiac
and skeletal muscle and brain by a sodium ion-coupled creatine transport
protein. Biosynthesis accounts for about 1 g of new creatine per day and
another 1 g would derive from an omnivore diet.

The enzymatic amidino transfer involves a two step mechanism and a
covalent amidino enzyme intermediate7 (Figure 10.4A). The thiolate anion
form of the side chain of an active site cysteine adds into the imine carbon of
L-arginine. The resultant tetrahedral adduct can expel coproduct ornithine
and yield a covalent thiohemiamidine adduct. This is the species captured in
the second half reaction by the cosubstrate glycine’s deprotonated amino
group. Similar amidinotransferases are involved in generation of the other
six amidino scaffolds of the invertebrate phosphagens.

In the subsequent action of creatine kinase (and the other seven in-
vertebrate guanidinium kinases that create phosphagen energy reserves), the
most difficult step in catalysis may be to effect deprotonation of the sub-
strate guanidinium group. The guanidinium pKa of creatine is 12.7 while the

Figure 10.3 Creatine kinase is an N-amidino kinase, reversibly transferring the
terminal –PO3

2� group between ATP and the deprotonated amidine
(guanidine) group of creatine.
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guanidinium group in arginine has been remeasured to be 13.7. Thus, at
near neutral pH there is less than one part in 105 to one part in 106 of the
deprotonated guanidine form of creatine or arginine required for the ni-
trogen to function as a nucleophile. An ion pair with a conserved aspartate
residue b-carboxylate side chain in the kinase active sites is likely to be the
preamble to proton transfer in the phosphoryl transfer transition state.

The guanidinium nitrogens are, to put it mildly, unlikely groups to have
been conscripted by biology as nucleophiles. On the other hand, once
formed the positive nitrogen charge on the N-phospho-guanidinium product
ensures it is thermodynamically activated. The phosphoryl transfer to ADP
to refurnish ATP levels in tissues actively consuming large amounts of
energy (ATP) makes them a useful ready energy store – the function of a
phosphagen.

10.3 Phosphoramidate Nomenclature
Another piece of terminology for describing N–P compounds is the word
phosphoramidate. When all three –OH groups of phosphoric acid are

Figure 10.4 Two enzymatic steps convert glycine to creatine. (A) The first enzyme is
an amidino transferase using L-arginine as amidino donor and glycine
as acceptor via an intermediate amidino-S-enzyme intermediate. (B)
The second enzyme is a conventional SAM-dependent N-methyltrans-
ferase acting on guanidinoacetate as nitrogen nucleophile.
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substituted by NH2 this triamino parent compound is known as phosphor-
amide. There is no known biology for the parent phosphoramide. When
there is one substitution of NH2 for one –OH, the parent compound is
phsphoramidic acid (Figure 10.5). At physiological pH values, the anion is
termed a phosphoramidate. All phosphorus-substituted amines are likewise
termed phosphoramidates. Thus, all the N-phosphoryl amino acids of
Figure 10.1 and all the phosphagens of Figure 10.2 are formally
phosphoramidates.

There are some naturally occurring phosphorotriamidates. Two such
metabolites are octicidin and sulphostin1 (Figure 10.5). Two nucleotides
with replacement of one of the terminal phosphate side chain oxygens by
NH2 are known: AMP phosphoramidate and 3050-CDP phosphoramidate
(Figure 10.5). We will note later in this chapter that the latter compound is a
phosphoramidyl donor in the maturation of the capsular polysaccharide of
the intestinal pathogen Campylobacter jejuni. A few compounds with S–P–N
bonds are also known; those are phosphorothioamidates.

10.4 N-Phospho-asparaginyl Residue in Microcin C7
Maturation

Microcins are low molecular weight, ribosomally-generated peptides syn-
thesized as antimetabolites by bacterial strains to kill neighboring strains in
order to create nutrients and space for the microcin producers to grow.8,9

Among the intriguing structures and mechanisms of bacteriocidal actions is
the heptapeptide microcin C710 (Figure 10.6). Strains of E. coli encode the
gene cluster that contains both the small 21 base pair mccA structural gene
and ancillary genes including mccB necessary for creation of the unusual
AMP–phosphoramidate linked to the C-terminal aspartate residue of the
active, mature microcin C.

Mature microcin C is secreted by producer E. coli strains and taken up by
neighboring strains that lack the plasmid and are vulnerable. Peptidases in
the recipient strain hydrolyze the heptapeptidyl–AMP phosphoramidate
down to the free aspartyl–N–AMP that is a potent nonhydrolyzable analog of
the normal asparaginyl–AMP intermediate for asparaginyl tRNA synthetase
(Figure 10.7). Competitive blockade of asparagine incorporation into pro-
teins by the tight binding nonhydrolyzable phosphoramidate brings protein
synthesis to a halt and that sets off responses that lead to bacterial death.

The mechanism of formation of the P–N phosphoramidate bond to AMP
by the MccB enzyme has been investigated and found to consume two ATP
molecules for each N–P linkage generated.11 The first ATP is cleaved to PPi
and AMP, indicating a nucleotidyl transfer. The second ATP releases PPi
while the AMP portion becomes part of the phosphoramidate linkage.
A third factoid of import is that the mccA gene encodes an asparaginlyl
residue at the C terminus of the nascent heptapeptide, not the aspartate
observed in the mature microcin C.
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Figure 10.5 Phosphoramide and phosphoramidate nomenclature. Monoamidates and triamidates. Phosphoroamidites (PIII oxidation
state) are not biological metabolites but are key intermediates in chemical synthesis of oligonucleotides.
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Figure 10.6 Microcin C7 is a posttranslationally modified bacterial heptapeptide with an unusual N-phosphoramidyl-AMP group as
nonhydrolyzable analog of the corresponding acyl-AMP.
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Figure 10.7 Two adenylyl transfers in the posttranslational maturation of microcin C7. The first is a conventional adenylyl transfer to
the C-terminal carboxylate of the heptapeptide. The second is AMP group transfer to the N–H of a heptapetidyl–succinimide
intermediate.
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MccB starts a catalytic cycle with a nucleotidyl transfer of the AMP moiety
of the first ATP to the carboxylate of the nascent heptapeptide C-terminal
asparagine (Figure 10.7). This forms the canonical hexapeptidyl–AMP (acyl-
phosphoric anhydride). The AMP moiety then undergoes displacement with
intramolecular assistance from the side chain of asparaginyl residue7. The
result is free AMP and conversion of the linear side chain amide of Asn7 into
a cyclic succinamide. Now, that C-terminal succinamide acts as nucleophile
for nucleotidyl transfer of the AMP moiety of the second ATP. This step re-
leases the second overall equivalent of PPi and tethers this AMP moiety
covalently to the heptapeptidyl backbone with a new N–P bond. This is the
phosphoramidate formation step.

The MccB enzyme has one last step to perform. It mediates a regiospecific
hydrolysis of the cyclic imide to the linear microcin C product. The N–P bond
is undisturbed in this imide hydrolysis step. The C terminal amino acid is
now an aspartate rather than the starting asparagine, creating part of the
recognition for binding to and inhibiting aspartyl tRNA synthetase. To get to
the N–P bond, though, the system must start with a C-terminal Asn rather
than Asp residue.

At two stages during this consumption of two ATP molecules the MccB
enzyme coaxes first a weak amide nitrogen, then a more active imide ni-
trogen to function as a nucleophile. The value of the N–P bond is that it
creates a kinetically stable isostere to the O–P bond in the natural aspartyl–
tRNA substrate.

10.5 N-Phospho-glutamine and Tailoring of C. jejuni
Capsular Polysaccharide

Campylobacter strains can be pathogens causing gastroenteritis in the
human gastrointestinal tract by way of ingesting contaminated poultry.
Among the pathogenic mechanisms, some invasive C. jejuni strains produce
a capsular polysaccharide that is decorated with an unusual O-methyl-
phosphoramidate group on two of the sugars in a repeat saccharide unit.12

One sugar is 2-acetamido-2-deoxy-D-galatofuranose. The other is D-glycero-a-
L-glucoheptapyranose (shown in Figure 10.8).

Four enzymes are required for formation and transfer of the O-methyl-
phosphoramidate group. The first enzyme is an unusual ATP-dependent
amide ‘‘kinase’’ generating the N–P bond as an N–PO3

2� group on the

Figure 10.8 Structure of the O-methylphosphoramidate group in the capsular poly-
saccharide of some pathogenic strains of Camphylobacter jejuni.
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glutamine amide NH group.13 The coproducts are AMP and Pi. The side
chain amide of glutamine, like the side chain of asparagine above, is a weak
nucleophile. Nonetheless, hundreds to thousands of N-glycoproteins are
biosynthesized by that carboxamido nitrogen of asparaginyl side chains in
proteins acting as a nucleophile for glycosylation.

The cleavage to AMP and Pi by the purified enzyme, in the absence of
contaminating PPiase, indicates an as yet unexamined unusual mechanism.
The formation of AMP as one product is consistent with a nucleotidyl
(adenylyl) transfer at some stage of the catalytic cycle. It is also consistent
with a rare pyrophosphoryl transfer and then a P–O–P anhydride bond
cleavage to further drive the biosynthetic equilibrium to N–PO3 formation
(Figure 10.9). One would need to determine if Pa (adenylyl transfer) or Pb
(pyrophosphoryl transfer) becomes attached to the glutamine NH group as
preamble to mechanism. There is also the question of a possible isoamide
form of Gln as nucleophile followed by a PO3

2� group O to N transfer
(e.g. followed by cleavage of a pyrophosphoryl to phosphoryl N-linked product).

10.6 Nucleotide Phosphoramidates: Transfer of a
Phosphoramidinyl Group

The second and third enzymes in the C. jejuni pathway bring nucleotides
into play.14 Specifically, CTP is the donor of a CMP moiety in a variant of a
classic nucleotidyl transfer. Traditionally an oxyanion of a phosphate ester
would attack CMP to give a cytidine diphospho diester product. In this un-
usual case the phosphoramidate oxyanion of the glutaminyl–N–PO3

2� is the
nucleophile and the product is the CDP-L-glutamine with an internal
phosphoramidate-ester linkage instead of the canonical phosphodiester15

(Figure 10.9).
The third enzyme is a version of a classic glutaminase, hydrolyzing the

amide linkage by C–O bond cleavage. In this case the product glutamate is
accompanied by a molecule of CDP-phosphoramidate. The N–PO3

2� group
has been transferred from its original home on the glutamine scaffold to the
CMP moiety in a short three enzyme pathway.

The fourth enzyme takes a page out of sulfate activation strategy. In sulfate
activation for –SO3

� transfers, two ATPs are spent. The first enzyme uses a
sulfate oxygen as nucleophile to attack Pa of ATP to give product adenyl-
sulfate (APS) (Figure 6.7 in Chapter 6). The second ATP is then utilized as
phosphoryl donor to the 30-OH to yield 30-phospho-50-adenylsulfate (PAPS).
This is the preferred donor for sulfuryl transferases to transfer the SO3

�

group to cosubstrate nucleophiles.
In the Campylobacter jejuni pathway the fourth enzyme is a similar phos-

phoryl transferase, transferring a PO3
2� group to the 30-OH to yield 30,5 0-

CDP-phosphoramidate (Figure 10.9). The latter steps in the capsular poly-
saccharide maturation pathway are as yet undetermined but the PAPS pre-
cedent would predict transfer of the phosphoramidate moiety to the
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Figure 10.9 Four enzyme pathway from glutamine to 30-phospho-CDP-5 0-phosphoramidate involve a novel glutamine carboxamide
N-kinase as first step and subsequent donor of the phosphoramidyl group.
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galactofuranose and glucoheptose –OH groups. Then, it would only remain
for an S-adenosylmethionine dependent O-methyltransferase to finish the
O-methylphosphoramidate tailoring (Figure 10.10).

As an aside, there is indeed an enzyme that uses NH3 and adenylsulfate
(APS) to carry out adenylyl transfer to NH3, forming adenyl phosphor-
amidate1 (Figure 10.11). APS is an alternate sulfuryl group donor to PAPS.
Perhaps adenyl phosphoramidate may yet function for phosphoramidyl
transfer (with adenosine as coproduct) to cosubstrate nucleophiles. It seems
unlikely that adenyl phosphoramidate would transfer ammonia as a nu-
cleophile. Such chemical biology has not yet been reported.

10.7 Talopeptin/Phosphoramidon: a-Aminokinase
Action

Phosphoramidon is a streptomycete metabolite that functions as an in-
hibitor of metallopeptidases by binding to their active sites and chelating the
active site divalent cations (Figure 10.12). Phosphoramidon has a Leu–Trp
dipeptide scaffold with the amino group of the leucyl residue in phosphor-
amidate linkage. One of the phosphoramidate oxygens is also in ester
linkage to L-rhamnose, such that the phosphoramidyl moiety is also part of a
phosphoramidate diester linkage. A congener known as talopeptin differs
only on the stereochemistry at one of the deoxyhexose–OH groups
(Figure 10.12). The biosynthetic path to talopeptin has recently been de-
ciphered, demonstrating the involvement of TalE as a novel amino kinase.16

The primary amine of the leucine moiety of the Leu–Trp dipeptide is the
nucleophile attacking Pg of ATP for phosphoryl transfer to yield
the N-terminal phosphoramidate (Figure 10.12). The Leu primary amine is a
much more robust nucleophile than the carboxamide nitrogens of Asn or
Gln in the two previous phosphoramidate examples.

The short pathway concludes with L-rhamnosyl transfer from the proto-
typic nucleoside diphosphate glycosyl donor, 20deoxythymidine-L-rhamnose
(Figure 10.12). This is a variant of the standard transfer of glycosyl ox-
ocarbenium units to phosphate monoester anions discussed in Chapter 5. In
this case the nucleophile is a phosphoramidate monoanion to yield the
phosphoramidate ester final metabolite talopeptin.

Three other examples of phospohramidate natural products are worth
passing mention (Figure 10.5). The first is agrocin 84 an agrobacterium-
generated antimetabolite that has elements of a complex AMP scaffold.1 It
harbors two phosphoramidate linkages, one at N6 and the other in the side
chain phosporamidate moiety. The biosynthetic logic has not been de-
ciphered but the N6-phosphormaidate could arise by attack of the N6-amine
of ATP as in the talopeptin example. The linkage at the side chain phos-
phoramidate is an amide bond to a dihydroxy acid. That might arise by prior
formation of the 50-phosphoramidate that then attacks an acyl CoA deriva-
tive to form the 50-phosphoramidate amide scaffold.
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Figure 10.10 Proposed transfer of a [CH3
1] equivalent from S-adenosylmethionine to one of the oxyanions of the phosphoramidate group

in the C. jejuni capsular polysaccharide ensures the product is a monoanion not a dianion.
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Figure 10.11 Enzymatic formation of adenosine monophosphoramidate by enzymatic attack of free NH3 on adenyl sulfate: net adenylyl
transfer to NH3 with release of SO4

2�.
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Figure 10.12 The formation of phoshoramidon and talopeptin happens in two enzymatic steps from the dipeptide Leu–Trp. First is an
aminokinase (TalE in the talopeptin pathway). Then, one of the two oxyanions of that phosphoramidate group attacks C1 of
the rhamnosyl moiety of dTDP–L-rhamnose to transfer the electrophilic rhamnosyl moiety to complete the natural product
scaffold.
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The other two structures in Figure 10.5, octicidin and sulfostin, are rare
examples of a phosphotriamidate group – phosphorus with three N–P bonds
and one O–P bond (present as OQP).1 The biosynthetic assembly strategy for
phosphotriamidate construction is not deciphered. One can speculate that
the sulfonamide bond forms late from a sulfuryl transfer from adenylsulfate.
The branched hexylamine might be the nucleophile on a phosphodiamidate
intermediate. Whether such a phosphodiamidate could arise from iterative
transfers from ATP is unknown. No examples of stable phosphodiamidates
are yet known in metabolism.

10.8 Phosphoramidites in Synthetic Oligonucleotide
Chemistry

In Chapter 1 we noted that there are rare reports of lower valent states of
phosphorus other than PV in biology including detection of PH3 as a product
of anaerobic bacterial metabolism. In addition, other than rare NAD1-
dependent microbial oxidation of phosphite (P¼þ 3) to phosphate by
phosphite dehydrogenase,17 essentially all of phosphorus chemical biology
occurs in the (þ5) oxidation state. The equivalent of phosphite for a (PIII) N–P
containing species is a phosphoramidite (Figures 10.5 and 10.13). To date there
are no indications that phoshoramidites, as compared with the phosphor-
amidates, feature in phosphorus metabolic biology.

However, we note in passing that phosphoramidite chemistry has been the
mainstay for oligonucleotide chemical synthesis over the past forty years.18

Among the enabling discoveries that have transported biology into the
postgenomic era, one can place DNA sequencing and the orthogonal ability
to synthesize oligonucleotides and then whole genes as dramatic technolo-
gies. DNA synthesis has been automated for decades and each inter-
nucleotide bond-forming step is estimated to proceed with accuracy and
yield in the region of 99.5%. A quick calculation indicates that 200 cycles to
get a 201 oligonucleotide with this coupling efficiency yields B37% of the
desired product. Ligation of five 200mers will produce a 1 kilobase synthetic
DNA that can encode a protein ofB30 000 Daltons.

The core strategy for synthetic DNA chemistry is (1) to protect exocyclic
amino groups in the adenine, guanine and cytosine bases with acid-labile
groups and (2) use phosphorus in the [þ3] oxidation state as a cyanoethyl
phosphoramidite as a nucleophile for the coupling step. The ligated phos-
phite diester product has created the internucleotide bond as the P–N bond
cleaves with diethylamine departure (Figure 10.13). (3) The phosphite trie-
ster is then oxidized quantitatively to the phosphate [þ5] triester and (4) the
base-labile cyanoethyl protecting group removed by ammonia only after re-
lease of the full length deoxy-oligonucleotide from the resin.

The phosphite to phosphate oxidation step seems an unlikely route to
DNA at first glance,19 but the dialkyl-phosphoramidite group has proven to
be among the most reactive in ligating the two nucleotides together. Each
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incoming mononucleotide is protected at the 50-OH as a -4,40dimethoxytrityl
(DMT) group to block reactivity at that position. Each is meanwhile activated
as the 30-phosphoramidite. The coupling direction is from the 50-OH of the
growing deoxyoligonucleotide tethered to the solid support onto the 30-
phosphoramidite (the opposite of the directionality of DNA polymerases).
The O–P bond formation step creates an internucleotide phosphite triester as
the diisopropyl amine departs (structure I in Figure 10.13). Conversion of I to
II is the oxidation step from trivalent phosphite triester to pentavalent phos-
phate trimester. This proceeds with high chemical efficiency but no stereo
control such that both Rp and Sp phosphate triesters are formed (More on

Figure 10.13 Schematic for DNA oligomer synthesis chain elongation by addition of
50 nucleotides in each cycle. The incoming nucleotide is a 30-phos-
phoramidite with phosphorus in the nucleophilic PIII oxidation state.
After coupling to form the internucleotide phosphite diester, the phos-
phorus is oxidized to the PV electrophilic oxidation state in the
internucleotide phosphodiester. Detritylation frees up the 50-OH of
the just added nucleotide for the next coupling cycle.
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this conundrum in Chapter 12). To prepare for the next elongation cycle,
species II is deprotected at its remaining 50-trityl group to free up that 50-OH
as the nucleophile in the next elongation cycle.

After any elongation cycle one could remove the growing deoxynucleotide
chain from the solid support and only then remove the cyanoethyl protectant
group from each internucleotide phosphotriester, producing the final
deoxyribonucleotide with internucleotide phosphodiester linkage. Each li-
gation or chain elongation step is iterated during solid phase machine
synthesis of oligonucleotides.
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CHAPTER 11

C–P Bonds in Biology:
Phosphonates and
Phosphinates

11.1 C–P Bonds: Naturally Occurring Phosphonates
The vast majority of phosphorus containing metabolites in biological
systems are inorganic phosphate or ester and anhydride derivatives of in-
organic phosphate as detailed in Chapters 2–9. In the preceding Chapter 10,
we have noted the existence of some 50–60 phosphorus-containing
metabolite scaffolds with N–P bonds and detailed some of the common
mechanisms for enzymatic formation and phosphoramidate transfer.

There are also a set of phosphorus metabolites, largely but not exclusively
in prokaryotic metabolism, with one or two direct carbon–phosphorus bonds
(C–P bonds). At present, they number B200 metabolites, with 498% con-
taining a single C–P bond.1–3 The remainingB2% are much rarer scaffolds
with two C–P bonds. Metabolites with one C–P bond are termed phospho-
nates. As noted in Figure 11.1 they are derivatives of phosphorous acid (thee
oxygens around the central P atom rather than the four oxygens in phos-
phoric acid). We will note enzymatic formation and breakdown of these C–P
containing phosphonates. Analogously, the dialkyl phosphonates with two
C–P bonds are formally in the hypophosphorous acid family. Hypophos-
phorous acid has two hydrogens and two oxygens attached to the central
phosphorus atom. The species with one C–P and one H–P is also termed a
phosphinate and we will observe that such metabolite scaffolds are found in
bacteria that make the antimetabolite phosphinothricin4 (Figure 11.1).

While direct C–P bonds in metabolites were once thought to be quite rare,
the finding that the phosphonolipid phosphatidyl aminoethylphosphonate
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was a major component of Tetrahymena membranes altered that view.5 This
phosphonate is part of a major membrane phospho(no)-lipid with ami-
noethylphosphonate replacing the normal aminoethyl phosphate of the com-
mon membrane lipid phosphodiester phosphatidylethanolamine (Figure 11.2).

The C–P bond is much more stable chemically than an O–P bond and only
a few specialized phosphonate hydrolases exist so this may be a strategy to
conserve phosphorus from competitors. Indeed, in many microenviron-
ments, including the open ocean, phosphorus limitation constrains growth.1

Organisms have gone to great lengths to accumulate phosphorus and keep it
from competitors. The C–P bond phosphonate strategy is an effective effort.
Of course, some microbes have learned to cleave some C–P bonds to convert
the phosphonate to readily usable inorganic phosphate as noted in
section 11.6 below.

Figure 11.1 Phosphorous acid, hypophosphorous acid, phosphonates and
phosphinates.
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11.2 PEP Mutase: The Singular Route to C–P Bonds
Some fifty years after phosphonates were detected as biological metabolites,
it appears that microbes have evolved only one pathway to construct C–P
bonds, all in the form of the single metabolite phosphonopyruvate. The
direct C3–P bond arises from phosphoenolpyruvate (PEP), the thermo-
dynamically activated phosphorylated enol of central metabolism, by the
catalytic action of a single enzyme encoded by the pepM gene. The enzyme is
termed PEP mutase6,7 (Figure 11.3).

William Metcalfe as microbiology lead and Wilfred van der Donk as
chemistry lead of a team at the University of Illinois have led the way in C–P
chemical biology – from pathway genetics to biochemistry of the enzymes
and determination of both enzyme and metabolite structures that reveal
novel chemistry.8 Their survey of 10 000 actinomycete isolates over the years
of collection indicated that 278 strains have the pepM gene and associated
genes likely to transform phosphonopyruvate into downstream metabol-
ites.9,10 That is about a 3% abundance rate from those spore-forming bac-
terial strains, responsible for a wide range of natural product frameworks,
including the phosphonate and phosphinate examples noted below.

Much mechanistic and structural analysis has gone into analysis of this
single pathway from phosphate ester metabolism to phosphonate metab-
olism though the narrow catalytic valley of PEP mutase. The consensus
mechanism favors (1) retention of stereochemical configuration at the mi-
grating PO3

2� but (2) not a covalent phosphoenzyme intermediate. Instead,

Figure 11.2 Aminoethyl phosphonate diester linkages in lipids with direct C–P
bonds.
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as shown in Figure 11.4, a dissociative mechanistic route involving early O–P
bond cleavage to yield the enolate form of pyruvate and the metaphosphate
anion has been proposed.11 Such a transient metaphosphate anion can ei-
ther diffuse locally from O2 to C3 of the bound enolpyruvate anion or the
pyruvate could rotate around the C1–C2 bond. The rotation in particular is
minor in terms of conformational requirements and would place the C3

carbon nucleophile (the carbanion resonance contributor to the enolate
structure) in place to capture the metaphosphate ion as the C–P bond forms.
The product is then phosphonopyruvate.

The equilibrium actually favors the back reaction (phosphonopyruvate to
PEP) and has to be pulled in the forward direction by the next enzyme that
typically works in tandem with PEP mutase7,12 (Figure 11.3). That second
enzyme is a classic thiamin-pyrophosphate-dependent a-keto acid dec-
arboxylase, yielding CO2 and phosphonoacetaldehyde (Figure 11.5). As CO2

volatilizes, the reaction is largely irreversible and draws PEP mass into the
phosphonate metabolite universe.

Before turning to some of the noteworthy enzymatic chemistry practiced
on the C–P bond of phosphonate metabolites,13 we make three summary
comments on PEP mutase. (1) It is the sole catalyst allowing phosphate flux
to phosphonate pathways. (2) PEP mutase appears to catalyze a dissociative
phosphoryl transfer, via a transient, bound metaphosphate anion: the most
likely case in many hundreds to thousands of phosphoryl transfers metab-
olism. (3) The nucleophile to which the itinerant –PO3

2� is transferred is a
carbon nucleophile, the C3 carbanion contributor to the enolate anion
structure. That is the transfer that creates the direct C–P bond.

11.3 Phosphonate Metabolism I
Given the point of entry to phosphonate metabolism is at the three-carbon
level, phosphonopyruvate from PEP, and given that the phosphonopyruvate
decarboxylase creates an effectively irreversible step that pulls on the equi-
librium, three-carbon, two-carbon, and one-carbon scaffolds with C–P bonds

Figure 11.3 The sole enzymatic route to C–P bonds in biology is mediated by
members of the PEP mutase family. Some 200 C–P bond-containing
metabolites are downstream of PEP mutase.
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Figure 11.4 The sole enzymatic route to C–P bonds in biology is mediated by members of the PEP mutase family. The reaction
mechanism for PEP mutase is formulated as –PO3

2� group transfer to the developing pyruvate carbanion. A dissociative
transition state has been proposed.
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Figure 11.4 (Continued).
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are within easy reach of variants of normal metabolic enzymes5,8,13

(Figure 11.5). For example, transamination of phosphonopyruvate would
yield phosphono-alanine (L- or D-). To the extent that the phosphonic acid is
a carboxylate mimic, phosphonoalanine may be mistaken for an aspartate
analog. To the extent the phosphonate group is misread by enzymes as a
phosphate analog, it will be a mimic of phosphoserine. In either case it
could be an antimetabolite. We will see in the next section that enzymes
process phosphinates as though they were carboxylate groups.

Two-carbon phosphonate scaffolds are available from phosphono-
acetaldehyde by two-electron oxidation to phosphonoacetate or two-electron
reduction to hydroxyethylphosphonate; both are observed metabolites in PEP
mutase-expressing actinomycete bacteria (Figure 11.5).

Conversion of the two-carbon scaffold of hydroxyethyl phosphonate to two
one-carbon phosphonate frameworks is carried out by a pair of nonheme
iron-based monooxygenases. One of them effects C–C radical cleavage and
OH� transfer to the carbon centered methylene phosphonate radical to yield
the one carbon hydroxymethyl phosphonate (Figure 11.5). The hydro-
xymethyl C2 carbon of starting substrate has been extruded as formate.

The other enzyme with comparable ligands to active site Fe21 carries out
the same initial carbon radical chemistry but the intermediate �CH2PO3

2�

radical abstracts an H� from the nascent formate. Oxygen OH� transfer is
outcompeted by this hydrogen atom transfer. This enzyme is a ‘‘thwarted
oxygenase’’. The released products are methyl phosphonate and CO2

(Figure 11.5). The C1 of starting hydroxyethyl phosphonate has been oxi-
dized while the C2-CH2 carbon of substrate has been reduced. Methyl
phosphonate is a source of global methane and inorganic phosphate as
bacteria extract inorganic phosphate from this unactivated phosphonate
scaffold by C–P lyase action (Section 11.5.2).

11.4 Phosphonate Metabolism II: A Route to
Phosphinates in Phosphinothricin Biosynthesis:
Phosphinates as Carboxylate Isosteres

Some strains of bacteria make the antibiotic phosphinothricin as an in-
hibitor of glutamine synthetase in susceptible neighboring cells4,13

(Figures 11.2 and 11.6). The producers make the phosphinate scaffold of
phosphinothricin as the N-acetyl form to protect themselves from its actions.
They also add two alanine residues to the phosphinothricin (Figure 11.6),
before removing the N-acetyl group and secreting the tripeptide. The
phosphinothricin–Ala–Ala tripeptide is taken up by oligopeptide membrane
transport proteins in neighboring bacteria. Inside those cells, peptidases
hydrolytically convert the tripeptide to two alanine molecules and free
phosphinothricin.8

This free internalized phosphinothricin, a structural analog of glutamate,
inhibits the essential enzyme glutamine synthase, eventually leading to cell
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Figure 11.5 The PEP mutase equilibrium is pulled in the direction of phosphonopyruvate by its subsequent enzymatic decarboxylation to
phosphonoacetaldehyde. In turn that aldehyde is progenitor to aminoethylphosphonate (AEP), hydroxymethyl phosphonate,
and methyl phosphonate as depicted. (Radical ints is an abbreviation for radical intermediates.)
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death and the harvesting of the released metabolites by the neighboring
phosphinothricin producers. The phosphinate –PO2

� group is a close isostere
to the pervasive CO2

� carboxylate group which accounts for its mis-
recognition by glutamine synthase as a homolog of the normal glutamate
substrate.

Inspection of the phosphinothricin scaffold reveals that the methylpho-
sphinate anionic group is covalently attached to a four-carbon amino acid
scaffold. Two challenges (at least) need to be surmounted to convert the three-
carbon point of entry phosphonate metabolite phosphonopyruvate to phos-
phinothricin. One is to elongate the C3 to a C4 framework. The second is to
construct a second C–P bond to go from phosphonopyruvate to two C–P bonds
in the phosphinate framework. Deconvolution of the biosynthetic pathway to
phosphinates has unearthed several novel facets of C–P chemical biology.

The biological strategy is to start with phosphonoformate, available by
enzymatic double oxidation of hydroxyethyl phosphonate (Figure 11.6). The
first remarkable pathway intermediate is a four-carbon carboxy-phosphono-

Figure 11.6 Hydroxymethyl phosphonate to carboxy-phosphono-enolpyruvate pre-
cedes a second phosphonomutase on the way to phosphinopyruvate.
That is followed by three steps of a pseudo-citrate cycle ensemble to
generate the C–P–C scaffold of N-acetylphosphinothricin.
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Figure 11.6 (Continued).
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enolpyruvate framework.8,13 The four carbons are not all connected. They are
separated by a phosphono–phosphate ester bridge (Figure 11.6).

The logic to get to this metabolite involves cytidine triphosphate and
nucleotidyl transfer of the CMP moiety to one of the phosphonate oxyanions
of phosphonoformate. This creates the CMP–50-phophonoformate metab-
olite. As always, nucleotidyl transfer to phosphate or phosphonate anions
creates phosphodiester or phosphono-ester linkages. This nucleotidyl
transfer also activates the phosphonyl group of CMP-phosphonoformate as
an electrophile in a transfer of the –PO2–COO fragment to an incoming
nucleophile.

The cosubstrate in the next enzymatic step is the 2-OH of the glycolytic
central metabolite 3-phosphoglycerate. As depicted in Figure 11.6, the po-
tential transition state can deconvolute in the forward direction to release
CMP and generate the 2-phosphonoformate ester of 3-PGA. That undergoes
elimination of inorganic phosphate (that had been the 3-phosphate from
3-PGA), creating the double bond of a trapped enolpyruvate. In this case the
trapping group is not just –PO3

2� as is the case in phosphoenolpyruvate
(PEP), but instead a phosphonoformate moiety.

The novel phosphonate enzymatic chemistry is just beginning. The next
enzyme is the second example of an O–P to C–P bond-forming mutase14 (PEP
mutase that is the gateway to all C–P metabolites is the first) (Figure 11.6).
Although the mechanism of this phosphonate mutase has not been fully
explored, the early dissociation of the O–P bond would yield the pyruvyl
enolate with the requisite C3-carbanionic character. The other dissociated
fragment would be a formate derivative of metaphosphate (not shown), that
can be captured on phosphorus by the C3-pyruvyl carbanion. This C–P bond
formation, on a pre-existing phosphono phosphorus, creates the phosphi-
nate group in carboxyphosphinopyruvate.

There are four carbon atoms in this metabolite, two of them attached to
carbon but the phosphinate group intervenes.8 One could argue that the
function of the next four enzymes is to perform a formal transposition to put
the phosphinate at the end of a linear four-carbon chain (Figure 11.6). The
strategy is an intriguing reprise of the logic of the citric acid cycle and relies
on the phosphinate anion as an isosteric mimic of carboxylate anions to be
processed analogously to the way that oxaloacetate is processed in the citric
acid cycle.

To get to the phosphinate analog of oxaloacetate, the carboxy phosphi-
nopyruvate is enzymatically decarboxylated with regiospecific loss of the
carboxy group attached to phosphorus. The resultant product is phosphi-
nopyruvate with the departing COO� replaced by a proton. Even though the
phosphorus atom now has only one bond to the carbon atom, the new H–P
bond keeps the phosphorus in a mono-phosphinate state (see Figure 11.1).
This is the first hydrogen–phosphinate grouping in a pathway metabolite,
cryptic in the overall process.

The phosphinate anion in phosphinopyruvate is such a good mimic of the
carboxylate anion in oxaloacetate, that phosphinopyruvate is taken through
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three enzymatic steps paralleling those of the citrate cycle (Figure 11.6). The
first enzyme of the cycle, citrate synthase, is mimicked by enzymatic add-
ition of the acetyl group of acetyl CoA to the ketone carbonyl. Addition of
these two carbons to the three-carbon backbone of phosphinopyruvate yields
the phosphinate analog of citrate. Aconitase-type dehydration and opposite
regiochemical rehydration produces the phosphino equivalent of isocitrate.
The third enzyme follows the mechanism of isocitrate dehydrogenase,
using NAD to accept electrons as the –OH group is oxidized to the ketone,
providing an electron sink beta to the carboxylate that will be lost as CO2.
Ketonization of the resulting enolate yields the hydrogen phosphino equiva-
lent of 2-ketoglutarate.

Before considering the final steps in the phosphinothricin pathway let us
consider what has been achieved by these four enzymatic steps. There are
two decarboxylations. The first generates the hydrogen phosphinate and that
is carried all the way through the three steps of the pseudo citrate cycle
because that hydrogen phosphinate looks like an ordinary carboxylate. The
second decarboxylation step builds the linear four-carbon-2-keto array with a
terminal hydrogen phosphinate.

From one perspective, the bacterium starts with a four carbon carboxy-
phosphinopyruvate and then the pathway machinery throws away two car-
bons as CO2. A starting C4-phosphinate goes to a C3-hydrogen phosphinate,
then a C5-framework and then the final C4 framework. However, the final C4
framework has all four carbons connected to each other, a remarkable piece
of scaffold refashioning in only four enzymatic steps, using the enzyme logic
of primary metabolism.

Transamination of the phosphinate analog of 2-oxogutarate yields the C4
amino acid framework of desmethyl phosphinothricin (Figure 11.6). Now,
the producing streptomycete bacteria protects itself against the actions of
the end point antimetabolite by N-acetylation, preventing recognition by its
own glutamine synthetase.

The reconstruction of the second C–P bond, from P–H to P–CH3, is dif-
ficult chemistry13 (Figure 11.6). The catalyst that acts as a phosphorus
methyltransferase is a member of the radical S-adenosylmethionine (SAM)
methyl transferase superfamily. These all have a 4Fe–4S cluster as a one
electron redox agent to homolyze the S–C5 0-adenosyl bond in SAM bound at
one of the corners of the 4Fe–4S redox cube. The 5 0-deoxyadenosyl radical
(dA�) is the radical initiator of specific chemistry in the4100 000 member
enzyme family.15 The exact sequence of steps of transfer of the methyl
group from the sulfonium cationic center of SAM to the cobalt atom in the
required cofactor vitamin B12 is unclear. If a methyl B12 species is the
proximal donor to the hydrogen-phosphinate phosphorus of desmethyl
phosohinothricin it could be a [CH3]1 equivalent to a nucleophilic phos-
phorus, or, perhaps less likely, a [CH3

�] transfer to a phosphinate radical.
The product, by whatever route, is N-acetyl phosphinothricin. There are,
again, two C–P bonds in this phosphino-amino acid framework. Tandem
addition of two alanines by nonribosomal peptide synthetase machinery is
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then followed by N-deacetylation since the tripeptide is not the active
antimetabolite (Figure 11.6).

In sum, the conversion of phosphonoformate to phosphinothricin reveals
novel features of phosphorus chemical biology, including both a C–P bond-
forming mutase and a novel C–P methyl transferase. One of the C–P bonds is
lost by enzymatic decarboxylation, generating hydrogen phosphinate forms,
e.g. phosphinopyruvate, that are cryptic in the overall pathway. The phos-
phinates are such good isosteres of carboxylates that phosphinopyruvate is a
mimic of oxaloacetate for processing by citrate cycle logic for C–C bond
formations and cleavages that resculpt the carbon scaffold of the maturing
phosphinate antimetabolite.

11.5 Cleaving C–P Bonds
Although only a minority of soil and marine actinomycetes (actinomycetales
comprise an anaerobic bacterial Order) (B3% of isolates) contain the bio-
synthetic genes for C–P bond formation and subsequent scaffold modu-
lations, a larger number of bacteria have evolved catalysts to crack the
chemically stable C–P bond. Their primary goal is to liberate the inorganic
phosphate ion, often a limiting metabolite in many environmental niches.

Thus, there is a great survival premium on microbes that can cleave
phosphonate metabolites described above, such as phosphonoacetaldehyde,
phosphonoacetate, and phosphonoformate (Figure 11.7). Given the abundance
of microbial phosphonolipipds containing the aminoethylphosphonate head
group, enzymes that cleave the C–P bond in aminoethylphosphonate and its
metabolites are relatively widespread. Additionally, the methylphosphonate,
which we noted above as a metabolite from the two-carbon hydroxyethylpho-
sphonate, is acted on by many bacteria to yield the usable inorganic phosphate
for macromolecular and primary metabolite constructions. They discard the
coproduct methane as a volatilizing gas (Figure 11.7).

Three different enzymatic routes, employing distinct strategies to cleave
the otherwise chemically and hydrolytically stable C–P bond have been
recognized. As set forth in Figure 11.7, the first group comprise enzymes
known as phosphonatases. The second C–P cleaving catalyst is a multi-
protein complex known as C–P lyase. The most recent, third entry is a pair of
nonheme iron, O2-consuming enzymes that act in tandem, specifically on
the aminoethylphosphonate product available from phosphonolipid hy-
drolysis by phospholipase D family members (Chapter 8).

11.5.1 Phosphonatase Acting on Phosphonoacetaldehyde

The best studied of the phosphonatase subclass of C–P cleaving enzymes
acts on phosphonoacetaldehyde16 (the decarboxylation product of the point
of entry metabolite phosphonopyruvate). This enzyme uses an active site
lysine side chain amine to engage in iminium catalysis with the aldehyde
group of the phsphonoacetaldehyde. This is preamble to C–P cleavage. The
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Figure 11.7 Three distinct variants of chemical logic in enzymes that carry out net hydrolysis of C–P bonds.
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iminium group serves as an electron sink to take up the electrons released as
a cosubstrate nucleophile next attacks the phosphorus atom and the C–P
bond cleaves17 (Figure 11.8).

The kinetically competent nucleophile attacking the phosphonoacetalde-
hyde imine is not water, but instead the side chain b-carboxylate of an active
site aspartyl residue. This O–P bond forming step is also the C–P bond
cleaving step, possibly via a transition state with some degree (100% of
equivalent O–P formation with C–P breaking would be the concerted end of
the reaction spectrum) of pentacovalent phosphorane formation and then
breakdown.

The immediate result is creation of two covalently bound enzyme-product
fragments. The two-carbon acetaldehyde moiety is the enamine adduct. Its
ketonization to the lower energy ketimine form is the step that converts the
CH2 of starting material to the CH3 in the acetaldehyde product. Hydrolysis
of the ketimine isomeric adduct releases free acetaldehyde. Meanwhile the –
PO3

2� group attached to the enzyme carboxylate now has four oxygen bonds
to phosphorus. It is a covalent phosphoryl enzyme: more specifically, an acyl
phosphate, a mixed anhydride between phosphoric acid and the enzyme
aspartate carboxylate residue (see Chapter 14). Its subsequent hydrolysis is
downhill energetically and is the step that introduces a solvent oxygen into
the product inorganic phosphate. A remarkable solution to cracking a stable
C–P bond: covalent iminium ion and acyl phosphate covalent product
fragment strategies in a single active site.

11.5.2 C–P Lyase: Methyl Phosphonate Fragmentation to
Methane and Inorganic Phosphate

Microbes that express the phosphonoacetaldehyde phosphonatase also
usually express a second enzyme with broader specificity for alkyl phos-
phonate fragmentation to the parent alkane and inorganic phosphate. The
prototypic substrate is methyl phosphonate, whose metabolic origin from
hydroxyethyl phosphonate we noted above in Figure 11.6. Early studies es-
tablished that C–P lyase activity required a set of adjacent genes to be turned
on, indicating multiple protein players. Furthermore, early stereochemical
studies on alkyl phosphonates gave racemic products consistent with a
radical mechanism for C–P bond cleavage by the C–P lyase complex.

Eventually, Frank Raushel’s research group at Texas A&M deciphered the
logic and novel chemistry utilized by C–P lyase protein components to set up
methyl phosphonate for C–P bond cleavage.18,19 The pathway starts, as so
many involving phosphorus chemical biology, with attack on ATP by a
phosphate oxyanion (Figures 11.9 and 11.10). In this case the oxyanion is
from the methylphosphonate. Most remarkable is that the site of attack in
ATP is not any of the electrophilic Pa, Pb, or Pg anhydride linkages in the
ATP side chain, nor even the C50 carbon for adenosyl transfer.
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Figure 11.8 The phosphonatase that cleaves the C–P bond in the metabolite phosphonoacetaldehyde uses the aldehyde of that substrate
to set up iminium ion catalysis to lower the energy barrier to C–P hydrolytic cleavage, while generating a covalent acyl
phosphate–enzyme adduct.
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Figure 11.9 C–P lyases cleaving unactivated alkyl phosphonates such as methyl phosphonate to inorganic phosphate and methane are
multi-enzyme complexes that use radical chemistry for the C–P cleavage step. The oxyanion of methylphosphonate attacks
cosubstrate ATP at the C10-ribose carbon in a remarkable ribosyl triphosphate transfer to yield PPi and 50phospho-ribose-1-
methylphosphate ester.
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Figure 11.10 C–P lyases cleaving unactivated alkyl phosphonates such as methyl phosphonate to inorganic phosphate and methane are
multi-enzyme complexes that use radical chemistry for the C–P cleavage step. This metabolite undergoes radical SAM-
mediated reductive cleavage to methane and a covalent 50phospho-ribosyl-1-thiophosphoryl enzyme adduct that unravels to
release 50-phospho-ribose-1,2-cyclic phosphate.
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Instead, the methyl phosphonate attack is on C10 of the ribose moiety: a
net 50-triphosphoribosyl transfer, ejecting the free adenine base. To date this
is a unique fragmentation mode for ATP in all the hundreds of transforma-
tions that have been detected in cellular metabolism. A summarized in
Figure 11.9, the mechanism of this unusual transfer is not yet deciphered
and requires the four enzymes PhnG, H, I and L, probably acting as a
complex.20 The next enzyme PhnM is a hydrolase, also categorizable as a
variant of a pyrophosphatase, as it cleaves between Pa and Pb to release the
Pb–Pg fragment as pyrophosphate (cleavable in tandem by inorganic pyr-
ophosphatases in the cell). The structure of a four protein E. coli C–P lyase
core unit (PhnGHIJ) has been determined by X-ray analysis.21

The coproduct from PhnM action is the 50-phospho-ribose-1 0 methylpho-
sphonate, a classical phosphate monoester at the 50-carbon and an unusual
phosphonate ester at the 10-carbon. This is the substrate for PhnJ that acts as
the C–P lyase core catalyst. As shown in Figure 11.10, an active site cysteine
radical is proposed to add into the 10-phosphorus atom to create a transient
pentacovalent thiophosphorane radical adduct.

The source of the cysteine radical is ultimately from homolytic cleavage of
the sulfur-50-adenosyl S–C bond in cosubstrate S-adenosylmethionine (SAM).
PhnJ is a member of a large family of radical SAM enzymes,15 so called be-
cause a one electron input to an enzyme bound 4Fe–4S cluster leads to
homolytic scission of the SAM coordinated to one of the edges of the 4Fe–4S
cube. The 50-deoxyadenosyl radical (dA�) fragment initiates one electron
reaction flux in the active site. In PhnJ, the first enzyme radical formed is a
glycyl backbone radical via H� abstraction by dA�. Subsequently, the glycyl
radical abstracts an H� from an active site cysteine and that sulfur radical is
the one electron nucleophile at phosphorus.

The PQO double bond formally gives up one electron to the incoming
sulfur radical to create the new S–P bond, while leaving the unpaired elec-
tron on the phosphoryl oxygen as depicted (Figure 11.10). Collapse of
that proposed phosphono-thiyl-oxy radical is hypothesized to be the actual
P–CH3 cleavage step via a one-electron reaction manifold. The abstraction of
the H� from the glycyl backbone may be concerted with C–P bond cleavage.
The CH3 moiety has become CH4, methane, as it leaves, [picking up one of
the glycine active site residue methylene hydrogens (as H�)]. The enzyme-
glycyl radical has been regenerated and can run the next catalytic cycle. Or it
can get an H� back from dA–H and regenerate the initial 50-deoxy radical
(dA�). In turn, that could reform the SAM bond such that SAM acts only
catalytically. Or the dA� could pick up another H� from some external elec-
tron donor. Then, SAM would be cleaved to methionine and dAH in every
catalytic cycle.

In passing, we note that radical SAM enzymes such as PhnJ are exquisitely
sensitive to inactivation by air. The O2 scavenges radicals (by undergoing
facile one-electron reduction to the superoxide radical anion) and destroys
many Fe–S centers. Thus, C–P lyase is an anaerobic nanomachine for C–P
disconnection.
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The enzyme at this point is still in mid catalytic cycle. It has achieved C–P
bond cleavage and CH4 is released. However, the phosphorus moiety at the
10-carbon of the 50-phospho-ribose scaffold is now both a thiophosphoryl
covalent enzyme adduct and a hybrid oxo/thio-phosphodiester. This thio-
phosphoryl bond is unusual but has analogies in other phosphoproteomics
cases, as discussed in Section IV.

Decomposition of the thiophosphoryl enzyme is proposed to result from
intramolecular attack of the ribosyl-20-OH on the 10 thiophosphoryl group.
Breakdown in the forward direction then ejects the enzyme-thiolate moiety
(two-electron chemistry) and produces the 5-phospho-ribose-1,2-cyclic phos-
phate. In a subsequent enzymatic step regioselective action of a phosphodies-
terase converts that cyclic phosphodiester to the 5-phospho-ribose-1-phosphate.
Bacteria also have an ATP-dependent kinase that converts the 1-phosphate into
the 1-pyrophosphate group. This is PRPP, the key activated form of ribosyl
groups in nucleotide metabolism.

In sum, the cleavage of the chemically stable C–P bond in the unactivated
methyl phosphonate has required some inventive chemistry. ATP is cleaved
to give adenine, with the 50-triphospho-ribosyl moiety transferred onto the
methyl phosphonate oxyanion. The C–P bond is ultimately cleaved homo-
lytically, consistent with the stereo-random outcome at the itinerant alkyl
group. The radical reaction manifold is set in motion by homolysis of the
C–S1 bond in S-adenosylmethionine on the way to a kinetically and ther-
modynamically accessible active site thiolate radical. Three notable features
are: (1) the one-electron nucleophilicity of the sulfur side chain, (2) the
cleavage of the C–P bond in the one-electron reaction manifold, and (3)
the formation of the covalent thiophosphoryl adduct between enzyme and
phosphoester nascent product. The participation of the 2-OH for intra-
molecular chemistry on ribose scaffolds is mirrored elsewhere in metabolism,
including NAD1-cleaving sirtuins, and also ribonucleases.

11.5.3 Oxygenative C–P Bond Cleavage

The third route that bacteria have evolved for C–P cleavage is oxygenative
and to date only applies to the common aminoethylphosphonate (AEP)
substrate. Tandem oxygenation is the strategy at the methylene carbon ad-
jacent to phosphorus22 (Figure 11.7, line 3). The first monooxygenation
yields the 1-amino 2-hydroxyphosphonate framework. Tandem action of a
second oxygenase is proposed to get to a 1-amino-2-dihydroxyphosphonate
intermediate as shown. This can collapse to the two-carbon product glycine
(one of the observed products), with proposed extrusion of a metaphosphate
anion. Capture of the nascent metaphosphate by water gives the other ob-
served product, inorganic phosphate. The driving force for C–P bond
cleavage may be the gain in resonance energy as the carboxylate anion of
glycine forms. This enzyme would join the PEP and phosphonopyruvate
mutases as catalysts with proposed metaphosphate type mechanisms
(Figure 11.11).
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Figure 11.11 Three enzymes involving phosphonate substrates where dissociative transition states and metaphosphate ions could be
involved.
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The three enzymatic strategies found in contemporary microbes that can
mineralize organophosphate (phosphonate) frameworks represent three
distinct catalytic approaches to cleavage of the strong, stable C–P bond. In
the phosphonoacetaldehyde phosphonatase case, the enzyme uses iminium
ion formation to create the electron sink that lowers the energy barrier for
C–P cleavage. In the C–P lyase case with unactivated alkyl phosphonates there
is no chemical handle on the carbon fragment. The big gun of cellular an-
aerobic radical chemistry at unactivated carbon chains, S-adenosylmethio-
nine coordinated to a 4Fe–4S center, is wheeled into play. A homolytic
reaction path occurs with cysteine thiol radical participation, and covalent
thiophosphoryl enzyme adduct formation as the immediate result of C–P
homolysis. The third approach is to use molecular oxygen as cosubstrate,
twice, to activate the carbon adjacent to the phosphorus atom (the C–P) bond
by successive oxidation of that carbon. The CH2 of substrate AEP goes to the
CHOH and then C–(OH)2 state. At that four-electron oxidized state, there is
enough driving force in rearrangement of C–(OH)2 to COO� to enable C–P
bond cleavage. This proposal involves transient metaphosphate anion.

The three enzymatic routes to C–P bond cleavage reveal a whole array of
chemical strategies. Electrophilic catalysis lowers energy barriers when the
substrate permits. Anaerobic radical SAM generators create radical paths for
homolytic C–P cleavage at unactivated phosphonates. Finally, the aerobic
route consumes two molecules of O2 as the carbon attached to phosphorus
gets oxidized by four electrons to set up heterolytic cleavage to a metapho-
sphate species. The aggregated chemical creativity shows how valuable or
essential supplies of inorganic phosphate are to microbes.
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CHAPTER 12

P–S Bonds: Phosphorothioates

12.1 Phosphorothioates/Thiophosphates
As one proceeds from phosphorus compounds with four oxygens bound to
phosphorus (phosphates) to one C–P bond (phosphonates [–C–PO3

2�]), to one
N–P bond (phosphoramidates [–N–PO3

2�]), the number of natural metabolites
in those classes decreases. For the S–P bond-containing phosphorothioates
(also known as thiophosphates), the number of low molecular weight me-
tabolites drops towards unity. The icthyotoxin from the Florida-dwelling red
tide dinoflagellate Karenia brevis produces a phosphorothione that also has a
hydrazone moiety1 (also termed a phosphorohydrazidothioate) as shown in
Figure 12.1. In this molecule the phosphorus atom has both a nitrogen and a
sulfur attached, so it is a phosphorothioamidate diester. The biosynthetic
route to this rare P–S metabolite is totally undetermined at present.

A brief comment about nomenclature. One descriptor of the monosul-
fur analog of phosphoric acid (H3PO4) is thiophosphoric acid (H3PO3S)
(Figure 12.1). In turn, the mono and dianions at physiological pH are in-
organic thiophosphate monoanions and dianions. The alternative nomen-
clature is phosphorothioate. Some nerve gases and insecticides have two P–S
bonds. They are phosphorodithioates. (Figure 12.1) We will use the phos-
phorothioate terminology preferentially as much of the original literature is
couched that way. The rare naturally occurring stretches of oligonucleotides
in some microbial DNAs are 30,50-phosphorothioate diesters in place of the
normal 30,50-phosphodiester internucleotide linkages.

12.2 Inorganic Thiophosphate: Not a Known
Metabolite

Inorganic phosphate with one oxygen replaced by a sulfur atom substituent
is inorganic thiophosphate (Figure 12.1). Despite its utility as a synthetic
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Figure 12.1 P–S compounds are phosphorothioates. The ichthyotoxin from K. brevis is the sole known P–S low molecular weight natural
metabolite.
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analog of inorganic phosphate, neither the thiophosphoric acid nor the
thiophosphate anionic forms are known biologic metabolites. Thiopho-
sphate chemical biology that is discussed in this chapter has been most
useful in two realms. One realm has been in the arena of synthetic probes of
phosphoryl and nucleotidyl transferase mechanisms. The second has been
in the chemical syntheses of antisense synthetic oligonucleotide (mostly
DNA oligonucleotides but RNA oligonucleotides as well.)

When a P–S bond is present, it has the opportunity to be represented ei-
ther as a P–S� single bond or as a PQS resonance form. Although in many
early publications, the PQS contributor in phosphorothioates was shown as
the major species, different types of experimental observation indicate that
the P–S� single bond contributor dominates the population2 (Figure 12.1).
We therefore show inorganic thiophosphates at neutral pH as the P–S�

dianion form. Analogously, the single P–S bond is shown in thiophosphoryl
monoesters and diesters.

12.3 Phosphorothioate Monoesters and Diesters
Phosphorothioate monoesters are likewise not normal metabolic species
(Figure 12.2). However, the ability to chemically synthesize nucleoside tri-
phosphates and the corresponding 20-deoxynucleoside triphosphates, with
one sulfur atom at either Pa, Pb, or Pg (Figure 12.2) opened up the study of
reaction mechanism of kinases, nucleotidyl transferases, and even pyr-
ophosphoryl transferases with phosphorothioate analogs as stereochemical
probes.

One of the consequences of replacing one of the two chemically equivalent
prochiral oxygens in a phospho-monoester, diester, or phosphoric anhy-
dride linkage is the conversion of prochiral phosphoryl groups to chiral
phosphorus centers. The chirality convention of R (rectus¼ right-handed¼
clockwise) and S (sinister¼ left-handed¼ counterclockwise) for assignment
of stereochemistry at other chiral centers, such as tetrahedral carbons, ob-
tains also for phosphates. An RP chiral phosphorus has the four substituents
arranged, in decreasing priority of atomic number or weight, in a clockwise
direction. The SP designation has those substituents describing a counter-
clockwise direction.

12.4 Stereochemical Inversion at Phosphorus
in Enzymatic Nucleotidyl Transfers

Figure 12.3 depicts two phosphorothioate diastereomers, the SP and RP

forms respectively of a dG–dA–(phosphorothioate)-dinucleotide. The ability
to conduct unambiguous chemoenzymatic syntheses of ATP-a–S, ATP-b–S
and ATP-g–S as well as regioselective phosphorothioate linkages in congener
nucleotides opened up the ability to analyze phosphoryl and nucleotidyl
transfers for stereochemistry in the 1970s and 1980s.3–5 The designations
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Figure 12.2 Synthetic analogs of ATP with P–S bonds at Pg, Pb, or Pa are ATPg–S, ATPb–S, and ATPa–S respectively. ATPb–S and ATPa–S
exist as SP and RP diastereomers while ATPg-S is prochiral.
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ATP-a–S, ATP-b–S and ATP-g–S (Figure 12.2) are shorthand for the a-
thiophosphoryl group in the triphosphate side chain, the b-thiophosphoryl
group in the triphosphate side chain, or the g-thiophosphoryl in the tri-
phosphate side chain of sulfur-substituted ATPs, respectively. Sulfur at Pa or
Pb in place of one of the P–O bonds creates the two diastereomers (RP or SP)
at that phosphorus.

In contrast, a thiophosphoryl group at the terminal Pg of ATP-g–S still
leaves two prochiral oxygens in the –PSO2

2� moiety. That g-thiophosphoryl
in ATP-g–S is itself now prochiral (Figure 12.2). It is necessary to distinguish
the remaining two oxygens before that phosphorus center can report on
stereochemistry of any (thio)phosphoryl transfers. That could be achieved by
replacing O16 with a heavy O18 atom. The (–P–S, O16, O18) thiophosphoryl
group is chiral, has both RP and SP isomers, and needs to be prepared to give
only one diastereomer at a time to be useful for stereochemical determin-
ation of the fate of such a thiophosphoryl group in flight. The determination
of whether a migrating (thio)phosphorus center moved with inversion or
retention (or racemization) of stereochemistry at phosphorus allowed in-
vestigators to rule out mechanistic ambiguities. The RP and SP forms of
ATP-g-P–[S, O16, O18] allowed stereochemical studies of both phosphoryl
and then nucleotidyl transfers that complemented the use of chiral S- and
R- samples of ATP-g-P-[O16, O17, O18] described in Chapter 7 for determination
of enzymatic phosphoryl transfer stereochemical outcomes.

An early study carried out by Eckstein and colleagues on DNA polymerase
in vitro used the SP diastereomer of 20-deoxy-ATP-a–S as substrate for in-
corporation into the growing DNA chain.3 As depicted in Figure 12.4, the
SP diastereomer (but not the RP diastereomer) was smoothly added to the
30-end of an oligonucleotide by enzymatic nucleotidyl transfer mediated by a
DNA polymerase. The product, after stereochemical analysis, yielded only
the RP configuration at the newly formed 30,50 thiophosphoryl diester in-
ternucleotide link. Since DNA polymerization steps are nucleotidyl transfers

Figure 12.3 RP and SP diastereomers of the dinucleotide pG–(SP)A and pG–(RP)A.
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Figure 12.4 Inversion of stereochemistry at phosphorus revealed during nucleotidyl transfer in DNA chain elongation step. The 2 0dATP
(SP) diastereomer of ATPa–S gives only the RP diastereomer of the internucleotide thiophosphoryl product.
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as discussed in Chapter 4, the AMP–S transfer in this DNA polymerase (and
by extension all such XMP chain elongation steps in DNA polymerization)
proceeded with inversion at phosphorus, consistent with a direct attack of
the 30-OH on the incoming dNTP. A similar stereochemical outcome of in-
version at the itinerant phosphorus center of an XMP moiety was observed
for RNA polymerase.

One of the key research groups in phosphorus enzymatic stereochemical
studies was that of Perry Frey and colleagues in Wisconsin.6 They elucidated
mechanistic aspects of the intersection of glucose and galactose metabol-
ism, arising from digestion of the lactose in mother’s milk, to glucose and
galactose-1-phosphate. In particular, Frey and colleagues studied the
mechanism of two enzymes: UDP–glucose pyrophosphorylase and the
companion enzyme UDP–galactosyl transferase (Figure 12.5)

To probe stereochemistry and mechanism of UDP-glucose pyropho-
sphorylase, they prepared as substrate only the RP diasteromer of UTP-a–S.
After exposure to the enzyme in the presence of cosubstrate glucose-
1-phosphate, the UDP(aS)–glucose product was isolated and analyzed for
stereochemistry by diastereomer-specific 31P-NMR chemical shift differences.
Only the SP diastereomer of UDP-a–S–glucose was detected (Figure 12.5). This
clean inversion of stereochemistry at the migrating phosphorus was con-
sistent with an in line associative transition state and against both a covalent
phosphoryl enzyme intermediate (two inversion steps anticipated for net
retention at phosphorus) or a dissociative transition state involving free
metaphosphate anion, as that could lead to racemization to a mixture of
RP and SP geometries (not observed).

The other, RP diastereomer of UDP-a–S–glucose served as substrate for the
companion enzyme, a UDP–glucose galactosyl-1-phosphate uridylyltrans-
ferase, This enzyme, GalT, catalyzes the net transfer of the UMP moiety
between galactose-1-phosphate in the forward direction and glucose-
1-phosphate in the reverse direction7 by way of a covalent UMP–enzyme
intermediate. The observed product UDP-a–S–galactose was solely the
RP isomer, a net retention of configuration at the itinerant phosphorus atom
(Figure 12.5). Because it was known from other evidence that the transferase
proceeded through a covalent phosphoryl enzyme intermediate, this ste-
reochemical outcome was anticipated and explainable. Formation of the
phosphoryl enzyme and then its subsequent breakdown would each proceed
with inversion at phosphorus. Two tandem inversions present as net re-
tention of stereochemistry. In this study, the intermediate would be an UMP-
a–S–enzyme intermediate.8

As diagramed in Figure 12.5, N3 of the imidazolyl side chain of histidine
residue166 in the active site acts as a nitrogen nucleophile to attack the
RP thiophosphoryl group of bound UDP-aS–glucose. As the transition state
decomposes in the forward direction glucose–a-1-phosphate is released and
the covalent N-thiophosphoryl–histidinyl enzyme adduct is formed. This is
the first inversion at the migrating thiophosphoryl group and gives an
SP configuration in the covalent enzyme adduct. Not only is this an example
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of thiophosphoryl enzyme adduct to histidine, in this stereochemical ex-
periment the adduct has both an N–P and an S–P bond so it is actually a
phosphorothioamidate intermediate.

In the second half reaction the released gucose-1-phosphate is replaced by
galactose-a-1-phosphate. The nucleophile is one of the oxyanions of the
phosphate of galactose-1-phosphate, attacking the electrophilic thiophos-
phoramidate phosphorus. Net inversion at P converts the SP configuration of
that covalent enzyme intermediate to the observed RP as sole diastereomer
of the UDP-a–S–galactose. The presumption in this and other studies with
thiophosphoryl analogues of normal NTP metabolites was that the thio-
phosphoryl group reactions (–PO2S2� group transfers) were faithful and
predictive mimics of the natural –PO3

2� group transfers.

12.5 Stereochemical Inversion at Phosphorus
in Phosphoryl Transfers

As noted earlier in this chapter and previously in Chapter 7, determination
of the stereochemical outcome of phosphoryl transfer enzymes reactions
(kinases) compared with nucleotidyl transferases just examined, was a
more formidable task. Both the g-PO3 of ATP and NTP congeners, and the
–PO3 group in product monophosphate esters (R–O–PO3

2�) have three
equivalent oxygens around phosphorus. Replacement of one oxygen by
sulfur still leaves two chemically identical prochiral oxygens (Figure 12.6).
Thus, one needs a way to distinguish among the two remaining oxygens.
Heavy isotopes of the normal O16 such as O18 and even the less familiar
O17 were available and would serve to generate chiral thiophosphoryl
groups. Synthetic methodologies were developed both to produce RP

and SP diastereomers of ATP-g–S, 016, O18 and the chemoenzymatic
means to deconvolute the stereochemistry (RP or Sp) of kinase products
RO–(P–S, O16, O18).

In parallel as noted earlier in Chapter 7, Jeremy Knowles and colleagues
at Harvard took the even more elegant, less perturbative approach to
generate chiral-g-ATP diastereomers using only the three isotopes of oxygen
(ATP-g–P (O16, O17, O18), as separate unambiguously assigned diastereomer.9,10

Then they had to work out methods to solve the absolute stereochemistry
of the enzymatic RO–P–(O16, O17, O18) products.

Figure 12.5 Stereochemical analysis of a tandem pair of enzymes in phosphoryl-
ated galactose metabolism. UDP glucose phosphorylase takes the
RP diastereomer of UTPa-S and generates only the SP diastereomer
of UDPa-S-glucose. The next enzyme, the UDP-galactose/UDP-glucose
transferase, takes the product of the first enzyme and produces
UDPaS-galactose, only the SP diastereomer. The first enzyme gives
inversion at the migrating phosphorus center. The second enzyme acts
with net retention of stereochemistry via two inversion steps, involving
a covalent UMPaS–enzyme adduct.
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After much ingenious syntheses, phosphoryl transferase enzyme studies,
and chemoenzymatic methods for product chirality determinations, the
conclusions for the half dozen or more kinases examined were un-
ambiguous. Enzymatic phosphoryl transfers proceed with inversion at the mi-
grating phosphoryl atom (Figure 12.6) Thus, both nucleotidyl and phosphoryl
transfers of Pa and Pg of nucleoside triphosphates and derivatives thereof
(e.g. nucleoside diphosphosugars) seem to follow in line displacement; as-
sociative mechanisms with likely participation of transition states with at
least partial bond formation and bond cleavage to phosphorus).

Thus, sulfur substitution for oxygen at phosphorus, albeit an unnatural
change, has proven of substantial mechanistic utility.4 Both NTP-g–S for
phosphoryl transfer enzymes (kinases) and NTP-a–S analogs of natural nu-
cleoside triphosphates have been of great value in probing the two main
types of ATP (NTP) fragmentation patterns that account for499% of all ATP
consumption in biology. [There is always a caveat of the possibility of slower
rates and of altered recognition or interactions of the phosphorothioate
moiety (including chirality in phosphorothioate diesters) with partner pro-
teins leading to changes in mechanism from the physiological all oxygen
phosphorus-containing substrates.]

Figure 12.6 To use the prochiral ATPgS as a stereochemical probe, one needs to
convert one of the two prochiral oxygens at the phosphorothioate center
to a distinguishable substituent. This could be accomplished with
a distinct oxygen isotope (e.g. 17O or 18O in place of the normal
16O isotope). For example, the SP diastereomer of ATP–[gS, 18O, 17O]
could be used to show that alcohol kinases gave the RP phosphorothio-
ate monoester (net inversion).
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12.6 Naturally Occurring DNA-based
Phosphorothioates

Bacteria in natural populations are typically under constant assault from
foreign DNA, largely but not exclusively via myriad bacterial viruses and
phages. Recognition of ‘‘self’’ DNA from foreign DNA has been an ongoing
challenge for bacteria through the eons of evolution. Two of the more
famous bacterial self-defense systems to recognize their own genome from
foreign DNA are (1) restriction–modification systems and (2) CRISPR. Each
of these systems uses a different principle for guarding the host genome and
each have proven remarkably useful in gene editing applications, as has
been summarized in Chapter 8.

The restriction–modification systems involve initial recognition of a local
DNA sequence, often a four base pair stretch, by a surveillance self-defense
enzyme. Recognition and binding are then followed by enzymatic self-
methylation of one of the bases in that tetranucleotide sequence, e.g. of
the N6–NH2 of adenine (Figure 8.6). A second enzyme partner to the me-
thyltransferase is a restriction endonuclease that carries out surveillance of
DNA. If a sequence is found that is not methylated, reflecting a foreign DNA
double strand molecule, that sequence undergoes double strand cleavage by
the endonuclease (phosphodiesterase chemistry).

The restriction–modification self-protection logic has a counterpart in
recently discovered self-modification of bacterial DNA by an enzyme system
that installs a new S–P bond at an internucleotide phosphodiester bridge
within a given four base recognition sequence.11,12 Presumably, this covalent
modification, always generating the RP configuration of the phosphor-
othioate diester, allows the host DNA to be recognized as self and protected
from nuclease digestion of unmodified ‘‘foreign’’ DNA13 (Figures 12.7–12.9).
It has been known for decades that phosphorothioate internucleotide
bridges in place of the normal phosphodiester bridge stabilizes those bonds
against nuclease digestion.

This is the first example of naturally occurring P–S bonds in DNA. Originally
detected at low levels in DNA of some soil actinomycetes, the DNA modifi-
cation system has since been detected in a variety of other bacteria including
E. coli. Internucleotide phosphodiester conversion to RP phosphorothioate
diester requires four proteins encoded by the DNA degradation dndACDE
genes. Although homologies to known enzyme classes indicate a logic for
sulfur introduction, detailed mechanistic studies remain to be conducted.

Sulfur insertion most probably starts with recognition of a four nucleotide
GAAC stretch on one DNA strand and then a presumed single-strand nick by
DndD, acting as a classic sequence-specific DNA endonuclease (Chapter 6),
to give a 30-OH and a 50-phosphate on either side of the nick (Figure 12.7).
Typically, such nicks undergo nucleotidyl transfer from ATP to the
50-phosphate oxyanion to create an ADP derivative on the 50-side of the nick
or gap (e.g. the first half of a DNA ligase catalytic cycle (Chapter 4).
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Meanwhile, DndA is proposed to act as a cysteine desulfhydrylase, using
pyridoxal-phosphate as a coenzyme to cleave the C3–SH carbon sulfur bond
of cysteine.12 DndC is a partner subunit of DndA and thought to provide an
internal cysteine side chain to accept the sulfur released from cysteine as a
six-electron sulfane.14 DndC would then be a chaperone carrying its own
cysteine residue as a persulfide–Cys–SSH) (Figure 12.7).

At this juncture, the process would have the persulfide thiolate anion of
modified DndC enzyme attack the ADP moiety on the 50-side of the gap.
(Figure 12.8) Addition of the sulfur anion could lead to expulsion of AMP.
Cleavage of the DndC–S–S–PO2–O–DNA adduct or intermediate could hap-
pen by persulfide reduction to give a thiophosphoryl group on the 50 side
of the gap. Ligation by an as yet unclear mechanistic path would create the
RP-phosphorothioate internucleotide ligand (Figure 12.7). This modification
would be the signal that the DNA is ‘‘self.’’

Consistent with this interpretation of a four base pair recognition se-
quence in a three megabase genome, there would be B5000 GAAC sites in

Figure 12.7 Naturally occurring internucleotide phosphorothioate bonds in bac-
terial DNA. A five gene cluster, dndA–E, encode enzymes required to
modify specific 30,50-internucleotide phosphodiester bonds in a given
DNA sequence into the RP phosphorothioate diastereomers, recogniz-
able as ‘‘self’’ DNA sequence. The sulfur donor is proposed to be a
persulfide form of an active site cysteine side chain in DndC.
Reproduced from rref. 12 with permission from Oxford University
Press, Copyright 2018.
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Figure 12.8 Naturally occurring internucleotide phosphorothioate bonds in bacterial DNA. The reaction mechanism for DndC could
involve a single-strand nick AMPylated on the 50 side of the gap as the electrophile for attack by the DndC–SS� to create a
persulfido AMP adduct that could undergo reductive closure of the gap.
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E. coli DNA. The observed modification appears to be sub-stoichiometric at
those 5000 sites. This may mean the thiolation system is dynamic and/or the
phosphorothioate link may serve another or an additional purpose, such
as being a sentinel for oxidative conditions (Figure 12.9). Oxidative removal
of sulfur from S–P bonds is precedented in metabolism as noted in
Section 12.7 below.

Most remarkable is the detection of these first S–P bonds in DNA11 and
their likely function in analogy to known restriction–modification systems to
protect integrity of bacterial host genomes.

12.7 Oxygenative Conversion of Parathion
to Paraoxon

The xenobiotic organophosphate insecticides (see Chapter 8 on phos-
photriesters and related phosphorothioates) have been widely used for
agricultural applications. Among the best studied commercial thiopho-
sphosphoryl agricide is parathion (Figure 12.9). It is a thiophosphoryl trie-
ster. Since all three oxygens are esterified, two as alkyl esters and the third as
the aryl nitrophenyl ester that is the leaving group for acetylcholinesterase
inhibition, the P–S bond must be a formal PQS double bond as shown.

Among the metabolic routes for parathion in mammalian liver is oxyge-
native desulfuration by a set of hepatic cytochrome P450 monooxygenases.
The desulfuration produces H2S as a byproduct as the PQS in parathion is
converted to the PQO in paraoxon, still a potent acetylcholinesterase in-
hibitor. The mechanism is thought to involve initial S-oxygenation to an
–S1–O� structure. That could readily rearrange to the indicated oxapho-
sphothiirane three-membered ring where all three atoms are heteroatoms:
sulfur, oxygen, and phosphorus. One expects that oxaphosphothiirane to be
unstable and it could further rearrange to the PQO product with extrusion of
H2S, probably as the hydrosulfide monoanion. It is possible the oxygenative
conversion of parathion to paraoxon is a precedent for nonenzymatic oxy-
genative desulfurization of the phosphorothioate internucleotide links in
the previous subsection back to the unmodified phosphodiester. If so, that
could be an element in dynamic turnover of the sulfur mark in those
stretches of bacterial DNA.

12.8 Synthetic Phosphorothioate Oligonucleotides
and the Problem of Chirality Control

Decades before this naturally occurring internucleotide RP phosphorothio-
ate DNA self-protection strategy noted above was discovered, nucleotide
chemists had been synthesizing sequence-specific oligonucleotides with
various alterations in the covalent 30,5 0-internucleotide link. Sulfur in the
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Figure 12.9 Naturally occurring internucleotide phosphorothioate bonds in bacterial DNA. Proposed dynamic oxidative desulfurization of
such RP phosphorothioate internucleotide bonds (dynamic reversal of the modification) might have precedence in the
hepatic desulfurization of parathion to paraoxon.
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form of phosphorothioate internucleotide links in oligodeoxynucleotides
became a strategic and synthetic mainstay for antisense applications
to form hybrid duplexes with target DNA strands.15 It was observed that
the sulfur substitution for one oxygen atom in the internucleotide bond
helped slow hydrolytic decomposition by cellular nucleases and also
somewhat reduced polarity to facilitate cellular uptake of these anionic
oligomers.

Most synthetic routes to phosphorothioate oligonucleotides use a variant
of DNA synthesis protocols that feature the coupling steps for each nu-
cleoside addition via a phosphorusIII nucleophile (see Chapter 10 Sec-
tion 10.8). For the thiophosphoryl links, the PIII oxidation state is oxidatively
sulfurized to form the biologically relevant PV oxidation state. Decades of
process chemistry and automation have increased the yields of phosphor-
othioate oligonucleotides, allowing clinical studies for human therapeutics
targeted at gene variants. Thus, spinraza, an 18-residue oligonucleotide
where each covalent 30,50-internucleotide linkage is a phosphorothiodiester,
was recently approved as a therapeutic agent for treatment of spinal mus-
cular atrophy in the USA (Figure 12.10).

One of the consequences of the PIII synthetic route to spinraza noted by
Knouse et al.17 is that there is no stereocontrol over RP vs. SP phospho dia-
stereomers at each of the 18 coupling steps. That allows for 218 possible
configurational isomers, or up toB132 000 possible isomers in the approved
human therapeutic product!

Recently, a joint team of medicinal chemists between Scripps Research
Institute and Bristol Meyers Squibb published an approach to bypass
the stereorandom defects of using PIII coupling steps.17 They designed
and tested a PV coupling reagent for oligodeoxynucleotide synthesis with
complete stereochemical control in the formation of each phosphorus–
heteroatom bond.

To that end they prepared in crystalline, scalable amounts both the sep-
arate RP and SP forms of the phosphorusV oxidation state reagent shown
in Figure 12.11. They demonstrated the chemical and stereochemical
utility for making all relevant dinucleotides with internucleotide
30,5 0-phosphorothioate bonds under absolute stereocontrol to make either
the RP or SP diastereomers. In initial tests the method was also used to make
a single pentamer diastereomer. Also, a 16-mer could be prepared by these
reagents. This strategy should revolutionize the synthetic approaches to
phosphorothioate oligonucleotides as diagnostic and perhaps therapeutic
agents.

12.9 Thiophosphoryl Enzyme Intermediates
In the realm of proteins and enzymes, we have already noted a couple
of cases of S-phosphoryl–cysteinyl adducts as kinetically and chemically
competent enzymatic intermediates. We defer further examination of
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formation, function, and breakdown to the phosphoproteomics Chapter 14
in Section IV. In the documented cases of S-phosphoryl cysteine proteins the
sulfur is the bridging atom from the amino acid side chain to the phos-
phorus atom (in contradistinction to the nonbridging substitutions in
thionucleotides discussed earlier in this chapter).

Figure 12.10 FDA approved drug Spinraza:16 an 18-mer oligonucleotide with
17 thiophosphoryl internucleotide bonds. In principle, given its
mode of synthesis via PIII phosphoramidite chemistry, there could be
up to 218 possible diastereomers in a preparation.
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Figure 12.11 Methodology for oligonucleotide synthesis that bypasses PIII chemistry by PV reagents that enable diastereomeric control at
each phosphorothioate diester internucleotide bond.
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SECTION IV

Phosphoproteomics

Over the past few decades phosphoproteomics has dominated the roles of
phosphates in biology. From the initial discovery of protein kinases and
opposing phosphoprotein phosphatases a half century ago, tens of thou-
sands of publications have defined and filled out the pictures of protein
posttranslational phosphorylation as a dominant mode of signal transduc-
tion in eukaryotic organisms. With mass spectrometry of digested phos-
phopeptides as the main analytical tool, the number of stable protein
phosphorylation sites in human proteomes have surpassed the staggering
number of 250 000 distributed among theB26 000 human proteins.

Indeed, phosphoproteomics and the behavior of certain sets of protein
kinases have dominated much of the literature on cancer metabolism for the
past three decades. There is no way four chapters in this volume on phos-
phorus chemical biology can reach meaningfully into the many levels of
phosphoprotein signaling biology and provide detailed new insights into
mechanism, logic, or strategy not already covered in more detail by primary
and review literature.

Instead, we stay focused in this section, as we have in the earlier three
sections, on how the chemistry of the differing phosphorylated amino acids
in phosphoproteomes condition both initial detection of the phosphorylated
side chains and constrain or enable function. Among these chemical
matching issues are whether dedicated phosphoprotein phosphatase families
are required to mediate dehosphorylation and thereby reversible signaling.

As noted in Chapter 13, nine of the twenty proteinogenic amino acids have
side chain nucleophiles that could qualify as targets for subclasses of protein
kinases. Five are potential oxygen nucleophiles, three potential nitrogen
nucleophiles, and one is the thiolate side chain of cysteine residues. Yet, the
mass spectrometry-based workflows over the past two decades have included
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steps requiring the phosphoryl linkage to the protein side chain to be acid-
stable. This tends to miss six of the nine side chains and focus on the three
acid-stable ones: P-Ser, P-Thr, and P-Tyr.

Therefore, Chapter 14, takes up the six residues of the noncanonical
phosphoproteomes that have been missing or severely under-reported in
classic mass spectrometry workflows. These include three side chain
phosphoramidate P-His, P-Arg, and P-Lys residues. They are all acid-labile,
base-stable and missing from canonical phsphoproteomics analyses. There
are multiple P-His- and P-Arg- protein examples but few P-Lys- proteins yet
identified. The P-His have high group transfer potential and do not require
dedicated phosphoprotein phosphatases for reversal as they hydrolyze
spontaneously.

The protein aspartyl-phosphate and glutamyl-phosphate intermediates
would be similarly thermodynamically activated and may be kinetically
labile. P-Type ion-pumping ATPases and the response regulator proteins of
two-component regulatory systems of bacteria are replete with transient side
chain aspartyl phosphate intermediates.

Finally, the sixth side chain nucleophile that gives activated phospho-
protein intermediates is cysteine. Some 95 of the 107 predicted human
phosphotyrosyl protein phosphates use an active site cysteine as nucleo-
phile, generating covalent S-phosphocysteinyl enzyme intermediates
which are rapidly hydrolyzed to Pi and the regenerated, free cysteinyl
enzyme.

All six of these phosphoprotein classes are typically missed in standard
counting of phosphoproteins by acid-stable phosphopeptide detection. Re-
cent altered workflow protocols indicate that these missing phosphoprotein
classes could reach one third of the total phsphoproteomes in HELA cells.

Chapter 15 then turns in summary fashion to the vast arena of canonical
phosphoproteomics. With B500 human protein kinases known to modify
up to 250 000 Ser, Thr or Tyr side chains, sorting out dynamics, regulation,
and signal integration continues to be a beehive of research activity. About
100 of these are Tyrosine kinases and B420 are Ser–Thr kinases. Abun-
dance counts indicate P-Ser residues at close to 90% of the total, P-Thr
at 6–8% and P-Tyr in the range of 1–2% of reported protein phosphoryl-
ation sites. Despite their low abundance, tyrosine kinases, especially the
transmembrane receptor subset, have a large presence in signal trans-
duction biology.

Finally, the rock stable chemical stability of the two aliphatic alcohol phos-
phate monoesters P-Ser and P-Thr and the less stable but still long-lived
stability of the phenolic phosphate ester in P-Tyr residues necessitates the
evolution and deployment of opposing phosphatases to control the dynamics of
protein phosphorylation states. We have noted that most P-Tyr-protein phos-
phatases generate covalent enzyme–Cys–S–PO3

2� intermediates. Contrarily,
most Ser and P-Thr protein phosphatases use two metal cations (e.g. Zn21, Fe21)
to coordinate substrates and accelerate phosphoester hydrolysis.
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Chapter 16 takes up additional noncanonical posttranslational modifi-
cations that start from ATP, CDP-choline or NAD1 that yield diverse types of
posttranslational modifications. These are typically not scored in canonical
phosphoproteomics, but reveal the scope of phosphoric anhydride and
phosphoric ester chemical biology in proteomics.
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CHAPTER 13

Scope and Roles of
Posttranslational Protein
Phosphorylations

13.1 Proteomics
Starting with the first publication of organismal genomes in the 1990s and
culminating in the back to back pair of papers on the first human genomes
in 2001, it became possible to predict the primary sequences of all encoded
proteins.1,2 This genomics knowledge base changed the downstream field of
protein analyses from one at a time to the goal of ‘‘all at a time’’. That is, it
seemed possible to analyze how systemic changes in protein composition
within a cell or tissue or organism changed over time in response to a spe-
cific set of controlled perturbations. This is the essence of proteomics, a
systems-wide analysis of correlated changes of proteins in a cell, under
different conditions.3 It could lead to deconvoluting the dynamic wiring
diagrams for protein responses within cells, tissues, and organisms.

Proteomics are just one level of systems approaches to information in
biology.4,5 They fit into the hierarchical rubric of genomics to transcript-
omics to proteomics to metabolomics, following changes in gene expression,
mRNA transcriptions, protein expression, and function to the changes in low
molecular weight metabolites from moment to moment and from place to
place (Figure 13.1).

The ability to monitor system-wide changes in proteins was then coupled
to examination of the posttranslational modifications of proteins.7,8 Some
200 types of covalent modifications have been described that are largely
monitorable by the changes in mass of the side chains (or backbones) of the
amino acids that have undergone a given covalent modification. The top five
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modifications in abundance have been thought to be protein side chain
phosphorylations, acylations (both acetyl and longer chain palmitoyl
and myristoyl), alkylations (both methyl and prenyl groups), glycosylations
(N- and O-glycosylations), and information-rich ubiquitylations (mono- to
oligo-Ubs) (Figure 13.2).

13.2 Phosphoproteomics: Version 1.0
The most abundant of the posttranslational modifications catalogued
over the past twenty years with mass spectrometry-based analyses of pep-
tide fragments that can be traced back to unique intact proteins are

Figure 13.1 Omics Depictions.6 A typical chart of omics might reflect information
flow from genes (genomics) to mRNA species, spliced with splice
variants (transcriptomics) to a collection of proteins including
posttranslationally-modified forms (proteomics), to metabolites of mo-
lecular weighto1000 Daltons (metabolomics). The lower section indi-
cates that the term ‘‘ome’’ has become almost a universal suffix in
biology from a systems perspective. Thus, one can define lipidpomics,
cellulomics, epigenomics, and other omics ad libidum.
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O-phosphorylations. The work flow for both base line identification, and
changes on some specific cellular perturbations, of phosphate monoesters
in side chains of Ser, Thr, and Tyr residues takes advantage of their acid
stability during peptide cleavage and isolation procedures10–12 (Figure 13.3).

Some astounding conclusions have emerged. One generalization is that
each human protein has a 30% chance of undergoing at least one phos-
phorylation event during its cellular lifetime. The inventory of Ser, Thr, and
Tyr protein kinases encoded in human genomes is around 520. Those 520
encoded enzymes, protein kinases, comprise the human kinome. Some are
specific for a few Ser, Thr, or Tyr sites in protein targets; others are dra-
matically more promiscuous. Basal levels of activity can vary greatly but
many or most of the kinases are in low activity, idle mode until a specific
upstream signal is generated. In this strategic mode, they can affect essen-
tially every cell parameter: cell cycle stage, DNA replication and repair,
selective activation of certain metabolic pathways, decisions on growth,
differentiation, and apoptotic cell death programs, to name just a subset of
the myriad consequences.

The primary and review literature on phosphoproteins, singly, on path-
ways from tandem phosphorylations, on multiple phosphorylations of target
and partner proteins in complexes, and on cellular effects, on phospho-
proteomics is consequently immense. The many facets of the subject are
beyond the scope of this chapter, and indeed any single contemporary book
volume, or web site, especially the biological consequences. Therefore, we
stay focused on some of the general properties that the PO3

2� group(s), once
introduced into a target protein side chain by kinase action, are likely to have
on protein conformation and function as starting points for any consider-
ation of biological consequences.

In one of many cogent reviews on phosphoproteomics (a dramatically
large literature given that phosphoproteomics have dominated the attention
to phosphate metabolism over the past three decades), Adam and Hunter13

recently noted that the full human proteome contains B2 million serine
residues, 1.3 million threonine residues, and 637 000 tyrosine residues.
Examination of many data sets in the range of a few thousand to 30 000
phosphopeptide detections indicates that 8% of serine residues are currently
known to be phosphorylated, 5% of threonine residues, and up to 7% of
tyrosine residues. If all of these were phosphorylated at the same time
(unlikely given the dynamic balance of protein kinases and phosphoprotein

Figure 13.2 Two snapshots of posttranslational frequencies in a tabulation of data
sets on abundance of experimentally observed posttranslational modifi-
cations of a proteome and comparative abundance by chemotype.9

(A) The top three categories are protein phosphorylations, acetylations,
and N-linked glycosylations. The same three categories are most abun-
dant in (B).
Reproduced from ref. 9 with permission from Springer Nature, Copy-
right 2011.
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phosphatases), that would sum toB160 000 P-Ser residues in proteins (some
with multiple sites phosphorylated in the same protein),B65 000 P-Thr resi-
dues, and B45 000 P-Tyr residues, for a possible total of B270 000 phos-
phorylation sites for just these three residues. The diversity of protein forms
that could be generated is enormous, and the functional consequences of even
a small defined set of residue phosphorylations are known to be profound.

We will turn to distinct and specific subsets of P-Ser and P-Thr
kinases vs. P-Tyr kinases in Chapter 15, but just note here that they tend to
be mutually specific for the alkyl alcohol vs. the phenol side chains, although
there are a small number of dual and triple specificity protein kinases for
particular protein substrates.

13.3 How do Phosphate Groups Have Their
Effects in Proteins

The comprehensive review by Westheimer14 ‘‘Why Nature Chose Phosphates’’
focused on the chemical properties of phosphoric acid, its ionization states,
and solubilizing effects, its ability to function both as a nucleophilic oxyanion
at the periphery and an electrophilic phosphorus (P¼ [þ5]) in the center. The
electrostatic barriers provided by the negative charge allow phosphate
monoesters to have half-times estimated to be 1012 years at 25 1C but to react
rapidly in phosphatase active sites where charges can be neutralized or op-
posing charges used to raise bound E–S complex energies. The special utility of
the 30,50-phosphodiester bond as the covalent linkage between monomer
units in both RNA and DNA means the phosphodiester bonds still have a
negative charge to repel water and ensure hydrolytic stability.

Twenty five years after the Westheimer review, Hunter15 provided a
philosophic update on ‘‘Why Nature Chose Phosphate to Modify Proteins’’
noting how the chemical properties of phosphate as a low molecular weight
metabolite were also admirably adapted to function as a novel entity when
covalently attached to an amino acid side chain in a protein microenviron-
ment. He emphasized the introduction of (–PO3

2�) as a divalent anion, its
tetrahedral nature, and its hydration sphere as a strong perturbant of pre-
existing protein structure. None of the twenty proteinogenic amino acid

Figure 13.3 The three acid-stable protein-based phosphomonoesters are P-Ser,
P-Thr, and P-Tyr, amenable to detection by conventional proteomic
mass spectrometry workflows.
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building blocks in proteins provide a dianion at physiological pH ranges.
Two, Glu and Asp, are mostly monoanionic at physiological pH values.

The newly introduced dianionic P-Ser, P-Thr, and P-Tyr side chains
are strong electrostatic attractors for the guanidinium cationic ends of ar-
ginine side chains. These bidentate charged interactions are recurring
themes in phosphoprotein structures as exemplified in Figure 13.4A. In this

Figure 13.4 The dianionic tetrahedral side chains of phosphate monoesters on Ser,
Thr, and Tyr residues can perturb protein structure and form new
intramolecular and intermolecular interactions. (A) The interaction of
phospho-Thr160 of the cyclin-dependent cdk2 protein kinase with three
intramolecular arginine residues (Arg50, Arg126, and Arg150) drives a
distinct conformation in this region of the kinase.16 Reproduced from
ref. 16, https://doi.org/10.1042/BST0370627, under the terms of a CC BY
4.0 license, https://creativecommons.org/licenses/by/4.0/legalcode. (B)
In the CLASP2 protein, P-Ser737 and P-Ser741 likewise pair electro-
statically with arginine guanidinium cationic side chains, in this case
nearby either in space or primary sequence. Reproduced from ref. 17
with permission from American Society for Biochemistry & Molecular
Biology, Copyright 2012.
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example the side chain-OH of Thr160 of cyclin dependent kinase2 (CDK2),
in complex with its cyclin activating subunit, has become phosphorylated
by a kinase.16 The new P-Thr160 side chain interacts with and collects
three arginine guanidinium side chains. These are Arg50 (PDB code
1QMZ), Arg127 (next to the catalytic aspartate) and Arg150 in the activation
segment.

Analogously, phosphorylation of the cytoplasmic linker associated protein
2 (CLASP2) protein (tracking the ends of microtubules) on two nearby serine
side chains, Ser737and Ser741, induces reorganization (Figure 13.4B) by
charge pairing with a total of three arginine residue guanidinium groups,17

in the process disrupting pre-existing Arg–Glu salt bridges. The protein ki-
nase isoform glycogen synthase kinase3b (GSK3b) inactivates CLASP2
function via these two-serine side chain phosphorylations, by disrupting its
interactions with kinetochore microtubules during the metaphase portion of
the cell cycle.

These charge pairing interactions can be intramolecular within subunits
or intermolecular between protein subunits and can immobilize specific
conformations. In that context phosphorylations can drive a population of
specific phosphoprotein conformers to act as high affinity sites for recog-
nition by and binding to partner proteins. This is emphasized by scaffolding
protein domains that can be multiply phosphorylated and also serve as
nodes to collect sets of partners that then interact for phosphorylation
cascades18 (Figure 13.5A,B)(MBC web site, 2017). The cartoon in Figure 13.5A
indicates the three sequentially acting Ser or Thr kinases in the Janus kinase
(JNK)–mitogen-activated protein (MAP) kinase cascade are gathered in
proximity by the scaffolding protein JNK-interacting protein 1 (jip1).19 Figure
13.5B is a more elaborate cartoon for a signaling pathway for a membrane-
based receptor tyrosine kinase (RTK) that proceeds via sequential activation
of three comparable Ser or Thr kinases, rapidly accelerated fibrosarcoma
(Raf), mitogen activated protein kinase/extracellular signal–regulated kinase
kinase 1 or 2 (MEK1/2), and extracellular signal–regulated kinase 1 or 2
(ERK1/2). Continuing the theme of protein-collecting scaffolds, four such
kinase way stations are depicted in Figure 13.5C. All of these features sum to
protein phosphorylations serving as molecular switches for protein con-
formation changes and protein–protein interaction effects.

Figure 13.5 Three cartoons of scaffolding proteins that collect individual kinases at
docking stations in protein kinase signal cascades. (A) JIP-1 as a
docking partner.20 (B) One of the JIP family members is a kinase
docking station for several ERK isoforms in signal transduction from
outside the cell to nucleus.21 (C) The classic example of sterility 5 (Ste5)
in yeast for Ste11, Ste7, and fusion 3 (Fus3), the three yeast homologs of
mammalian mitogen activated protein kinase kinase kinase (MAPKKK),
mitogen activated protein kinase kinase (MAPKK), and mitogen acti-
vated protein kinase (MAPK).22
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13.4 Nine of Twenty Protein Residues
Can Be Phosphorylated

The potential 270 000 phosphoprotein isoforms from modification of any or
all of the serine, threonine, or tyrosine residues in the human proteome is an
amazing level of structural and functional diversity, even as it requires the
biosynthesis and expression of the4520 enzymes of the human kinome. The
Ser and Thr side chains are related alcohols with nominal pKa values of
between 13 and 14. The phenolic OH of tyrosine has a pKa some four orders
of magnitude lower at B10. The relevant kinases must activate those three
alcohols to alkoxide or phenoxide anions in the transition states for phos-
phoryl transfers in the respective protein kinase active sites. The kinases
typically work on folded protein structures as substrates although there are
many loops and conformationally mobile regions of protein targets that offer
side chain accessibility to ATP.

Astounding as this expansion of the proteome is by enzymatic phos-
phorylation of these alcoholic side chain groups, these are only three out of
nine proteinogenic side chains that can be enzymatically phosphorylated.13

They are the three that have been detected by far most commonly in eu-
karyotic proteomes. However, we have briefly noted the bias in the strategies
of MS-based phosphoproteome workflow protocols for acid-stable phos-
phate monoester linkages.23

The other six amino acid residues that can be enzymatically phosphoryl-
ated are subcategorized by the identity of the nucleophilic side chains at-
tacking the cosubstrate Mg–ATP at Pg (Figure 13.6). Two of them provide the
fourth and fifth example of oxygen nucleophiles. However, those Asp and
Glu side chains are carboxylates, not alcohols. The corresponding phos-
phorylated species are acyl phosphates not phosphomonoesters and we have
dissected their reactivity differences in earlier chapters (Chapters 6 and 9).
Of the two sulfur-containing amino acids cysteine and methionine, the
thioether sulfur seems inert to S-phosphorylation, but the thiolate side chain
can be S-phosphorylated in about 100 members of the phosphotyrosine
phosphatase class of eukaryotic enzymes (Figure 13.6).

The remaining three residues offer nitrogen atoms as the nucleophiles.
The N-phosphorylated product residues would be phosphoramidates.
We have noted the guanidinium group of free arginine is a phosphagen in
invertebrates (Chapter 10), and protein N-phosphoarginine is also a known,
albeit little studied phosphoprotein class. A more likely nitrogen nucleophile
is the e-NH2 of lysine side chains to give N–P-Lys residues. The third relevant
nitrogen side chain is in the heterocyclic imidazole ring of histidine. There
are two nitrogens there, N1 and N3, and both are known sites of enzymatic
phosphorylation. Our discussion of free amino acid phosphoramidates
in Chapter 10 noted the unlikely utilization of the caboxamido nitrogens of
both glutamine and asparagine in N-phosphorylations (in principle
expanding the proteinogenic amino acids that can be phosphorylated to
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Figure 13.6 Nine of the twenty proteinogenic (building blocks for protein biosynthesis) amino acids can be phosphorylated by ATP on
different side chain functional groups. (A) Of those nine, three (P-Ser, P-Thr, and P-Tyr) are acid-stable and the ones detected
in contemporary mass spectrometry-based phosphopeptide proteomics workflows. (B) The other six are differentially labile
and thermodynamically activated for onward phosphoryl group transfers. They have been under-detected in traditional
phosphoproteomic studies but have been seen in recent studies designed specifically to detect these six phosphopeptide
types.23
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11 out of 20). To date, there are no examples of the comparable Gln or Asn
N-phosphoramides in protein posttranslational modifications. The remain-
ing proteinogenic amino acids do not have functional groups in their side
chains.

If we rank order the nine phosphorylated amino acid side chains of
phosphoproteins by anticipated thermodynamic activation, we might get the
rank order of Figure 13.6. The phosphoramidates would be at the top [free
arginine-N–PO3

2� is a widely dispersed metabolic phosphagen (Chapter 10)]
as would the mixed acyl phosphoric anhydrides of Asp-b-phosphate and Gln-
g-phosphate. It is also likely that the Cys-S–PO3

2� would have noticeably
high phosphoryl group transfer potential.

The only three phosphoprotein groups likely to be stable chemically are
the phosphomonoesters of P-Ser, P-Thr, and P-Tyr. For that last set of three,
one would expect to have to evolve protein phosphatases to remove them.
That is the case in contemporary organisms. The other six might be reactive
enough as phosphorylated proteins that they would qualify as transient
intermediates in enzymatic catalyses and not need dedicated chemospecific
phosphoprotein phosphatases.

Two points emerge from this type of consideration of the chemical re-
activity of the nine phosphorylated amino acid residues of Figure 13.6.
The first is the well-known realization that the current phosphoproteomes,
extensive as they are, are likely to be incomplete, based on the bias of MS-
based workflow for detecting only P-Ser, P-Thr, and P-Tyr in peptide frag-
ments.13,23 Indeed, isolation methods restructured to detect base-stable,
acid-labile phosphoramidate linkages in proteins reveal in initial range-
finding studies hundreds of sites of P-Arg, P-His, and even P-Lys modifi-
cations. These may gain prominence as their biology gets uncovered in
phosphoproteomics 2.0.

The second point guides the organization of the next two chapters in this
section. We turn first to those understudied six phospho-amino acid resi-
dues (phosphoramidates, acyl phosphates, and phosphorothioates) that
should have enough thermodynamic activation to function as transient
phosphoryl intermediates in catalytic cycles, and not require dedicated
protein phosphatases for their removal. Then, we turn back to the known
universe of P-Ser, P-Thr, and P-Tyr residues for a summary of some of
the central features of the many thousands of papers on their biological
import.

13.5 Criteria for Phosphoproteomics 2.0
One starting point for a phosphoproteomics 2.0 is the report by Hardman
et al.23 analyzing phosphoprotein content of HeLa cells by treating the
protein extract with the protease trypsin to yield a mix of tryptic peptides.
Then the phosphopeptides were separated and purified by strong anion
exchange chromatography at pH 6.8. Mass spectrometric analysis captured
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all nine anticipated chemical classes of phosphopeptides, as summarized in
Figure 13.7.

While S-phospho-Cys peptides were in the rarest category, consistent with
prior experience, P-Arg, P-Lys, and P-His phosphoramidate linkages survived
this workflow to yieldB500, 800, and 200 unique phosphopeptides each. The
total of B1500 N–PO3

2� protein forms gives credence to the concept of a
substantial missing fraction of phosphoproteomes.

Equally surprising was the large number of peptide acyl phosphate
species, P-Glu and P-Asp, each numbering in theB1000 phosphopeptide levels,
auguring for much discovery in this activated class of phosphopeptides.

The three stable, canonical alcoholic phosphopeptides P-Tyr, P-Thr,
and P-Ser were also obtainable by this workflow. The P-Tyr peptide level at
B200 unique phosphopeptides equaled the P-His peptide yield but was
unexpectedly dwarfed by P-Arg, P-Lys, P-Asp, and P-Glu peptides. In ac-
cordance with expectations the P-Ser phosphopeptides were most abundant.
All told, the set of six noncanonical phosphopeptides from the HeLa cell
proteome was about one third the level of the canonical phosphoproteome
version 1.0. These findings set the stage for the next chapter on non-
canonical phosphoproteomics.

Figure 13.7 Scheme of a phosphopeptide workflow of proteins from HeLa
cells and shows a bar chart of the nine phosphopeptide chemotypes
detected by MS–MS data analysis. Most notable are the high
abundance of P-Arg, P-Lys, P-Glu, and P-Asp phosphopeptide categories
compared with rare occurrence in other data sets with different work-
flows. The headings pCvs and pLvs should be read as pCys and pLys.
Reproduced from ref. 23, https://doi.org/10.15252/embj.2018100847,
under the terms of a CC BY 4.0 license, https://creativecommons.org/
licenses/by/4.0/.
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CHAPTER 14

Noncanonical
Phosphoproteomes

In considering the universe of phosphorylated proteins, one can categorize
them by the identity of the amino acid side chain phosphorylated. One can
also categorize them by the lifetime in cells, a mix of chemical and biological
stability. The two modes of categorization turn out to be correlated and lead
to distinct catalytic vs. regulatory functions. Short-lived phosphoproteins are
unlikely to be counted in phosphoproteomic analyses but may be crucial
intermediates in catalytic logic throughout biology.

14.1 Types of Phosphate Scaffolds in Biology
In our prior discussions of the universe of low molecular weight phosphorus-
containing metabolites, we noted that organisms can combine the readily
available inorganic phosphate monoanion–dianion mixture to phosphoric
anhydrides, phosphomonoesters, and phosphodiesters (e.g. RNA, and DNA).
We also noted enol phosphates, N–P bonds (phosphoramidates), C–P bonds
(phosphonates), and S–P bonds (phosphorothioates). One can step back and
inquire which of these bonding strategies are found in phosphoproteins and
what are the chemical consequences.

To date no C–P phosphonate bonds have been found in phosphoproteins,
consistent with the lack of candidates for carbon nucleophiles in proteins
(one might have anticipated C-phosphorylations of tryptophan, given the
existence of indole natural products prenylated at every carbon and the ni-
trogen of indole, but not so). Nor have enol phosphates been detected to date
in phosphoproteomes. This accords with the lack of enolizable ketones and
aldehydes in the side chains of normal proteomes. Surprisingly, there has
been evidence for a lone pyrophosphoryl-histidine residue in the enzyme
literature since 1968.1 We will examine the formation and breakdown of this
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singular phosphoric anhydride-containing adduct later in discussion of the
bacterial enzyme pyruvate phosphate dikinase.

We turn in this chapter first to the phosphoramidates, then the protein
bound acyl phosphates, and finally the Cys–S–PO3

2� phosphoproteomes.
Relative to the conventional P-Ser, P-Thr, and P-Tyr residues of eukaryotic
phosphoproteomes these phosphoproteomes are understudied, perhaps
underappreciated. The chemical biology of low molecular weight acyl
phosphates noted in Chapter 6, of phosphoramidates in Chapter 10 and of
phosphorothioates in Chapter 12 provide precedents on thermodynamics
and kinetic reactivities of these three classes of phosphoproteins.

The results of the recent study by Hardman et al.,2 discussed at the end of
the preceding chapter, indicate that they are much more widespread than
conventionally assumed. The B1500 N–PO3

2� unique phosphopeptides in
HeLa cell proteins indicates a broad biological involvement that prompts
examination of their likely chemical properties.

The thermodynamic activation of covalent protein–phosphoramidates,
protein–acyl phosphates and protein–thiophosphates make them more
suited to transient adducts and thereby more likely to qualify as kinetically
and chemically competent reaction intermediates.3 In many cases they may
not need protein phosphatases to effect dephosphorylations. In contrast, the
alcoholic phosphomonoesters in P-Ser, P-Thr, and P-Tyr are deactivated
covalent adducts, stable, need dedicated enzymes for their reversal, and are
adapted almost exclusively to regulatory, noncatalytic functions of stable,
expanded (largely) eukaryotic proteomes.

14.2 The N-phosphoproteomes: Phosphohistidine
Residues

14.2.1 Bacterial Two Component Sensor–Response Regulator
Systems

The best studied context for phosphorylated histidine residues in proteins
has been the two-component sensor–response regulator systems in bacteria
(Figure 14.1). First detected in 1980, they are termed two-component sys-
tems4 because a transmembrane sensor protein is a first component re-
ceptor for some environmental chemical or condition. It could be pH,
osmotic pressure, heat, or a defined molecular framework. Often, it is the
sensing of inorganic ions, from Mg21 cations to PO4

2� dianions. The second
component is typically a cytoplasmic partner protein that is a conditional
transcriptional activator or repressor. Signals are transmitted from outside
the cell by the transmembrane sensor kinase to the response regulator
protein for selective modulation of a set of bacterial genes.

Protein kinases come in two major architectures based on their cellular
functions. Most are intracellular, have a relatively conserved catalytic do-
main and varying amounts of other domains that may regulate activity,
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Figure 14.1 Bacterial two-component sensor protein schematic architecture. Left, a transmembrane histidine autokinase receives a signal
on the extramembrane domains and autophosphorylates on a histidine residue. An aspartate side chain in a cognate
response regulator protein attacks and transfers the –PO3

2� from the P-His residue. The resultant P-Asp protein with altered
conformation transmits the response. Right, iteration of domains in the cytoplasmic domain of the sensor kinase allows
tandem transfer of the –PO3

2� group between domains in the route to transmittal of response.5
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control subcellular location, and provide recognition surfaces, e.g. for
homodimerizations or heterodimerizations or higher order complexes. The
second major kinase category contains transmembrane kinase architectures
in both prokaryotic and eukaryotic membranes.5–7 Typically, they have an
extracellular sensor domain for binding an incoming ligand, a transmem-
brane domain, often largely helical, that communicates ligand occupancy
from outside to inside, then intracellular domains that include the catalytic
kinase domain and perhaps additional regulatory domains. Often the
transmembrane kinases are dimers in their active form and catalyze cyto-
plasmic autophosphorylations to recruit partner proteins in signal cascades.

The bacterial sensor histidine kinases are transmembrane in function
and architecture. (Figure 14.2). However, the predominant class of
eukaryotic transmembrane kinases are instead protein tyrosine kinases8–10

(Chapter 15). The schematic of the prototypical bacterial transmembrane
histidine autokinase as environmental sensor in Figure 14.2 is of PhoQ,
where Pho is an abbreviation for phosphate.11 The periplasmic domain is
the sensor for inorganic phosphate. The kinase domain is in the wing of the
cytoplasmic domain. The histidine residue that becomes phosphorylated is
His277 and it is the portal out to the partner protein PhoP.

Gram-negative bacteria have tens to many dozens of distinct transmem-
brane sensor proteins per cell.4 They transmit occupancy of distinct ligands
in a periplasmic domain accessible to the outside medium. Figure 14.3
shows a representative transmembrane histidine kinase in the cytoplasmic
membrane of the Gram-negative bacterium E. coli. Envelope Z (EnvZ) is a
transmembrane osmotic strength reader. It is paired with a cognate cyto-
plasmic response regulator outer membrane porin R (OmpR). OmpR, when
activated by phosphorylation, is a direct transcriptional activator and con-
trols whether the genes for outer membrane proteins OmpC or instead
OmpF are expressed to remodel the size of the passageway through the outer
membrane pores.

Occupancy of the periplasmic domain of a sensor kinase is transmitted
down paired transmembrane helices to a juxtamembrane domain on the
inside of the membrane7 (Figures 14.4 and 14.5). In turn that domain
interacts with a kinase domain that uses ATP to autophosphorylate itself. The
residue that undergoes autophosphorylation on the adjacent dimerization
and histidine phosphorylation (DHP) domain can be in cis [on the same
subunit – see VicK in Figure 14.5] or in trans (on the adjacent dimer – as in
EnvZ15,16), depending on the twist of the helical segment in the DHP domain
that contains the His residue to be phosphorylated. Autophosphorylation
rates can be slow, from 0.01 to 5 min�1.

Each transmembrane bacterial sensor histidine kinase has a paired re-
sponse regulator partner protein (Figures 14.3 and 14.6). Specificity is im-
posed structurally at the tip of the DHP domain and is mediated both by
dissociation constant (KD) values for the sensor–response regulator pair and
by mass action, with response regulator often in molar excess.4,7 Although
there are variant mechanisms and functions, most response regulators are
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DNA binding proteins, where binding to a particular promoter region of DNA
controls expression of sets of genes that mount the particular physiological
responses of the bacterium.

Transmission of the signal from the phospho-His form of a sensor
kinase to its response regulator involves (electrophilic) phosphoryl group
transfer to a conserved aspartyl residue carboxylate side chain in the receiver
domain (Figure 14.6). The introduction of the phosphate (in acyl phosphate
linkage) drives a conformational change in the DNA binding region to alter

Figure 14.2 Schematic of organization of the bacterial PhoQ transmembrane kinase
for inorganic phosphate sensing. (A) The hairpin represents the distinct
domains in PhoQ with two transmembrane domains (TM1, and TM2).
(B) A dimeric active form of PhoQ showing the ATP site, the location of
His277 that undergoes phosphorylation from bound ATP. The PHis277
form is then the phosphoryl donor transfer to a specific aspartate side
chain in PhoP. Reproduced with permission from.12

Reproduced from ref. 12, https://doi.org/10.1371/journal.pcbi.1002878,
under the terms of a CC BY 4.0 license, https://creativecommons.org/
licenses/by/4.0/.
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Figure 14.3 Schematic of the EnvZ–OmpR two-component system for sensing and
responding to changes in environmental osmotic pressure by altered
expression of outer membrane porins. OmpR is a transcriptional regu-
lator, active in the phosphorylated state as a dimer for transcription of
porin genes.13,14

Figure 14.4 The cytoplasmic domains of dimers of a thermophilic microbial histidine
kinase. The active kinase domain brings ATP in proximity to the His
residue in the central helix.
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interaction with target DNA. Often, the phosphorylated response regulator
undergoes dimerization and thereby conversion to the DNA-binding con-
former (Figure 14.6). Depending on the specific sensor kinase–response
regulator system, specific gene expression can be turned on or turned off.
With dozens of sensor kinase–response regulators per cell bacteria can or-
chestrate real time complex behavior and physiological responses to many
environmental signals.4

Figure 14.7 shows in cartoon form three such two-component systems in
Salmonella bacteria. The PhoQ–PhoR two component pair is involved in
sensing of extracellular inorganic phosphate. The tandem phosphoryl
transfers from ATP to P-His-PhoQ and on to P-Asp-PhoR, turning on target
genes for external phosphoester hydrolysis and Pi uptake. The EnvZ–OmpR
pair constitute the sensing of osmotic pressure changes. The P-Asp form of
OmpR is a transcriptional regulator for outer membrane porin production
and porin class change. The third pair, small stable RNA A and B (SsrA–
SsrB), turn on hybrid transfer messenger RNA (tmRNA) production to shut
down protein synthesis under starvation conditions.

The chemistry of the interprotein signal transmission is attack by the
aspartyl carboxylate on the phosphoryl group attached to the imidazole
group nitrogen of the histidine in the DHP region of the sensor kinase
(Figure 14.8). These have been measured at up to 20 phosphoryl transfers per
minute. The –PO3

2� group transfer from imidazole to carboxylate in the
response regulator partner validates that the N–P phosphoramidate linkage
in the phosphohistidine residues is thermodynamically activated. Albeit
relatively slow on an absolute time scale compared with many enzyme rates,
the P-His in the sensor kinases qualifies as a competent reaction inter-
mediate. The P-Asp residue in response regulators is more akin to a classic
posttranslational phosphoprotein, albeit with variable stability. The dra-
matic conformation change on phosphorylation (e.g. protein dimerization)
communicated to the DNA binding domain emphasizes the power of
introduction of a tetrahedral dianionic PO3

2� group to alter conformation
and biological function-in these cases transcriptional activation or re-
pression (Figure 14.8).

Figure 14.1 on the left side schematizes the architecture of a simple two
component circuit with one sensor domain and one response domain. More
complex domain architecture has evolved, e.g. by domain duplications and
insertions.4 The right-hand side sketches the sequential movement of one
phosphoryl group from the P-His residue to an aspartyl side chain within the
same protein. Then, it is transferred out to a separate protein on a histidine
residue and then interfaces with a response regulator. Counting the initial
–PO3

2� transfer from ATP to the first histidine (not shown), the same –PO3
2�

group is transferred four times (His to Asp to His to Asp) in a cascade before
reaching the cognate response regulator or DNA transcription factor. This
cascade, and related ones on other hybrid histidine kinases with fused re-
ceiver domains, emphasizes the reversible transfer of thermodynamically
activated –PO3

2� groups. At each of the interdomain transfers there is
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opportunity for –PO3
2� transfer in from another signaling system to allow for

integration and/or cross talk (including competing phosphatase catalytic
removal of the phosphoryl group signal).

The logic of these two-component phosphoryl transfer kinase–gene regu-
lators is explicit tandem transfer of a single –PO3

2� group from ATP to
imidazole nitrogen and then on to the acyl phosphate group in the second
protein. This is not widely replicated in eukaryotic phosphoproteomics, where
tandem phosphoryl transfers are not at all common. This may be as much a
consequence of looking (under the lamp post?) only at the stable phosphate
esters in P-Ser, P-Thr, and P-Tyr, as they are not thermodynamically activated
for further phosphoryl group transfers.

Indeed, the use of an aspartyl side chain carboxylate in response regulator
logic provides a built-in timer for the signal to disappear. Acyl phosphate
lifetimes in these proteins can vary from seconds to hours, based on local
microenvironment around the aspartyl-phosphate side chain and the ac-
cessibility of water in its active site.4 In addition, some of the sensor kinases
show acyl phosphatase hydrolytic activity to accelerate the transfer of the
acyl phosphate group to water to release inorganic phosphate and by default
turn off downstream gene regulations.

Figure 14.5 The cytoplasmic domains of dimers of an EnvZ–Af1503 hybrid and
dimers of VicK, an essential histidine autokinase in several types of
streptococci. For EnvZ the His residue is in the opposite subunit of the
dimer. For VicK, the histidine nucleophile is in the same chain as the
ATP domain. Thus, EnvZ acts in trans while VicK acts in cis to generate
the P-His residues. The bottom views are orthogonal and looking at the
two pairs of helices in the dimers end on.
Reproduced from ref. 16 with permission from Elsevier, Copyright
2014.

Figure 14.6 Diagrammatic conversion of an inactive monomeric response regulator
to an active aspartyl-phosphate dimeric form that can bind its target
DNA as a transcriptional activator.17

Reproduced from ref. 17 with permission from Elsevier, Copyright
2018.
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Three further conclusions emerge. First, the tandem phosphoryl group
transfers involve two thermodynamically activated phosphoryl species:
phosphohoramidates and acyl phosphates. This allows for their chemical
competence to act as reaction intermediates in phosphoryl transfers (most
notably in the hybrid sensor kinase–response regulator cascades in the right-
hand side of Figure 14.1).

Second, the thermodynamic lability ultimately imparts some kinetic la-
bility to hydrolysis. Therefore, one would not expect the need for large fa-
milies of protein phosphatases to reverse the phosphorylation state of these
two classes of phosphoproteins. (There are a few acyl phosphatases and
protein histidine phosphatases but nothing like the cadre of protein phos-
phatases for P-Ser, P-Thr, and P-Tyr residues noted in Chapter 15).

Figure 14.7 Schematic of three parallel two component systems in Salmonella.
PhoQ–PhoP for inorganic phosphate, EnvZ–OmpR for osmotic pres-
sure, and SSrA–SSrB for nutrient limitation stress. Phosphorylated
forms of PhoP and OmpR are transcriptional activators, SsrB displaces
a repressor.
Reproduced from ref. 13, image provided courtesy of the Mechanobiol-
ogy Institute, National University of Singapore.
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Figure 14.8 Interprotein phosphoryl transfer of a phosphoryl group from the phosphoramidate N-phosphoryl-His of a sensor kinase to
the b-aspartyl acyl phosphate residue of a response regulator.
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Third is the question of why this widespread tandem phosphohistidine–
phosphoaspartate signaling logic so pervasive in microbes, has not been
found or widely utilized in multicellular eukaryotes. One suggestion has
been that the short time frame and duration of the responses (a con-
sequence, at least in part, of the intrinsic lability of aspartyl acyl phosphoric
anhydrides to chemical hydrolysis) may not be compatible with longer time
constants for signaling in animal and human cells and tissues. The chem-
ically more stable P-Ser, P-Thr, P-Tyr phosphoesters may be better suited for
responses slow to develop and of longer duration.

In such a scenario the transmembrane sensor histidine kinase archi-
tecture and logic may have been forerunners of similar transmembrane re-
ceptor tyrosine kinases. (Bacteria do express transmembrane tyrosine
kinases18 as well as His, Arg, and Ser kinases). Both the bacterial trans-
membrane histidine kinases and the eukaryotic transmembrane tyrosine
kinases are almost exclusively autokinases, phosphorylating an internal
residue (His or Tyr) and typically stopping at that point. It is also possible
that some P-His–P-Asp tandem –PO3

2� transfers are at work in eukaryotic
phosphoproteomes but have been going on in the dark regions of the
phsosphoproteomes. There are those recently reported, as yet unattributed,
B2000 P-Asp and P-Glu peptides detected by Hardman et al.2 in their
modified mass spectrometry workflows.

Finally, recent bioinformatic compilations on some 2000 eukaryotic pro-
tein kinases have indicated that the explosion in P-Ser, P-Thr, and P-Tyr
kinases happened early after the prokaryote to eukaryote shift.19,20 Eight
major protein kinase groups emerged or evolved rapidly and then gave rise
to the subgroups that populate the current P-Ser, P-Thr, and P-Tyr kinome
tree21 (Chapter 15).

14.2.2 Tandem Phosphoryl Transfers in Bacterial
Phosphotransferse Systems for Coupled Import and
Phosphorylation of Sugars

The first report of phosphoenolpyruvate serving as phosphoryl donor, in-
stead of ATP, during phosphorylation of hexose imported into E. coli was in
1964.22 Fifty years later, knowledge of the (hexose) phosphotransferase sys-
tem (PTS) proteins has expanded to several auxiliary protein components. In
aggregate, they control not only sugar transport and phosphorylation in
bacteria, but also a variety of transcription factors, potassium transport,
expression of catabolic enzymes, virulence, biofilm formation, phosphate
and nitrogen utilization, and adenylate cyclase activity.23

The central components of PTS permease systems include two peripheral
membrane proteins or domains (Enz IIA, IIB) and an integral membrane
protein or domain (Enz IIC), that can be linked together in a single poly-
peptide or be fully separate. Additionally, there is a phosphoryl transferase
(Enz I) mobilizing the –PO3

2� group from cytoplasmic PEP23,24 (Figure 14.9).
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Figure 14.9 Schematic of tandem transfer of the same –PO3
2� group for PEP to four proteins in the E. coli and B. subtilis

phosphotransferase complexes as glucose is captured as glucose-6-phosphate (the fifth –PO3
2� transfer) inside bacterial cells.
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The itinerant –PO3 can undergo four tandem transfers, the latter three be-
tween imidazole side chains of histidine residues on distinct enzyme II
forms. The fifth and final transfer of the same –PO3

2� is to the alcohol of the
sugar being transported into the cell and irreversibly trapped there by co-
valent attachment of the dianionic phosphate ester group (Figure 14.10).

The order of covalent phosphoenzyme formation and decay is typically
Enz I, histidine protein (HPr), Enz IIA, Enz IIB, to sugar. The four phosphoryl
enzymes in some bacteria are all histidine phosphoramidates (Figure 14.11).
For example, the active site His in Enz I is His189 and it attacks PEP.
The next transfer is between imidazole rings on two proteins. His15 of the
small (9.5 kDa) HPr22 attacks the N–PO3

2� on enzyme I (Figure 14.10). Two
more imidazolyl N–P transfers via IIA and IIB proteins finally put the still

Figure 14.10 The five steps involving –PO3
2� tandem transfers: first from the

trapped enol in PEP, then 4-distinct N-phosphoryl histidine residues
in four different proteins before the ‘‘downhill’’ transfer to C6–OH of
glucose.
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Figure 14.11 Comparison of the reaction stoichiometries for pyruvate kinase and pyruvate phosphate dikinase. Pyruvate kinase runs in
the direction PEPþADP to pyruvate and ATP. Pyruvate phosphate dikinase runs in the direction of pyruvate to PEP and
carries out both phosphoryl and pyrophosphoryl transfers, cleaving ATP to AMP and PPi. The sources of the phosphoryl
moieties in PEP and PPi indicate a complex reaction mechanism.
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activated –N–PO3
2� group on the protein that has binding affinity for the

sugar that has come through the transmembrane IIC protein transporter
and is finally phosphorylated and trapped as it emerges from transmem-
brane passage, as shown for glucose on the C6–OH group.

The sugars undergoing transport fall into four families, of which the
largest family acts on glucose, fructose, and lactose. There is also an as-
corbate and galactitol, a mannose, and then a dihydroxyacetone family. Each
of the families has their own variant type II protein components.25

This phosphoryl transfer cascade (five transfers of the same phosphoryl
group) is remarkable both in its use of PEP instead of ATP as an electrophilic
phosphoryl donor and as a testament to the thermodynamic activation of the
four intermediate protein histidinyl N–P phosphoramidate bonds. The final
transfer from an Enz IIB–N–PO3

2� generates a ‘‘low’’ energy phosphate
monoester bond on the hexose. As denoted in the last line of Figure 14.10,
while PEP is the ultimate donor of the electrophilic phosphoryl group, the
actual, proximal transfer step to the C6–OH of glucose bound to protein IIB
is of the N–PO3

2� of the histidine moiety in enzyme IIB.
Both this cascade and the cascades in the two-component sensor kinase–

response regulator systems above illustrate the chemical competence of
histidinyl phosphoramidates to carry out both intramolecular and inter-
molecular catalytic phosphoryl transfers between protein components. They
stand as existence proofs that such, as yet unexamined, tandem phosphoryl
group transfers could be occurring in eukaryotes.

14.2.3 Bacterial Pyruvate Phosphate Dikinase: A Relative of
PTS Logic?

A third example of bacterial metabolism involving a protein phosphohisti-
dine with catalytic importance is the enzyme pyruvate phosphate dikinase. It
is at a metabolic branchpoint in both plant and bacterial metabolism to get
around the energetically irreversible block in pyruvate kinase and send
pyruvate uphill energetically to PEP (Figure 14.11). Thus, the pyruvate
phosphate dikinase couples ATP and PEP as intersecting activated –PO3

2�

donors, involves histidine phosphorylation, but additionally involves
histidine-N-pyrophosphorylation. The dikinase falls into the rare category
of pyrophosphoryl transferase (see Chapter 5). It is an even more rare example
of pyrophosphoryl enzyme formation, in particular of a pyrophosphoramidate
linkage. From a stoichiometry perspective, pyruvate and the cosubstrate
inorganic phosphate are converted into the activated enol phosphate linkage
of PEP as ATP is split to AMP and PPi. The source of the PO3

2� incorporated
into PEP, however, originates as the beta phosphoryl group of ATP not in-
organic phosphate.1

From its discovery in 1968 it was clear that an enzyme residue, later shown to
be the active site histidine’s imidazole nitrogen, attacked Pb of ATP. This step
yields free AMP (an observed product) and the pyrophosphoramidinyl-enzyme

408 Chapter 14



(Figure 14.12). The second substrate is inorganic phosphate and it attacks
the pyrophosphoryl-N–His-enzyme on the terminal phosphate (what had
been Pg of ATP). This is a phosphorolysis step, inorganic phosphate acting
as an oxygen nucleophile as described in Chapter 9. The result is a mol-
ecule of PPi to go along with the AMP. ATP has undergone a net cleavage to
AMP and PPi, but by a particularly circuitous tandem pyrophosphoryl
transfer and a phosphorolysis.

Figure 14.12 The catalytic cycle of pyruvate phosphate dikinase starts with an
unusual attack by a histidine residue of the enzyme on Pb of ATP to
give a pyrophosphoryl histidine intermediate. Also surprising is
the subsequent phosphorolysis by Pi to release PPi and leave the
N-phosphoryl-His–enzyme intermediate. That is the –PO3

2� donor to
the enolate anion of bound pyruvate.
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These two steps have left the original Pb phosphoryl group of ATP as the
covalent phosphohistidinyl enzyme intermediate. We know from the PTS
system above that phosphoryl transfer between histidine and enolpyruvate is
reversible. It remains for the enzyme–N–PO3

2� form of the dikinase to be
able to bind and enolize pyruvate to create the enolate anion as attacking
oxygen nucleophile and yield PEP as the third product.

Structural studies on pyruvate phosphate dikinase show separate binding
domains for ATP and PEP and a core domain for phosphoryl transfer from
these two cellular activated phosphoryl transfer metabolites.26 The catalytic
histidine is in a middle domain that undergoes dramatic swiveling move-
ment to cycle from the ATP domain to the PEP domain (Figure 14.13). The
PTS enzyme I above is also homologous in its P-His swiveling movement to
go from a PEP domain to the HPr recognition site as it transfers the attached
–PO3

2� group across long distances.
We sum up the chemical biology lessons from pyruvate phosphate diki-

nase before moving to eukaryotic histidine phosphoproteomics. (1) The
enzyme is at a mechanistic and structural intersection of ATP and PEP as
cellular phosphoryl donors. (2) Pyrophosphoryl transfers are in play: in the
forward direction as pyrophosphoryl transfer to the imidazole nitrogen of
the active site histidine. (3) In the reverse direction PPi acts as a phosphoryl
donor to the enzyme–PO3

2� species. This may be a strategic remnant of PPi
as a common phosphoryl donor in early cellular evolution. (4) Finally, while
the –PO3

2� group acts as conventional electrophile in transfer to the enolate
anion of bound pyruvate, free inorganic phosphate shows orthogonal re-
activity as an oxygen nucleophile in the phosphorolysis step. The pyruvate
phosphate dikinase logic embodies several of the many reactivities of
phosphorus in biology.

14.2.4 Eukaryotic Phosphohistidinyl Protein Residues

Relatively few eukaryotic proteins have been documented to undergo
phosphorylation on histidine residues. Those that do so use the N–PO3

2�

group as a phosphoryl transfer agent rather than accumulating as a stable
group for some structural or regulatory purpose. Three metabolic enzymes
known to proceed via intermediate phosphoryl-histidine enzymes include
succinyl CoA synthetase in the Krebs cycle,28 ATP citrate lyase as the first
committed step in cytoplasmic fatty acid biosynthesis,29 and nucleoside
diphosphokinase.30

The succinyl CoA synthetase, running in the physiological direction,
succinyl CoA to succinate, converts GDP and Pi into GTP, a net GTP syn-
thetase action. The substrate inorganic phosphate acts as nucleophilic anion
(phosphorylase action) on the thioester carbonyl of succinyl CoA to make
bound succinyl-phosphate (the acyl phosphate). This mixed acyl–phosphoric
anhydride is then captured by N3 of the imidazole side chain of the histidine
residue to give N-phospho-His–enzyme. It is this phosphoramidate group
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phosphorus atom that gets attacked by one of the oxygen anions of substrate
GDP to form GTP (Figure 14.14).

This second half reaction of succinyl CoA synthetase (it actually runs
physiologically in the reverse direction) is the basis for the catalytic logic of
nucleoside diphosphokinases (Chapter 3). These enzymes feature promin-
ently in cellular expenditure of ATP to bring the other canonical nucleoside

Figure 14.13 Pyruvate phosphate dikinase has two distinct domains, one for ATP,
one for PEP binding and catalysis with a connecting middle domain
that acts as a swivel. X-ray analyses find the central domain docked
either to the nucleotide-binding (ATP) domain or docked to the PEP
domain or positioned equidistant, giving a mechanical view of how
the phosphoryl groups move from substrate to enzyme to cosubstrate.
(Top)
Reproduced from ref. 27, image courtesy of Osnat Herzberg. Bottom
panel from RSCB PDB structure 5JVN.
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diphosphates (GDP, CDP, UDP) up to the triphosphate level for RNA
polymerase to act. In a given catalytic cycle the active site imidazole side
chain of histidine attacks Pg of ATP, releasing ADP and generating the co-
valent His–N–PO3

2� intermediate. Then ADP is replaced by any of UDP, CDP,
or GDP for –PO3

2� transfer to the bound NDP-b-oxyanion as a nucleophile.
The catalytic logic of ATP citrate lyase is to fragment an ATP molecule

while cleaving six-carbon citrate to get to the four-carbon oxaloacetate and
an activated form of acetate that can be fed into the fatty acid synthase
machinery. That two-carbon fragment is acetyl-S-CoA.

The reaction path involves initial cleavage of ATP with formation of the
His760–N–PO3

2� covalent intermediate. Attack by a citrate carboxylate yields
the acyl phosphate, citryl-phosphate. Thiolysis by CoASH gives citryl-CoA
and retro Claisen fragmentation gives oxaloacetate and the desired
acetyl CoA.

The findings of Hardman et al.2 of more than 500 phosphohistidinyl
peptide fragments from trypsin cleavage of the crude proteins from HELA
cells indicates a vast landscape of as yet unidentified phosphohistidine
proteomics (Figure 13.7). Many such N–PO3

2� species may be transient, but
if even only 10% were stable under cellular conditions, that would beB50 as
yet uncharacterized phosphoproteins. The possibility or probability that
initial His–N–PO3

2� adducts could transfer –PO3
2� groups to other side

chains of residues is also likely. One documented case occurs from nu-
cleoside diphosphokinase to aldolase (as an acyl phosphate on the side
chain of Asp31931) but that may be just the start of understanding phos-
phoprotein dynamic transfers in eukaryotes. There is one characterized
bacterial phosphohistidine protein phosphatase,32,33 compatible with the
idea that as yet unknown protein substrates require hydrolytic cleavage on
otherwise stable (or perhaps stranded) N–PO3

2� bonds.

14.3 Arginine Phosphoramidates in Proteins
In Chapter 10 we noted that the free amino acid N-phosphoarginine is widely
used in invertebrates as a reservoir of high phosphoryl group transfer
potential.34 Arginine kinase catalyzes the reversible reaction of ADP and
N-phosphoarginine in a reversible equilibrium with ATP and L-arginine
(Figure 14.15). This reversibility is the classic function of a phosphagen.
Given this precedent it would not be surprising that organisms have also
evolved ATP dependent phosphoryl transferases that also transfer –PO3

2�

groups to the side chains of arginine residues in proteins. Indeed, phos-
phorylation of a specific arginine side chain in eukaryotic histone 4 has been

Figure 14.14 Two examples of phosphoramidate intermediates (N-phosphoryl-His
residues) in eukaryotic central metabolism: succinic thiokinase in the
citrate cycle and ATP citrate lyase the first enzyme in cytoplasmic fatty
acid biosynthesis.
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known for decades as an existence proof35 but was not of obvious functional
consequence and had garnered almost no follow up or generalization.

The knowledge base changed about a decade ago from investigations of heat
shock responses and arginine phosphoproteomics in two types of Gram-
positive bacteria – bacilli and streptococci.36 It had been known that a re-
pressor protein class three stress repressor (CtsR) controlled the expression of
both protein chaperones and the chambered caseinolytic protease (ClpP) in
the thermophilic bacterium Bacillus stearothermophilus. Expression of the
mcsb gene (encoding a protein arginine kinase) relieved repression, with the
anticipated enhanced expression of both protein chaperones and the ClpP
protease to help with hydrolytic chopping up of proteins having difficulty and
lowered efficiency in reaching their native folded states.36 Both sets of proteins
would aid in dealing with temperature-sensitive proteins that unfold at the

Figure 14.15 Analogy between kinases that phosphorylate free arginine (A) and
those that phosphorylate protein-bound arginine guanidino side
chains (B).
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heat shock temperatures and get marked for proteolytic degradation by being
fed into the ClpP protease chambers.

The encoded enzyme McsB turned out to be an arginine protein kinase,
N-phosphorylating up to three arginines in the DNA binding domain of the
repressor CtsR36 (Figure 14.16A). The phosphoarginine forms of CtsR, with
negative charges replacing the former cationic guanidinium groups, no
longer bound the promoter regions of target genes, relieving repression and
enabling the heat shock response. Subsequent X-ray analysis of both CtsR
and McsB revealed high affinity binding sites for phosphoarginine residue
docking37(Figure 14.16B).

X-ray structural analysis of the McsB arginine binding site revealed two
anionic side chains that position the guanidinium side chain of arginine
residues to set up the chemospecific Arg N-phosphorylations. As sketched in
Figure 14.16A this is distinct from the binding site in canonical serine-
specific protein kinases and explains the specificity. The catalytic domain of

Figure 14.16 Protein arginine kinase McsB.37 (A) An electrostatically optimized
binding site for recognition of guanidine side chains in arginine
residues: (B) Phospho-arginine residues bound in McsB.
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McsB is related to the catalytic architecture of the free arginine phosphagen
kinases.

Most intriguingly, it turned out that McsB could phosphorylate many
other bacterial cellular proteins under the heat shock conditions.38,39 Those
N-phosphorylated proteins were selectively fed into the chambers of ClpP for
proteolytic digestion (Figure 14.17). Presumably, these were unfolded or
otherwise damaged proteins that were being marked for proteolytic removal.
These observations have been generalized to a proposed role for arginine
residue N-phosphorylations as signals for accelerated protein degradation in
bacilli and in staphylococci, that parallel the eukaryotic ubiquitin-tagging
system for accelerated degradations (Section 14.5). Consistent with an
editing role for damaged proteins, there is a phosphoarginine protein
phosphatase YwiE (Figure 14.18) that can specifically remove the N–PO3

2�

groups from phosphorylated proteins before they are proteolyzed. This could
be a quality check function, akin to the role of deubiquitinases in eukaryotic
protein quality control processing. There is an analogy between the canon-
ical Ser, Thr, and Tyr kinase-phosphatase cycles and the corresponding P-Arg
kinase–phosphatase balance. The disposal of trash proteins by intracellular
bacterial proteases has been dubbed the ‘‘phospho kiss of death’’.40

Figure 14.17 Phosphorylation of Arg residues by bacterial arginine protein kinases
as signals for accelerated destruction by the chambered protease
ClpP.37

Reproduced from ref. 39 with permission from Springer Nature,
Copyright 2016.

416 Chapter 14



Figure 14.18 Balance between the protein arginine kinases and protein P-Arg phoshatases.41
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This logic would be akin to the covalent posttranslational marking of
eukaryotic proteins by polyubiquitin chains for delivery to the chambered
proteasomes for accelerated degradation. There are also eukaryotic examples
of degrons – short stretches of proteins that become targets for the
ubiquitinylation machinery that become tagged by serine or threonine
phosphorylation.42,43

Future investigations will test the generality of the proposal that post-
translational N–PO3

2� marks on arginine residues in proteins are bacterial
signals for protein transport and breakdown by the ClpP class of proteases.
If validated, another broad chapter in phosphoproteomics will have
opened up.

Turning back to the recent findings of B500 N-phosphoarginyl peptides
derived from HELA cell proteins2 (Figure 13.7), it is clear that extensive ar-
ginyl phosphoproteomics represent a significant fraction of the yet to be
uncovered eukaryotic phosphoproteomics 2.0 universe.

An independent approach using an immobilized phosphoarginine-
specific antibody has recently led to initial identification of 830 P-Arg sites
in 500 Jurkat cell proteins: further analysis confirmed 152 P-Arg sites in 118
identifiable proteins from a human Jurkat cell line.44 Of that 118, 37% were
nucleic acid binding proteins and another 16% were transcription factors,
indicating an enrichment of protein arginine phosphorylation in nucleic
acid-based information transfer processes. One specific functional example
was the observation that phosphorylation of the prohormone proglucagon at
Arg91 blocked the subsequent proteolytic processing by the RR-selective
proteases (that remove the pro sequence) in the secretory pathway. Thus,
Arg91 N-phosphorylation thereby blocked formation of the active glucagon
peptide hormone forms.

14.4 N-phospho-lysine Protein Residues
The nature and function of N-phosphorylated lysine chains in eukaryotic
phosphoproteomics remains largely dark matter at this juncture. There are
no specific examples to highlight. This is the case despite the heavy in-
volvement of lysine side chains in N-methylations, N-acetylations and even
longer chain N-acylations in eukaryotic biology. The many sets of acetyla-
tions and mono- to tri-N-methylations of lysine residues in histone tails of
nucleosomes are the most celebrated of those posttranslational protein
modifications.

Two points to note. The results of recent mass spectrometry analyses of
Hardman et al.2 indicate that there are up to 800 mammalian N-phsopho-Lys
peptides from HELA cell proteins (Figure 13.7). Even if only a fraction of
those initial detections are borne out for identification of specific mam-
malian proteins, the lysine-phosphoramidate proteome may prove to be
extensive. Finally, as a brief harbinger of posttranslational protein nucleo-
tidylation in Chapter 16, contemporary terminology for adenylylation is
protein AMPylation, we have noted in Chapter 5 that DNA ligases use
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covalent N-Lysyl-AMP active site adducts in every catalytic cycle of DNA nick,
gap or blunt end repair. Where there are N–AMP adducts to lysine, one
expects N–PO3

2� adducts to follow.

14.5 S-phosphocysteinyl Proteomes
The thiol side chain of cysteinyl residues in proteins is the most reactive of
all twenty amino acid building blocks, both in two-electron and one-electron
reactions. Figures 14.19–14.21 show eight types of covalent adducts between
cysteinyl side chain thiolate anions in proteins.45 They do not form all
at once or in those specific sequences but are notional indications of
the types of chemistry in which the nucleophilic thiolate anion of various
protein substrates has engaged. Acylation and alkylation posttranslational
modifications are exemplified by S-palmityl thioesters and S-geranylgeranyl
thioether linkages, respectively. Oxidative conversion of thiols to the
monoxygenated sulfenate, S-nitrosyl cysteine and formylglycine residues
represent three distinct oxidative posttranslational modifications. The for-
mation of disulfides dwarves all the others for proteins passing through the
secretory pathways of cells. The persulfide forms of cysteine are likewise
formal oxidations and ultimately the sources of inorganic sulfide in both
2Fe–2S and 4Fe–4S redox clusters in hundreds of proteins.

Figure 14.19 Eight different types of posttranslational modifications on cysteinyl
residue side chains. One of these eight chemotypes is phosphorylation
of cysteinyl thiolates acting as nucleophiles.
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Figure 14.20 Autoxidation of a peroxiredoxin of Cys to a Cys-sulfinate residue, S-autophosphorylation by sulfirdeoxin and repair of
sulfinic acid back to sulfenate via sulfinyl-phosphate mixed anhydride.
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The eighth covalent modification depicted is S-phosphorylation of cy-
steinyl side chains in proteins. The S–PO3

2� linkage is a phosphorothioate
bond. We have discussed some of the low molecular weight phosphor-
othioate metabolite chemical biology in Chapter 12. We also noted the re-
markable findings of S-phosphorothioate diester replacement of some of the
internucleotide phosphodiester bonds of DNA in bacteria as restriction–
modification machinery to detect foreign DNA in the cytoplasm.

Given the broad swath of nucleophilic chemistry of cysteine side chains in
other aspects of cysteinyl proteomes, the phosphocysteinyl proteome is
surprisingly modest and limited. We note two bacterial examples and then
two higher eukaryotic phosphoproteomic examples to highlight the under-
lying logic for forming and utilizing S-phosphocysteine residues. As with the
other members of the noncanonical phosphoproteomes described in this
chapter, the few examples known for covalent phosphorothioate-protein
adducts are for the most part transient rather than stable derivatives that
accumulate with long lifetimes.

14.5.1 Bacterial S-phosphoryl Enzymes

The first bacterial evidence of posttranslational modification of protein cy-
steinyl sidechains came from investigation of virulence mechanisms in
staphylococci that involve a network of general transcription factors
staphylococcal accessory regulator A (SarA) and multiple gene regulator A
(MgrA).46 It had been known that specific cysteinyl residues were required
for these two proteins to bind to target DNA promoter regions and turn on
genes such as that for hemolysins.

Sun et al.46 investigated the function of a conserved pair of homologs to
eukaryotic serine–threonine kinases (bacterial Stk1) and its presumed

Figure 14.21 Three routes to S-phosphoryl cysteinyl proteins.
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companion phosphoprotein phosphatase serine–threonine phosphatase
(Stp1). As sketched in Figure 14.22 despite the Ser–Thr homology, it turned
out that Stk1 was an S-phosphocysteine kinase for both SarA and MgrA,
attenuating their binding to target DNA and lowering expression levels of the
hemolysin virulence factor. The S-phosphoryl group could then be removed
hydrolytically by Stp1, acting as a specific phosphorothioate hydrolase. Two
conclusions emerge. One is that homology to canonical Ser–Thr protein
kinases is not a foolproof predictive algorithm and may miss other protein
phosphorothioate kinases. The other is that the S–PO3

2� Cys linkage on the
staphylococcal transcription factors was sufficiently long-lived to (need to)
be removed functionally by the Stp1 phosphatase.

Figure 14.22 Paired protein cysteinyl S-kinase (Stk1) and thiophosphoryl protein
phosphatase (Stp1) control activity of SarA and MgrA bacterial tran-
scription factors.
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The second bacterial venue for S-phosphocysteinyl proteins harks back to
the hexose phosphate transferase system for bacterial uptake and trapping
of up to twenty distinct hexose metabolites by coupled phosphorylation.23

We noted above that there is a cascade of phosphoryl transfers from PEP, not
ATP, to histidine residues on three proteins: enzyme I, HPr, and the soluble
component enzyme IIA. Enzyme IIC is typically the transmembrane carrier
of a hexose subfamily and enzyme IIB a peripheral enzyme that interacts
with the hexoses to be phosphorylated and the P-His form of enzyme IIA
(Figure 14.9). For the sugar mannose the enzyme IIB indeed becomes co-
valently phosphorylated on a histidine imidazole ring, as the fourth of four
tandem phosphoryl transfers between histidines on distinct proteins, prior
to the final PO3

2� transfer to C6–OH of mannose.
However, this is the exception. For the IIB proteins that bind to and

phosphorylate mannitol, sorbitol, glucose, fructose, and lactose, the active
site nucleophile in the IIB enzyme is a cysteine thiolate not an imidazole ring
of histidine.47 As depicted in Figure 14.23 for the bifunctional enzyme IIB
specific for glucose, the pathway for the last two phosphoryl transfer steps
are phosphoramidate in enzyme IIA, phosphorothioate in enzyme IIB, and fi-
nally to the phosphate oxoester grouping in glucose-6-phosphate. The cascade
started three phosphoryl transfers back, with PEP as the PO3

2� donor, so this
tandem phosphoryl transfer PTS protein machinery illustrates four of the
common phosphoryl groups in metabolism: enol phosphate, phosphor-
amidate, phosphorothioate, and phosphate monoester. The first three are
thermodynamically activated for phosphoryl group transfer, the fourth is
generally not. The –PO3

2� group stops there.

14.5.2 Eukaryotic S-phosphoenzymes

In eukaryotic phosphoproteomics we note two cases of phosphorothioate
enzyme intermediates. Both involve transient S-phosphoryl cysteinyl–
enzyme intermediates in quite different metabolic contexts. The first set
are found in B90% of phosphotyrosine protein phosphatases,48,49 the sec-
ond in the resuscitation of cellular peroxide detoxification by peroxiredoxins.

14.5.2.1 S-Phosphocysteinyl–Enzyme Intermediates in PTPase
Action

We defer full discussion of architecture, context and function of protein
tyrosine kinases to Chapter 15, except to note that the various subclasses of
tyrosine protein kinases all autophosphorylate themselves in certain
tyrosine-rich domains, once activated. Many of these kinases, especially the
cytoplasmic ones, also phosphorylate tyrosines in other proteins, numbering
in the hundreds in mammalian cell proteomes. The phosphotyrosyl bonds
in proteins, in the chemical category of phosphomonoesters of phenols, are
indefinitely stable chemically, both on the target proteins and on the kinase
regions themselves.
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To counteract the P–Tyr group chemical stability and provide reversibility to
the signaling mechanisms entrained by those P–Tyr groups, cells have evolved
P–Tyr specific phosphoprotein phosphatases. We noted mechanisms of phos-
phatases acting on low molecular weight phosphomonester metabolites in
Chapter 6, noting that more than 100 metabolites are enzymatically depho-
sphorylated during metabolic pathway functioning. Some are quite nonspecific,
e.g. alkaline phosphatase, while others show restricted hydrolytic activity.

The great majority of phosphoprotein tyrosine phosphatases (PTPases)
operate via transfer of the itinerant –PO3

2� group from a protein tyrosine
side chain first to an enzyme nucleophile to form a covalent phosphoryl
enzyme intermediate while the dephosphorylated protein is released
(Figure 14.24). In PTPases examined for mechanism and structure the en-
zyme nucleophile is an active site cysteine thiolate.

The first half reaction then is transfer of the –PO3
2� group from the

phenolic oxygen of the protein tyrosine substrate to form a phosphor-
othioate enzyme. In the second step the phosphoenzyme activates a water
molecule to act as nucleophile to release inorganic phosphate and the
starting form of the PTPase, ready for the next catalytic cycle. The pre-
sumption is that the –Cys–S–PO3

2� covalent enzyme intermediate is uphill
energetically from the starting P-Tyr protein substrate while the hydrolytic
second half reaction is downhill.

This is a classic case, along with some of the phosphohistidinyl enzymes
noted earlier in this chapter, of transient phosphoprotoeomics due to the
thermodynamic activation of the chemical form of the enzyme–X–PO3

2�.
There are some 95 predicted human PTPases with active site cysteines as
catalytic nucleophiles in mammalian proteomes. The large number of
PTPases indicate distinctions in subcellular locations, recognition of P-Tyr
sequence contexts (e.g. runs of P-Tyr residues or mixed P–Ser and P-Tyr se-
quences), and selective abrogation of some cellular signals and not others.
A small number of PTPases have tumor suppressor activities,50 detected by
mutations to reduce or abolish the PTPase activity, allowing inappropriate
buildup of the set of P-Tyr proteins that would normally serve as dynamic
dephosphorylation substrates.

The chemical surprise may not be the use of covalent cysteine thiolate side
chain catalysis in the PTPase superfamily. After all, one finds superfamilies
of proteases with cysteines as catalytic nucleophiles, and also thymidylate
synthase and DNA methylases where cysteine–substrate alkylation adducts

Figure 14.23 Revisiting the phosphoryl transfer cascade in bacterial hexose phos-
photransferase intracellular capture of sugars. The canonical five –
PO3

2� transfers of Figure 14.8 are true for mannitol but not for more
common hexoses such as glucose. As shown, the first transfer from
PEP is to a histidine residue in enzyme 1. Then two more phosphoryl
transfers involve histidine residues. The final enzyme adduct on
enzyme EIIB is a thiophosphoryl cysteinyl adduct rather than the
N-phosphoryl-His adduct. In turn the final phosphoryl transfer step is
from the thiophosphoryl-EIIB ‘‘downhill’’ to the C6–OH of glucose.
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are a central part of the catalytic logic.45 The surprise may be that phos-
phoprotein phosphatases for P-Ser and P-Thr residue hydrolyses do not
follow the covalent phosphoenzyme logic.

14.5.2.2 S-phosphocysteinyl Involvement in Sulfiredoxin and
Peroxiredoxin Resuscitation

The second mammalian example of S-phosphocysteinyl–enzyme adducts as
key reaction intermediates occurs during the action of the protein

Figure 14.24 The major class of protein tyrosine phosphatases carry out two-step
mechanisms for transfer of the –PO3

2� to water in hydrolyses re-
actions. The first step is formation of a phosphorothioate covalent
enzyme adduct from nucleophilic attack of the enzymes’ active site
cysteine thiolate anion on the phosphotyrosine protein substrates.
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sulfiredoxin to resuscitate over-oxidized molecules of the protein forms of
peroxiredoxins. The peroxiredoxins, as the name indicates, play surveillance
and defense roles in lowering the ambient concentration of both HOOH
(hydrogen peroxide) and other ROOH, alkyl peroxides, to protect against
oxidative damage51 (Figure 14.25).

A typical peroxiredoxin catalytic cycle would involve attack of an active site
cysteine thiolate on the weak O–O bond of HOOH, generating a molecule of
water (two electron-reduced, safe) and the two electron oxidized sulfenic acid
(–S–OH) form of the enzyme active site cysteine. Peroxiredoxins have a sec-
ond active site cysteine thiol, disposed architecturally to attack the now
electrophilic sulfur in the S–OH group. This releases the second molecule of
water (Figures 14.26–14.28) and yields the peroxiredoxin disulfide. That in
turn is reduced by an exogenous encounter with the dithiol form of thior-
edoxin (generated from NADPH by the FAD enzyme thioredoxin reductase).
This can be a high flux detoxification route for peroxide removal within cells.

Figure 14.25 Reductive detoxification of hydrogen peroxide (to two water mol-
ecules) is catalyzed by peroxidredoxins by way of sulfenate intermedi-
ates. These are captured by a second thiolate in the peroxiredoxin,
giving a disulfide form of the protein as product. The disulfide needs
to be reduced back to the dithiol form of peroxiredoxins, typically by
NADPH, thioredoxin, and the thioredoxin reductase system.
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So far all is well, but in occasional catalytic cycles the sulfenate product
form of a peroxiredoxin enzyme can be further oxidized by two electrons up
to the dioxo sulfur form, termed a sulfinic acid. That is an inactivated form of
peroxiredoxin (Figure 14.26). Sulfinic acid forms of cysteinyl side chains in
proteins had been thought to be irreversible, inactive dead ends, but that
was before the discovery of sulfiredoxin two decades ago. Sulfiredoxin can
act to initiate reduction of the sulfinic group back to a sulfenate by some
dramatically unusual enzyme chemistry.52

Figure 14.27 shows an overoxidized sulfinic acid form of a peroxiredoxin
(in red). In its neighborhood a sulfiredoxin protein molecule (in blue) will
use ATP to autophosphorylate itself on an active site cysteine: the only
known mammalian case of autokinase phosphorothiate formation. The S–PO3

2�

adduct of sulfiredoxin can now be transferred to one of the sulfinate oxygens of
the peroxiredoxin, acting as a nucleophile52 (Figures 14.26–14.28). Sulfiredoxin
has done its job, primed the repair via phosphorothioate chemistry –S-PO3

2�

formation and subsequent PO3
2� transfer to the peroxiredoxin partner – and

sulfiredoxin exits. The resultant peroxiredoxin adduct is an unusual variant
of a mixed sulfinic–phosphoric anhydride, activated for transfer of ether the
phosphoryl or sulfinyl moiety.

In the event, it is internal capture of the electrophilic sulfinyl sulfur by a
second thiolate of the peroxiredoxin active site (Figure 14.27). The transition
state decomposes in the forward direction to release inorganic phosphate,

Figure 14.26 In some cycles of detoxification of peroxides by peroxiredoxins, the
active site sulfenate (one oxygen) intermediate can be over-oxidized to
the sulfinate (two oxygens) and become inactivated.
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bearing one of the two oxygens initially present in the sulfinic acid group. The
second oxygen from the starting sulfinate is still present on the peroxiredoxin,
now as a disulfide monoxide. Attack by a third cysteine side chain serves to
fragment the S–SQO bond and give a disulfide and a sulfenate. Reduction of the
disulfide by an external thioredoxin gets to the sulfenate form of peroxiredoxin.
Its return to a thiol form also goes via the normal route of disulfide formation
and reduction. Four-electron input, in the form of two pairs of thioredoxin di-
thiols, has returned a peroxiredoxin sulfinate to the starting thiol form.

Notable intermediates in this resuscitation logic include a thiophosphoryl
enzyme in sulfiredoxin, a sulfinyl-phosphoric anhydride adduct on peroxir-
edoxin, and a disulfide monoxide in the later stages of peroxiredoxin repair
(Figure 14.29). The sulfiredoxin–peroxiredoxin intersection shows the intimate
interface between protein thiolate oxidation and thiolate phosphorylations.

14.6 Acyl Phosphates in Phosphoproteomes
The acyl phosphates, mixed acyl phosphoric anhydrides, have been dis-
cussed in Chapters 6 and 9 in the context of activated phosphoryl transfer
structures, capable of both acyl transfer and phosphoryl transfer to nu-
cleophiles. In primary metabolic pathways both free aspartate and free
glutamate are converted to acyl phosphates as metabolic intermediates in
biosynthetic pathways to homoserine and glutamine, respectively as noted
previously in Chapter 6. The b-aspartyl phosphate is captured in a relatively
unusual reaction with a hydrogen species as nucleophile: a hydride ion from
NADH. The g-glutamyl phosphate is captured in the active site of glutamine
synthetase by a cosubstrate ammonia molecule (Figure 14.30A).

The thermodynamic activation of both aspartyl and glutamyl phosphates
makes them a priori unlikely stable phosphoprotein modifications. The free
amino group in glutamyl phosphate, if deprotonated, provides a high local
concentration of intramolecular nitrogen atoms to create the more stable
five-member lactam, 5-oxoproline (Figure 14.30B). In proteins the amino
groups of Asp and Glu residues are tied up in peptide bonds so that intra-
molecular decomposition route is abrogated. Thus, one might expect
protein-based aspartyl and glutamyl phosphate side chains to have finite
lifetimes if water can be excluded from hydrolytic reaction modes.

14.6.1 Phosphoaspartyl Response Regulators in Bacteria

Aspartyl phosphate-containing proteins as the response regulator–receiver
domains of the two-component sensor kinase–response regulator systems in
bacteria are the most prevalent sensing machinery in bacteria (noted in the
context of the first step – the histidine autokinases – in Chapter 13). E. coli
strains have over 50 such histidine sensor kinase–aspartate response regu-
lators.4 Myxococcal strains can have more than 150 two-component systems.
They have relatively large genomes for bacteria.
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An average myxococcal genome size of 12 million base pairs is about 1/250
of the size of the human genome. If the number of sensor kinase–response
regulator pairs scaled with genome size that would correspond to 3750 two-
component systems in a three billion base pair genome, the size of the
human genome. The human serine, threonine and tyrosine kinomes actually
contains aboutB550 members. This back of the envelope comparison shows
that bacteria use more of their genome space for histidine kinases and for
phosphoaspartyl regulator proteins than humans do for canonical protein
kinases.

Figure 14.27 Resuscitation can be achieved by the enzyme sulfiredoxin that under-
goes ATP-mediated thiophosphorylation on its active site cysteine
thiolate anion. The sulfinate form of peroxiredoxin attacks the
thiophosphoryl group, with –PO3

2� transfer to create the mixed
sulfinic–phosphoric anhydride of the inactive peroxiredoxin. As
shown, this can rearrange to a disulfide monoxide with release of Pi
and ultimately lead to the sulfenate form of peroxiredoxin.

Figure 14.28 ATP bound to active site of sulfiredoxin, from pdb 3CYI.

Figure 14.29 Three unusual phosphorus-containing adducts in the sulfiredoxin–
peroxiredoxin system.

Noncanonical Phosphoproteomes 431



Figure 14.30 Two proteinogenic amino acids form acyl phosphates in kinase reactions in central amino acid biosynthetic metabolism.
(A) aspartate to homoserine; (B) glutamate to glutamine.
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A compilation of 44000 aspartate-containing response regulator proteins
from some 200 bacterial species allows for some generalizations to be made
in logic and protein architecture.53 Most of the variants in a given bacterial
cell probably arose by gene duplication and evolution of new specificities.
The core response regulator domain that undergoes aspartyl phosphoryl-
ation from a cognate sensor phosphohistidine residue could be joined to
other kinds of domains. Most common are the DNA binding domains of
bacterial helix–turn–helix transcription factors.

A typical consequence of phosphorylation of the conserved aspartyl-b
carboxylate side chain in a receiver domain is dimerization, engendering the
consequent dimerization of the attached, typically downstream, DNA bind-
ing domain4 (Figure 14.6). These latter domains tend to function as dimers
since each subunit recognizes an oligonucleotide sequence on one strand of
DNA. The dimer, driven by Asp-phosphorylation in the adjacent receiver
domain, can now read both strands of a target DNA promoter region, usually
turning on gene expression. This logic may play out in 50–150 parallel,
converging, intersecting two-component systems to offer an integrated re-
sponse to factors in the local environment of a bacterial cell.

The other, less commonly observed but canonical architecture of receiver
domains is fusion to some enzymatic activity that is regulated, either up or
down in a specific context, by aspartate phosphorylation. One such adjacent
catalytic domain is found in the carboxymethylesterase domain of the
chemotaxis protein CheB. Methylation of one or more glutamate side chain
carboxylates alters the electrostatic and solubility properties of companion
chemotactic protein components.

Of more direct relevance to phosphorus chemical biology in bacteria,
the receiver domain is also sometimes found attached to both di-cyclic
GMP synthases and to the corresponding cyclic di-cGMP phosphodies-
terases, two opposing sets of enzymes that control the amount and duration
of di-cyclic-30,50-GMP discussed back in Chapter 5.54 Aspartate phosphoryl-
ation by the upstream sensor histidine kinase tends to activate the synthase
domain to produce more of the signal molecule di-cGMP and also to inhibit
the phosphodiesterase.

The off-switch logic in phosphoproteomics, to undo the effects of phos-
phorylation of a set of protein targets, varies with the chemical nature of the
phosphorylated amino acid side chain. We will turn to the well-known triad
of P-Ser, P-Thr, and P-Tyr side chains in the next chapter. Their chemical
stability as alcoholic phosphate monoesters required the invention and
evolution of phosphoprotein phosphatases to remove the –PO3

2� groups in a
meaningfully fast cellular time frame.

In this chapter we have noted that that N–PO3
2� groups tend to be ther-

modynamically activated and kinetically labile, functioning largely as tran-
sient, rather than stable phosphoproteins. For the most part the P-His
residues breakdown as transient intermediates in enzymatic catalytic cycles.
There are isolated examples of phosphohistidine protein phosphatases,
noted earlier in this chapter Separately, the P-Arg residues in bacterial
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phosphoproteins appear to be used as stable markers of proteins for
chambered protease hydrolytic degradation. There is the need for and the
experimental validation that an editing phosphatase is expressed to occa-
sionally remove the PO3

2� from a phosphoarginine protein to rescue it from
an accelerated cellular death. There are few S–PO3

2� Cys proteins, relegated
largely to the phosphotyrosyl protein phosphatases category.

The half-lives of aspartyl phosphates in the thousands of known bacterial
two-component systems vary from a few minutes (B5 minutes) to hours.4

Some of the sensor histidine kinases accelerate the hydrolysis of their cog-
nate aspartyl phosphate response regulator pairs. There are no other dedi-
cated categories of protein phosphatases for those acyl phosphate forms of
bacterial response regulators.

14.6.2 Aspartyl Phosphate Intermediates in P-type ATPase
Catalytic Cycles

In Chapter 3 on ATPases, we noted that the thermodynamically favored hy-
drolysis of ATP was typically coupled to a set of conformational changes in the
catalytic subunit of an ATPase, transmitted to any partner or regulatory sub-
units and from there used to drive changes in more distant protein partners to
achieve disparate forms of cellular work. As discussed in Chapter 3, such
membrane-embedded ATPases are often categorized into three separate
structural and functional classes. The multi-subunit F-Type ATPases in pro-
karyotic plasma membranes and in eukaryotic chloroplast and mitochondrial
membranes function in the opposite direction to ATP synthases and operate
as the major sources of ATP biosynthesis. The V (vacuolar) type ATPases are
usually proton pumps, moving H1 ions against their concentration gradients
to acidify the vacuole or compartment lumens. The third class are the
transmembrane P-type ATPases that couple ATP hydrolysis to pumping spe-
cific cations across either plasma membranes or internal membranes, typi-
cally endoplasmic reticular compartments55 (Figure 14.31).

The P in P-type ATPases reflects the designation that they all form covalent
phosphoenzyme intermediates, specifically aspartyl phosphate residues, as
drivers of conformational changes that allow pumping by specific ATPase
members of H1, Na1, K1, Ca21, Zn21, Mg21, Ca21, and Cu11 against their
concentration gradients.58 P-type ATPases have probably evolved multiple
times to carry out the essential pumping of ions in and out of cells and cell
compartments to establish and maintain the electrochemical gradients that
govern so much of cell biology.

There are some 30 P-type ATPase variants in animal cells with alternative
splicing in specific tissues to provide distinct functional capacities, both for
ion specificities and for different flux capacities.59,60 P-Type ATPases labor
unceasingly to pump their specific cations uphill against thermodynamic
concentration gradients, as illustrated by the Na pump, extruding three Na1

cations for each ATP hydrolyzed and allowing two external K1 ions to run
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down their concentration into cell cytoplasm. The Na pump is thus elec-
trogenic. Estimates are that P-type ATPases in aggregate may account for
between 30 and 40% of all ATP consumed in higher organisms. In humans
we have noted earlier that the daily total of ATP synthesis can reach 75 kg.
The ATPase ion pumps would then be spending 20–30 kg of ATP per day!

Typically, P-type ATPases have a single catalytic subunit with three cyto-
plasmic domains and a transmembrane domain with 10 or more trans-
membrane helices. Figure 14.32 shows a schematic of the Na/K-ATPase
catalytic subunit, often termed the sodium pump. Two additional non-
catalytic subunits comprise the functional pump.

Figures 14.33–14.35 compare the overall architecture and membrane
placement of the Na/K ATPase catalytic subunits as an ion pump vs. the
simpler K1 ion channel, Ksca from bacteria. The Ksc bacterial K1 channel is
shown in part as a reminder of the definitional distinction between ion
channels and ion pumps. Ion channels allow specific ions to flow down their
electrochemical gradients. These do not require energy inputs. The flux can
exceed 107 ions per second per channel protein. In contrast the P type
ATPase pumps have fixed stoichiometries of only 1–3 cations transported per
ATP hydrolyzed and have turnover rates in the range of 5–10 catalytic events
per second. This is a dramatic difference of about a million-fold in
throughput rates of channels over energy-dependent pumps. Structurally,
channels may have one gate that closes and opens. It can be as small as a
single residue movement to open or close a channel or be as large as
movement of a four-helix bundle gate. Ion pumps on the other hand are
thought to have two gates that open and close reciprocally (Figure 14.34) to
control unwanted flux in the thermodynamically favored direction that
would undo all the uphill movement of ions.

Figure 14.31 Schematic orientation of three types of transmembrane ATPases. Note
the ATP binding and active sites are all in the cytoplasmic domains.56

Noncanonical Phosphoproteomes 435



The ion pumps of the P-type ATPase by contrast work to pump specific
ions uphill against their concentration gradients. Three examples are
the H1/K1 ATPases in the plasma membrane of gastric parietal cells that
pump protons into the acidifying gastric lumen, the Na1/K1 pump noted
above (Figure 14.36), and the sarcoplasmic endoplasmic reticulum calcium
ATPase (SERCA) pump for calcium ions in skeletal and cardiac muscle
cells.60 After muscle contraction has released Ca21 ions from sarcoplasmic
reticulum stores into the cytoplasm, the SERCA pump spends ATP to pump
the Ca21 ions back into the sarcoplasmic (endoplasmic) reticular lumen
against the concentration gradient to lower cytoplasmic Ca21 below 10�7 M
and thus shut down the several enzymes that show calcium-dependent ac-
tivities. The stoichiometry is two Ca21 ions pumped for each ATP hydrolyzed;
in turn two or three H1 flow in the opposite direction, from the sarcoplasmic
reticular lumen into the cytoplasm in the second half reaction of the
SERCA pump.

The first P-type ATPase characterized was reported in 195765 and 70 plus
years of study of this class of energy-requiring ion pumps have led to a

Figure 14.32 The Na/K P-type ATPase has a catalytic a-subunit and two small,
noncatalytic b- and g-subunits with single membrane spanning do-
mains. The aspartate residue that forms the transient catalytic
aspartyl-phosphate intermediates is in the cytoplasmic loop of the
a-subunit between transmembrane helices 4 and 5.57

Adapted from ref. 57, https://doi.org/10.3390/molecules22040578,
under the terms of a CC BY 4.0 license, https://creativecommons.org/
licenses/by/4.0/.
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mountain of literature and deep molecular insights into the structures of
these protein machines.60 As in many other aspects of molecular and cell
biology where phosphorus-containing molecular scaffolds enable complex
biology – from ATP synthases, to nucleic acid replication and repair, RNA
splicing, and the two-component sensing and response regulating systems
of bacteria – there are many thousands of primary articles and dozens to
hundreds of reviews that allow deep dives into the details of the biology.
Such is the case with the ATP-dependent ion pumps. We endeavor to illus-
trate only the principles of phosphorus chemical biology in the specific
context. Here, the key question is how ATP hydrolysis 50 angstroms away
from the ion binding sites leads to anisotropic and thermodynamically up-
hill pumping of ions from one side of a cellular membrane to the other.

The three cytoplasmic subdomains of the Ca21 and the Na1 ATPase
pumps have been examined intensely for mechanistic and structural fea-
tures. The ATP binding site coordinates two Mg21 ions that help align the
Pg of bond ATP in proximity to the aspartyl side chain in the next domain
and to shield the charges of the triphosphate side chain that accelerates
–PO3

2� transfer to generate the covalent aspartyl-P enzyme intermediate
(Figures 14.34 and 14.36).

Figure 14.33 Comparison of a bacterial ion channel for potassium (Ksca) with the
eukaryotic Na/K ATPase; there is distinctly greater complexity in the
ion pump compared with the ion channel.61

Reproduced from ref. 61 with permission from Springer Nature,
Copyright 2009.
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The phosphoryl group transfer from ATP to the enzyme aspartate side
chain in SERCA occurs after two Ca21 ions have been bound to the cyto-
plasmic side of the ten transmembrane helical domain some 50 angstroms
away. The introduction of the tetrahedral dianionic phosphate group on the
aspartate side chain propagates conformational change all the way to the
transmembrane domain. Half of the helixes separate enough from the other
set to allow passage of the two calcium ions through an aqueous micro-
environment. In that conformation the Ca21 ions are less tightly bound,
perhaps due to distortion of their ligand sets on the protein. They dissociate
and are replaced in SERCA by two to three protons. That occupancy helps
drive dephosphorylation and return of the catalytic subunit back to the

Figure 14.34 Snapshots of four states of the Ca11-pumping ATPase of sarcoplas-
mic/endoplasmic reticulum (SERCA) in the E1, and E2 (inward and
outward facing conformations).62

Reproduced from ref. 62, https://doi.org/10.3389/fphys.2017.00202,
under the terms of a CC BY 4.0 license, https://creativecommons.org/
licenses/by/4.0/.
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original state, with the protons coming through from sarcoplasmic reticu-
lum to cytoplasm.

In a sense one can generalize that the 20–30 kg of ATP consumed hy-
drolytically by the P-type ATPases every day are classic examples of coupling
of the energy released across large protein conformational changes to carry
out otherwise unfavorable tasks. Those unfavorable equilibria are the
pumping of protons, sodium ions, calcium ions, and other ions against their
concentration gradients to establish and maintain the transmembrane
electrochemical potential differences across plasma and intracellular
membranes of cells.

The evolution of aspartyl–PO3
2� as the covalent adduct distinguishing two

conformational extremes of these coupling ATPases maintains the high
phosphoryl group transfer potential and offers a rapidly hydrolysable acyl
phosphate, functional reversal, without intervention of separate phospho-
protein phosphatases. This allow the ion pumps to run at the 5–10 s�1

turnover rates because of that kinetic lability. The role of the covalent as-
partyl phosphate as driver of conformational change across substantial
protein landscapes in the P-type ATPases66 is notionally analogous to the
role that the aspartyl phosphate side chains play in driving conformational
changes in adjacent DNA binding domains in bacterial response regulators.

Figure 14.35 Proposed architecture of the 2Ca-E1 state of SERCA in the ER mem-
brane of muscle cells where calcium ions are pumped back out of the
cytoplasm into the ER lumen.63

Reproduced from ref. 63 with permission from Elsevier, Copyright
2017.
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14.6.3 Phosphoserine Phosphatase

One final metabolic example of an aspartyl phosphate covalent intermediate
occurs in each catalytic cycle of the last enzyme in the serine biosynthetic path-
way. The three-carbon framework of serine derives ultimately from glucose-6-
phosphate via glycolysis. Some of the glycolytic intermediate 3-phosphoglycerate
(Figures 14.37 and 14.38) is siphoned off for the serine biosynthetic pathway.
Enzymatic oxidation of the 2-OH to the 2-ketone in an NAD-dependent enzymatic
process yields 3-phosphopyruvate. Transaminase action reductively aminates
the ketone to the amino group of 3-phospho-L-serine.

The final enzyme, phosphoserine phosphatase, engages in covalent cata-
lysis. The kinetically and chemically competent enzyme nucleophile is the
side chain of an active site aspartate, creating the aspartyl phosphate
intermediate as serine is released.67 The phosphoenzyme is then hydrolyzed
in the second half reaction to regenerate the starting form of the enzyme and
yield coproduct inorganic phosphate. In preceding chapters we have noted
covalent phosphoenzyme intermediates involving a serine side chain
(phosphoglucomutase) and a histidine side chain (glucose-6-phosphatase).
The S-phospho cysteinyl intermediate in PTPases is the third class. The
phosphoserine phosphatase adds a fourth enzyme nucleophile to the list
(Figure 14.38).

From the perspective of this chapter, the rapid turnover of the phos-
phoenzyme intermediate in phosphoglucomutase (Chapter 7) of the stable
phosphate monoester covalent adducted form is the surprise We will come
back to transient serine residue phosphorylation in a discussion of lanthi-
peptide synthetases in the next chapter.

14.6.4 The Search for Protein Glutamyl Phosphates

Given the primacy of acyl phosphate derivatives of aspartate side chains in
the widespread two component systems of bacteria and the P-type ATPases
noted above, one might expect similar roles for glutamyl side chain carb-
oxylates in phosphoproteins. There are examples from maturation of the
coenzyme forms of vitamin B9, tetrahydrofolic acid, and also from post-
translational side chain glutamylations of proteins that implicate peptidyl-
and protein-based glutamyl-g-phosphates as reaction intermediates.

Figure 14.36 Schematic cycle for the two state model for Na/K ATPase open to
cytoplasm (E1 form) or open to external medium(E2 form) with pro-
posed timing of binding of three Na1, enzyme phosphorylation on the
aspartyl side chain, pumping the sodium ions out of the cell, binding
of two K1 on the outside, dephosphorylation, and release of potas-
sium ions before the next cycle.64

Noncanonical Phosphoproteomes 441



Figure 14.37 Phosphoserine is on pathway from glycolysis to serine biosynthesis with phosphatase action as the last enzymatic step.
Phosphoserine phosphatase engages in covalent catalysis via an acyl-phosphate intermediate.
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14.6.4.1 Folyl Polyglutamate Synthetase

Folic acid is the human vitamin B9.68 It is taken up from plant dietary sources
as the fully oxidized bicyclic pterin heterocycle with a single glutamate side
chain (Figure 14.39). Two metabolic transformations are required to convert
the vitamin to active coenzyme forms. One is double two-electron reduction of
the right-hand pyrazine ring to the tetrahydro form (H4-folyl monoglutamate)
for N5 to become basic to function as a nucleophile in one-carbon metabolic
transfers to and from that nitrogen atom.

The second required transformation is the addition of from one to six
glutamate residues to the monoglutamate tail69 (Figure 14.39). The suite of
human enzymes using folate coenzymes are inactive with the monoglutamate
and require the oligoglutamyl polyanionic tails for high-affinity recognition.68

The folylpolyglutamate synthetase cleaves ATP to ADP and ultimately in-
organic phosphate as it activates the terminal g-carboxylate of the glutamate
tail as the indicated acyl phosphate. This sets up formation of the isopeptide
(Glu-g-Glu) linkage in the product H4-folyl-diglutamate. Iteration of this acyl
phosphate activation logic yields the triglutamate as shown. The tail can
eventually grow to a heptaglutamate, via another four acyl-phosphate

Figure 14.38 Types of covalent phosphoenzyme catalytic intermediates discussed
thus far.

Noncanonical Phosphoproteomes 443



Figure 14.39 A cascade of peptidyl g-glutamyl phosphates are intermediates in the chain elongation reactions of ATP-dependent folyl
oligoglutamate synthetase.

444
C

hapter
14



intermediates. To get to the predominant hexaglutamyl form of folate in
human tissues, six g-glutamyl phosphates are intermediates.

14.6.4.2 Protein-g-Glutamyl Phosphates as Intermediates in
Posttranslational Oligoglutamylations

While g-phosphoglutamyl acyl phosphates have not been detected as accu-
mulating covalent adducts in proteomes, they are implicated as intermediates
in the oligoglutamylations and polyglutamylations of both a- and b-chains of
mammalian tubulins and recently in the oligoglutamylation of a protein SidE
that Legionella pneumophila bacterial pathogens inject into infected host
cells.70 Each glutamyl residue added to a target protein requires Mg–ATP as a
cosubstrate. The ATP is cleaved to ADP and ultimately Pi is also released. The
g-carboxylate of the glutamyl moieties are activated as the acyl phosphates
that then serve as the electrophiles in peptide bond formations (as in the folyl
oligoglutamate synthase case above).

The recently identified Legionella pneumophila SidJ protein adds up to
three glutamyl residues, one at a time, to a specific glutamate side chain,
Glu880, on its target protein SidE.70 SidE in turn, as will be detailed in
Chapter 16, is itself a L. pneumophila protein that, like SidJ, is one of some
300 proteins the bacterial pathogens release into host human host cells.
The modification of SidE by SidJ is thought to proceed by initial formation
of the acyl phosphate (mixed anhydride) on the side chain of Glu880 of
SidE (Figure 14.40). This mixed anhydride is then attacked by the amine
of the cosubstrate free glutamate, forming an isopeptide bond as the
monoglutamyl–SidE is generated. This process can be repeated a second
time. Now, the g-carboxylate of the newly added glutamyl group acts as
nucleophile to form the next iteration of a protein-g-glutamyl-phosphate, to
be attacked by the amino group of the free glutamate cosubstrate. This
builds a bis-glutamylated form of the Glu880 residue of SidE, inactivating it.

Tubulin chain glutamylations follow the same logic and glutamylations
are the main rheostat for control of severing action on microtubules.71 As
few as two to as many as 7 to 11 oligoglutamyl residues can decorate
the C-termini of tubulin subunits in neurons; axonemal tubulins are dec-
orated with up to 21 isopeptide glutamyl chains. In each case one presumes
protein-based g-glutamyl phosphates are the activated side chains enabling
isopeptide bond formation and oligoglutamyl chain elongation Glutamyl
tails recruit the severing enzyme spastin, itself an AAA-type ATPase (see
Chapter 3) to microtubules and to initiate microtubule cleavages. Although
the glutamyl-g-PO3

2� species are cryptic and phosphate does not end up as
part of the covalent oligoglutamyl chains, the protein-glutamyl phosphates
are obligate intermediates.

Against this backdrop, the literature on phosphoproteins does not yet
include a report of any authenticated identification of phosphoglutamyl
residues as stable acyl phosphate derivatives. Yet, the recent report of
Hardman et al.2 revealed that their mass spectrometry-based analysis of
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phosphopeptides from HeLa cell protein extracts identified more than 1000
phosphoglutamyl peptides as candidates for further characterization. It may
yet turn out that kinetically stable phosphoglutamyl proteins join the ranks
of noncanonical phosphoproteomes, unless all those mass-based phos-
phoglutamyl peptide data are somehow artifactual.
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CHAPTER 15

Canonical Phosphoproteomics:
Phosphoserine,
Phosphothreonine, and
Phosphotyrosine

15.1 Scope of the Canonical Phosphoproteome
The noncanonical phosphoproteome of the preceding chapter examined
three types of covalent phosphoproteins: N–P bonds in phosphoramidates,
acyl phosphoric anhydrides, and S–P bonds in S-phosphocysteinyl–enzyme
adducts. In this chapter the canonical phosphoproteome encompasses only
phosphate monoester linkages to proteins. Two of them (Ser and Thr) are
alkyl alcohols, the third (Tyr) is a phenol.

Canonical phosphoproteomics, comprising tens of thousands of research
publications and reviews on the subject, deals with the compilation of
phosphorylated serine, threonine, and tyrosine residues detected in various
proteomes under different cellular conditions. More than 250 000 such
phosphorylation sites have been projected in mammalian proteomes in the
past two decades as acid-stable phosphopeptides whose sequences can be
matched back to the intact proteins. The sheer numbers attest to the enor-
mous reach of protein phosphorylation on these three residues.

A recent statistical analysis1 based on 187 published data sets with iden-
tified phosphopeptide sequences computed that most of the anticipated
phosphoproteins in the human proteome have been detected by this point,
allowing projection of the probable full set. This methodology predicts that
13 000 human proteins (out of 21 000 in total) undergo phosphorylation at
some point, comprising some 230 000 phosphorylation sites. This ratio gives
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an average of B17 residues per protein that can be phosphorylated in the
human proteome. The corresponding values for the model organism yeast
are 3000 phosphoproteins with B40 000 phosphorylation sites, for a hypo-
thetical average of 13 phosphorylatable residues for each of those yeast
proteins that can be substrates. The 3000 number is about half of the 6000
proteins in the yeast proteome.

Earlier estimates on the frequency of P-Ser, P-Thr, and P-Tyr residues from
a set ofB6000 phosphopeptides has indicated that P-Ser residues dominate
at around 86% of the total. Phospho-Thr residues follow at around 12%
abundance, with P-Tyr lagging at 1.8% abundance. Other studies put the
ratio at 1800 : 200 : 1¼ 90% : 10% : 0.05%.2 More recent isolation of phos-
phopeptides by methods that should detect all nine amino acids that can be
phosphorylated in HELA cells3 found 4200 P-Ser peptides, 900 P-Thr pep-
tides, and 220 P-Tyr peptides, for an abundance ratio of 79% to 17% to 4%.
One additional global statistic is that human genome analysis predicts 90
protein tyrosine kinases and 428 serine or threonine protein kinase from the
518 total members of these two enzyme superfamilies.

Changes in phosphorylation patterns in response to both intracellular and
extracellular perturbations have sustained an entire arena of protein-based
signal transductions in both health and a plethora of disease states. In turn
this knowledge base has fueled an onslaught of protein kinase inhibitors by
the pharmaceutical and biotechnology industries to target specific proteins
that undergo aberrant phosphorylation levels or sites in disease.

Dozens of authoritative reviews over the past two decades and entire vol-
umes on distinct aspects of canonical phosphoproteomics have been writ-
ten. Therefore, a single chapter is not able to go deeply into the many facets
of the diverse biologies of this stable phosphoproteomics class. Expert
readers will seek more detailed works of scholarship. Here, we will focus only
on some general themes that tie this phosphoproteomics chemical biology
back to several of the concepts set forth in the previous chapters.

15.2 Phosphoserine, Phosphothreonine and
Phosphotyrosine are Chemically Stable
Phosphomonoesters

The most notable chemical constraint on the canonical phosphoproteomics
collection is that each of the three residues that undergo enzymatic phos-
phoryl transfers from ATP by action of protein kinases are alcoholic side
chains (aliphatic for Ser and Thr; phenolic for Tyr), forming canonical
phosphomonoesters. The phosphoryl transfer mechanisms follow the
pattern for phosphoryl transfers in low molecular weight metabolites
(e.g. glucose). Probably (partially) associative transition states from addition
of the alcoholic oxyanion of Ser, Thr, Tyr side chains at Pg of Mg–ATP de-
compose in the forward direction by a net in-line elimination of ADP to give
the protein-linked phosphate monoesters (Figure 15.1). As with other
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Figure 15.1 Creation of dianionic tetrahedral phosphomonoesters during protein phosphorylation of the canonical three residues Ser,
Thr, and Tyr.
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phosphomonoesters, these are chemically stable entities (half-lives in model
phosphopeptides of years to decades). From the perspective of phosphoryl
transfer mechanisms, all 517 human Ser–Thr and Tyr protein kinases would
follow the same fundamental mechanism. Overlaid on the chemospecificity
can be sequence specificity for neighboring residue side chains (e.g. nega-
tively or positively charged residues), and secondary structures as well
(e.g. a substrate residue at the end of a helix).

15.3 Consequences of Phosphate Monoester
Chemical Stability

In contrast to the thermodynamically activated phosphoramidates, phos-
phorothioates, and acyl phosphate covalent protein adducts of the previous
chapter, these phosphomonoesters are in general not activated for further –
PO3

2� transfer on to other nucleophiles. They do not undergo ‘‘cascade’’
transfers chemically or enzymatically.

The chemical stability of P-Ser, P-Thr, and P-Tyr residues has several
consequences. First, it is the basis for their detection by the tens of thou-
sands by the canonical mass spectrometry workflow for identification of
acid-stable phosphopeptides4,5 (largely to the exclusion of the six phospho-
residues in the preceding chapter). Second, the chemical stability allows
them to function as long-lived posttranslational modifications of many
proteins within cells: a condition favorable for widespread protein-based
signaling regimes. Third, the stable alcohol–O–PO3

2� groups are not sub-
sequently moving from one protein residue to the next. They cannot enable
the kind of cascades seen in both bacterial two-component systems and the
PEP-dependent hexose phosphotransferase systems of Chapter 14.

Thus, to signal phosphorylation state information about these three side
chains from one protein to the next, eukaryotes invented a set of protein
domains to recognize and interact with phosphoserine or phosphothreonine
and separately phosphotyrosine residues (Figure 15.2). Signal propagation of
a phosphorylated state is not by –PO3

2� group mobile transfer downstream
but rather by recognition of the presence of one or more dianionic tetra-
hedral phosphate ester groups by a partner protein or domain. Figure 15.3
emphasizes the unique tetrahedral geometry of a stable phosphoseryl resi-
due side chain in the upper panel. The lower panel shows a dianionic
phosphotyrosyl residue compared with a monoanionic planar glutamyl
residue at the end of a stretch of protein helix.

A fourth consequence of the ‘‘almost infinite’’ chemical stability
of P-Ser, P-Thr, and P-Tyr residues under physiological conditions is the
need for phosphoprotein phosphatases, if the –PO3

2� groups are to be re-
moved. In principle, the cellular logic of canonical protein phosphorylation
on Ser, Thr, and Tyr side chains of proteins could have been irreversible,
akin to proteolysis. However, that would limit the capacity of signaling
regimes.
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Biology is parsimonious about irreversible switches in steady state
cellular situations. Much more useful in broad signaling regimes is the
opportunity to turn on signals that become limited in time and space by
subsequently turning those signals off. Execution of that logic amounts to
dramatically accelerated hydrolysis of the stable phosphomonoester bonds
by dedicated sets of enzymes. This is in contrast to the multiple cases of high
kinetic lability of phosphoramidates, phosphorothioates, and acyl phos-
phate forms of side chains in the preceding chapter.

Then, the essential logic of reversible posttranslational protein phos-
phorylation of these three residues, sketched in Figure 15.4, was to evolve
companion P-Ser, P-Thr, and P-Tyr phosphoprotein phosphatases.
Regulation, separate and complementary, of the protein kinases and the
phosphoprotein phosphatases allows for maximal flexibility in balancing the

Figure 15.2 A sampling of protein domains that have evolved to bind P-Ser
and P-Thr or P-Tyr residues include PBD (polo box domains), WD40
for P-Ser or P-Thr residues and SH2 and PTB domains for recognition
of P-Tyr side chains.6,7
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mole fraction of target proteins bearing the (up to 270 000) P-Ser, P-Thr,
or P-Tyr groups. We will note separate catalytic strategies for the P-Ser
and P-Thr vs. P-Tyr phosphatases below.

15.4 The Human Kinome
Although there are a few cases of bacterial protein kinase–phosphatase pairs
that fall in the P-Ser–P-Thr superfamily, they are in minor abundance
compared with the dozens of phospho-His sensor kinase components
of the two-component sensor–response regulator pairs. In contrast,
the P-Ser–P-Thr protein kinase family exploded in eukaryote evolution and

Figure 15.3 Emphasis on the newly introduced tetrahedral geometry on side chain
phosphorylation. (Top) phosphoserine residue with the tetrahedral phos-
phate group in red. (Bottom) Panel A illustrates a tetrahedral P-Tyr side
chain at the end of a helix and panel B shows its mutant variant with a
planar glutamate anionic side chain.8

Reproduced from ref. 8, https://doi.org/10.18632/oncotarget.22829,
under the terms of a CC BY 3.0 license, https://creativecommons.org/
licenses/by/3.0/.
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reaches into the hundreds in the human kinome.9,10 The now classic
representation of kinomes as unrooted trees of super families,11 for
both P-Ser–P-Thr and also the P-Tyr families is shown in Figures 15.5–15.7.

Figure 15.4 Division of phosphoproteins according to kinetic stability and the
consequent need (or not) for evolution of paired classes of chemo-
specific protein phosphatases to reverse the phosphorylation.
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The human kinome tree now contains 4500 predicted members, the great
bulk of which have been assayed for kinase activity and evaluated for se-
lectivity against banks of peptide and protein substrates.

Figure 15.5 Collection of all known or predicted human protein kinases as the
human kinome. The iconic rendering of the kinome as an unrooted tree
from Manning et al., with eight subfamilies.11 (This includes all P-Ser
and P-Thr and P-Tyr kinases but not the noncanonical members of
Chapter 14).
Adapted from ref. 11 with permission from AAAS, Copyright 2002.
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One of the sources for the evolution of Ser–Thr protein kinases may have
been the metabolic kinases that act on low molecular weight primary me-
tabolites.14 Contemporary metabolic kinases involved in energy metabolism
and biosynthetic and catabolic pathways that can act as protein kinases
include hexokinase, the M2 isozyme of pyruvate kinase, an isozyme of
phosphoglycerate kinase, and isoforms of nucleoside diphosphate kinases.14

As noted above, P-Ser residues are about ten times more abundant
than P-Thr residues, reflecting perhaps a mix of accessibility of Ser over Thr
side chains and the steric blocking influence of the C3 methyl in threonyl
side chains. There are about 100 protein tyrosine kinases in the human ki-
nome (Figure 15.8) with a small subset of those kinases also showing dual
specificity for phosphorylation of Tyr and Ser side chains.15

Even though tyrosine protein kinases make up 18–20% of the full kinome,
the abundance of P-Tyr groups is only 0.05% to B1% of the abundance of

Figure 15.6 Collection of all known or predicted human protein kinases as the
human kinome. A sub-tree shows the relationship of theB100 human
protein tyrosine kinases to each other.12
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the P-Ser and P-Thr combination of phosphoproteins in humans. This
lowered ratio may indicate a combination of lessened promiscuity and lower
turnover numbers and reduced mole fraction of activated P-Tyr kinases in
cells compared with the dominant P-Ser and P-Thr kinase flux.

Figure 15.8 indicates that hundreds of proteins are multiply phos-
phorylated16 (at up to 15–20 distinct residues). The protein kinases (mostly)
act posttranslationally, on proteins that have achieved their native folds in
cells and so the extant phosphoproteomes represent accessible side chain
phosphorylation sites in target proteins. These sites of side chain

Figure 15.7 Collection of all known or predicted human protein kinases as the
human kinome. P-Ser–P-Thr- binding domains include 14-3-3 proteins.
The kinases that form the 14-3-3 interactome are shown in green.13
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phosphorylations can reflect not only accessible surface residues, but also
side chains in flexible loops, or in equilibrating conformational states.
A number of kinases act only after a preceding kinase has put in a phos-
phorylation mark, presumably reflecting one or more conformational dy-
namic changes arising from the action of the first kinase to make a section
of the phosphorylated protein target now available for the second kinase
(Figure 15.8).

The Abelson tyrosine-protein kinase 1 (Abl) protein has 11 documented
sites of phosphorylation by other kinases, undoubtedly modulating activity
across its own catalytic and multiple regulatory domains18 (Figure 15.9).
Nine residues that get phosphorylated in Abl or its activated breakpoint
cluster region–Abl (Bcr–Abl) fusion oncogenic protein form are tyrosines,
one is a serine, one is a threonine residue, indicating multiple kinase
inputs.

The catalytic subunit of protein kinase A has 10 reported autopho-
sphorylation sites. Phosphopeptide mapping of the B500 residue protein
paxillin, implicated in cell–cell junctions, indicated five sites of tyrosine
phosphorylation and up to 24 sites of serine phosphorylation:19 an enor-
mous potential diversification of protein structural and functional
inventory.

Figure 15.8 Interplay of multiple protein phosphorylations. Proteins can be tar-
geted by a single specific kinase or by multiple kinases acting on the
same residue of that target protein.17 Alternatively, proteins at nodal
points of metabolic and signaling control may be phosphorylated on
multiple side chains, either by a single kinase (e.g. by protein kinase A)
or by multiple protein kinases. Downstream fates of those modifi-
cations can be inhibitory, activating, or a mixture of both, depending
on downstream targets.
Reproduced from ref. 17 with permission from Elsevier, Copyright
2015.
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15.5 ‘‘Cascades’’ of Protein Kinase Activation from
Outside In: Cell Surface to Cytoplasm and
Nucleus

15.5.1 Serine–Threonine Protein Kinases

Several examples of the consecutive action of sets of kinases that become
activated by phosphorylation and then turn on a downstream kinase by its
phosphorylation are known and support the view of linked temporal and
spatial cascades of information transfer by protein phosphorylations. Some
are summarized in cartoon fashion in Figure 15.10. At the heart of this
strategy is keeping the basal state of a protein kinase at a low level, an almost
‘‘idle’’ state.20 When a signal is sensed, such as a so called ‘‘first messenger’’
growth factor or hormone reaching the external domain of a membrane re-
ceptor (Figures 15.11–15.14), transduction across the membrane results in
autophosphorylation and activation of the first-level protein kinase (e.g. at or
near the cytoplasmic face of the cell membrane). For example, in a three
kinase amplification cascade21 the mitogen activated protein (MAP) kinase
kinase kinase (MKKK) represents that first level. Those MKKK enzyme mol-
ecules activate an MAP kinase kinase (MKK) partner by phosphorylation. In
turn an MKK enzyme activates MAP kinase. Now, sets of protein substrates
get phosphorylated on serine or threonine by the active form of MAP kinase.

Figure 15.9 Eleven phosphorylation sites in the Abl tyrosine kinase: nine tyrosines,
one serine, one threonine.18

Reproduced from ref. 18 with permission from Springer Nature, Copy-
right 2004.
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Figure 15.10 Two representations of protein kinase signaling cascades. The left-hand panel shows five parallel cascades of protein
kinases carrying information from cell surface to interior and often to nuclear transcription factors for control of for gene
expression.22 The right-hand panel indicates that each level of information reaches further into cytoplasmic pathways and
integration of signals.23

Adapted from ref. 22 with permission from Springer Nature, Copyright 2007.
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In terms of signal amplification, if one MKK activates ten MKKs and ten
MKKs activate each of ten MKs, and so on there would rapidly be a thousand
activated MAPK molecules. If they each phosphorylate a hundred protein
targets, the net amplification of initial signal is 100 000 fold. The gain could
easily be higher given that catalysts are involved in all four steps, but there

Figure 15.11 Proteins with docking scaffolds collect multiple protein kinases that
act tandemly in a pathway and increase local concentrations and
efficiency of signal transmission. The troika of MAPKKK, MAPKK,
and MAPK on a common scaffold.29

Adapted from ref. 29 with permission from PNAS, Copyright (2007)
National Academy of Sciences, U.S.A.
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Figure 15.12 Proteins with docking scaffolds collect multiple protein kinases that act tandemly in a pathway and increase local
concentrations and efficiency of signal transmission. A more complete and complex view of the role of different JIP
scaffold isoforms in directing multiple different phosphorylations of downstream target proteins.30

Reproduced from ref. 30 with permission from Springer Nature, Copyright 2007.
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may not be enough protein target molecules in a given volume of the cell to
get the full burst of amplification.24 (One nanomolar concentration of a
protein component may equate toB103 molecules in an epithelial cell.25)

There are parallel and converging activation cascades for sets of protein ki-
nases to integrate multiple signal inputs. One physical node for such inte-
grations are scaffolding proteins with ‘‘docking stations’’ (high affinity binding
sites for particular protein partners; Figures 15.11 and 15.12) that increase the
local concentration of several protein substrates (and thereby the kinetics of
successive interprotein phosphorylations) that may be integrative in terms of
phosphorylation routes.26,27 Figure 15.11 schematizes the collection of the
three tandem P-Ser–P-Thr kinases MAPKKK, MAPKK, MAPK and the potential
advantage in catalytic efficiency from collection on a common scaffold protein.
Figure 15.12 depicts a family of c-Jun N-terminal kinase-interacting protein (JIP)
scaffolding proteins connected to different inputs at the cell membrane with
partially overlapping sets of kinases. For example, the c-Jun NH2-terminal ki-
nase (JNK)–stress-activated protein kinase-associated protein 1 (JSAP1) aka JIP3
scaffold protein can interact with up to eight distinct protein Ser–Thr kinases to
integrate signals at this intermediate signaling node.28

The degree of activation of any protein kinase in a cell or tissue could vary
from inactive, to a population where some are active and others remain in-
active, to a population where all members are active. Thus, there will be a

Figure 15.13 Schematic for cellular roles of protein kinases A, G, and C with
physiological activators (cAMP, cGMP, and phospholipase C), with
specific synthetic inhibitors.34,35
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spectrum of both kinase activities and their target phosphoproteomes in time
and space that will show fractional stoichiometries of phosphorylations (e.g.
25 molecules out of 100 of a particular target protein may be phosphorylated
and 75 unphosphorylated. Also, a target protein or intermediate protein
kinase may, for example, have up to four phosphorylations at maximum and
at any time present a mixture of mono- to tetra-phosphorylated forms).

As a final point in this short summary of many thousands of different micro-
states of the canonical phosphoproteomes, different protein kinases show distinct
degrees of promiscuity. Some, such as cyclic AMP-activated protein kinase A (PKA),
have multiple target proteins: over 100 for PKA. Others, even when fully activated
are highly specific. The protein kinase that phosphorylates pyruvate dehy-
drogenase acts only on that target protein and no other. (Once phosphorylated the

Figure 15.14 The PKA complexes have anchoring scaffold proteins [a kinase an-
choring proteins (AKAPs)] and phosphatases to balance the net kinase
activity with its plethora of downstream effects.36
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mitochondrial dehydrogenase activity drops off dramatically. As this is a key
conduit for acetyl CoA generation for oxidative phosphorylation, this regulatory
phosphorylation is highly consequential in switching cells from oxidative phos-
phorylation for 34–38 ATP or glucose molecule sent down glycolysis to the net two
ATP or glucose when pyruvate dehydrogenase is blocked).

Early on in the characterization of the activity and regulatory profiles of the
initially discovered protein kinases some were classified according to differing
low molecular weight activators. These include the cyclic AMP-activated protein
kinases, designated protein kinases A,31 the corresponding cyclic GMP-activated
PKs (PKG),32 and the lipid-activated multiple isoforms of protein kinase C.33

These well studied examples also represent nodal points of intersection of second
messenger logic and machinery, integrating the two signaling universes: low
molecular weight second messengers and phosphoproteomics. They are also
among the best studied mechanisms by which low molecular weight second
messengers (e.g. cAMP, and cGMP) achieve multiplicative to exponential ampli-
fication of signals, from stoichiometric to catalytic (Figures 15.13 and 15.14).

The 400 or so serine–threonine protein kinases in humans all have a
common catalytic core for binding ATP and an adjacent region for the serine
or threonine side chains in a protein substrate to act as catalytic nucleophile
towards Pg of Mg–ATP. An amino terminal (N) and carboxy terminal (C) lobe
together make up the ATP binding site of this Ser–Thr kinase family37 as
depicted in Figure 15.15A. A view of the ATP binding site in Figure 15.15B
indicates placement of donor ATP substrate.38 The flexible glycine-rich
G loop that anchors ATP in the active site is highlighted.

15.5.2 Tyrosine Kinases: Membrane Receptor vs. Soluble
Forms

There are more than 90 tyrosine kinases in human proteomes. They all
operate by the same chemical mechanism of direct –PO3

2� group transfer
from Pg of Mg–ATP to a nascent phenolate oxygen of one or more tyrosine
residues40 (Figure 15.1). Phosphoryl group transfers occur both in autop-
hosphorylations and via external phosphorylations of substrate proteins
once the P-Tyr kinases have become autoactivated. However, the 95 mem-
bers of that tyrosine kinome split into two different subgroups based on
subcellular location and consequent domain architecture (Figure 15.8).

There are 58 human examples of receptor tyrosine kinases and 32 mem-
bers of the non-receptor, cytoplasmic tyrosine kinase subfamily41

Figure 15.16. schematizes two membrane-initiated signaling pathways: the
MAP kinase cascade and the Janus kinase–signal transducer and activator of
transcription (JAK–STAT) pathway. Autophosphorylating transmembrane
kinases are initiators in each pathway, representing the large class of re-
ceptor tyrosine kinases. The MAP kinase cascade entails a tandemly acting
set of nonreceptor Ser–Thr kinases. The JAK–STAT cascade involves two
variants of the nonreceptor tyrosine kinase class.
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Figure 15.15 Two views of a serine–threonine kinase family member folds. (A) Overall fold of a kinase catalytic subunit or domain, drawn
from pdb 2CPK.39 (B) Orientation of ATP in PKA active site, drawn from pdb file 4WB5.38
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In aggregate, the tyrosine kinases affect or control aspects of growth,
differentiation, cell–cell adhesion, cell motility, and apoptotic cell death.
Members of the receptor tyrosine kinases include receptors for epidermal
growth factor (EGF), platelet derived growth factor (PDGF), insulin, fibro-
blast growth factor (FGF), and many other protein growth factors.
Figure 15.17 notes seven subfamilies of receptor protein kinases based on
additional domains both external and internal to the plasma membrane.
Thus, the insulin receptor is a disulfide linked dimer, while the PDGFR,
FGFR, and vascular endothelial growth factor receptor (VEGFR) have iterated
and/or split catalytic domains. Several of these subfamilies have external
immunoglobulin-like domains as part of their receptor or sensor archi-
tectures for specific extracellular ligands.

In the cytoplasmic group of tyrosine kinases the Rous sarcoma virus (v-src)
oncogenic protein is the founding member but it also includes fyn and

Figure 15.16 Two surface-initiated transmembrane signaling routes involving
serine–threonine kinases and tyrosine kinases. Two receptor tyrosine
kinases auto-phosphorylate themselves on multiple tyrosine side-
chains in or near the kinase domains. For the left-hand receptor the
subsequent signaling is via the MAPKKK–MAPKK–MAPK serine–
threonine protein kinase cascade. For the right-hand pathway, the
cytoplasmic onward signal transmission is instead mediated by cyto-
plasmic JAK and STAT tyrosine kinases.
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lymphocyte-specific protein tyrosine kinase (lck) enzymes downstream of
T cell receptor signaling, zeta-chain-associated protein kinase 70 (zap70),
and isozymes 1–3 of the JAK family of signal transduction cytoplasmic
tyrosine kinases.18

These joint receptor–enzyme kinases are typically termed receptors, such
as the EGF receptor (EGFR), PDGF receptor (PDGFR), fibroblast growth
factor receptor (FGFR), VEGFR, and so on.

Receptor tyrosine kinases have at least three domains. The first, external
to the plasma membrane, is the receptor domain. Occupancy by an ex-
ternal ligand (e.g. insulin for the insulin receptor) is transmitted
through the second, transmembrane helical domain to the (third) cyto-
plasmic catalytic domain, activating it for phosphoryl transfer. Often, the
ligand binding to the external receptor domain induces dimerization as
sketched for the EGFR43 in Figure 15.18A. Then, the activated cytoplasmic
domains autophosphorylate each other, typically in trans on the adjacent
subunit.

As depicted in the cartoon of Figure 15.18 up to five tyrosyl residues in the
cytoplasmic domain adjacent to the kinase domain can be phosphorylated.
Five per chain times two is a total of up to ten newly introduced dianionic
tetrahedral phosphate groups. These not only perturb the cytoplasmic
domain conformations, but also recruit partner proteins with their own
domains that recognize the newly introduced P-Tyr side chains.

As shown in Figure 15.18B for one activated subunit of the PDGFR ki-
nase, eight tyrosine side chains in the cytoplasmic domain become
autophosphorylated (in trans). These can bind adaptor proteins [such as
growth factor receptor-bound protein 2 (Grb2)] that in turn recruit add-
itional protein components. Sometimes they are enzymes, including the src

Figure 15.17 Two surface-initiated transmembrane signaling routes involving
serine–threonine kinases and tyrosine kinases. Seven subfamilies of
receptor tyrosine kinases are listed with variations in types of extra-
membrane recognition folds and split tyrosine kinase domains.42
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Figure 15.18 Multiple autophosphorylations by the cytoplasmic tyrosine kinase
domain is the rule for activated receptor tyrosine kinases. (A) Ligation
of the epidermal growth factor receptor by its soluble, circulating EGF
protein drives dimerization, transmembrane activation of the cyto-
plasmic tyrosine kinase domains. Those six tyrosine phosphate side
chains then recruit partner proteins with P-Tyr-recognition domains.44

(B) Analogously, binding of the platelet-derived growth factor (PDGF)
to its extracellular receptor domain activates the kinase domain to
phosphorylate up to eight tyrosine side chains. Those eight P-Tyr
tetrahedral dianions recruit the indicated proteins to the specific P-Tyr
sequences, including the src cytoplasmic tyrosine kinase, the adaptor
protein Grb2, the GTPase accelerating protein (GAP) for the p120 form
of RAS, plus the two indicated phospholipid-metabolizing enzymes
phosphoinositol-3 (PI-3)-kinase and phospholipase C.45

Canonical Phosphoproteomics 473



cytoplasmic tyrosine kinase and the p85 subunit of the lipid
phosphatidylinositol-3-kinase that amplify phosphorylation cascades for
both proteins and phospholipids. Also recruited to distinct stretches
of P-Tyr residues are the p120 subunit of the rat sarcoma (Ras) GTPase
accelerating protein (GAP), increasing the turnover and deactivation rate of
Ras–GTP to Ras–GDP and the phospholipase C-zeta subform. We have
noted in Chapter 8 that PLC isoforms hydrolyze PIP-2 to inositol 1,4,5-tri-
phosphate (IP3) and diacylgycerols, two distinct kinds of low molecular
weight second messengers.

Clearly, the multiple tyrosine side chain autophosphorylations of receptor
tyrosine kinases have explosive amplification consequences for signals that
reach into distinct corners of cell metabolism.

As shown in the left-hand side of Figure 15.16, the multiply auto-
phosphorylated cytoplasmic domain of a growth factor receptor can switch
on the MAPKK cascade, ending in selective nuclear gene transcription. The
right-hand portion of that same figure shows the role for the Janus family of
kinases (JAKs) that analogously cause multiple phosphorylations of the cyto-
plasmic tail of a cytokine receptor to turn on a gene activation pathway. In the
left-hand pathway, the phosphoproteomic logic switches from tyrosine
phosphorylation at the receptor tyrosine kinase first step to the Ser–Thr kinase
tandem relay of MAPKK–MAPK further downstream, showing how tyrosine
kinase and serine–threonine kinase machinery mesh and integrate.

15.6 Phosphoserine and Phosphotyrosine Binding
Domains

Tony Pawson and colleagues over the years have collected information on a
variety of protein domains that show affinity for the phosphorylated side
chains of serine or threonine in proteins.46 These include as many as
350 proteins that have bioinfomatically-predicted domains that have the
acronyms: 14-3-3, polo box, FHA, FF, BRCT, WW, WD40 and MH2
subfamilies. Only a subset in any one of these eight families have been
characterized for heightened affinity to P-Ser and P-Thr side chains so these
may be overestimates of in vivo function.47 Nonetheless, they do indicate
the likelihood of complexation with target proteins that have been phos-
phorylated on one or more serine or threonine residue by one of the
B420 human serine–threonine protein kinases. The different domains may
have evolved via independent and convergent evolution to mediate the in-
teractomes for protein-based phosphoryl group signaling.

The signal transduction logic noted above for receptor tyrosine kinases
requires three aspects of protein chemistry: (1) ligand-induced dimerization;
(2) in trans autophosphorylation of the dimeric subunits by the catalytic
domain; (3) recruitment by the phosphotyrosine side chains of partner
proteins to mediate the cytoplasmic and then nuclear steps of the infor-
mation cascade.
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Two widely distributed phosphotyrosine residue binding motifs have
evolved to mediate point 3 above. They are termed src homology 2 (SH2) and
phosphotyrosine binding (PTB) domains and have independently evolved
folds. SH2 was first detected in src family proteins.46,48

15.7 Visualization of Binding Pockets for P-Thr, P-Ser,
and P-Tyr in Protein Partner Domains

Figure 15.19A shows the local structure of a polo box domain of polo like
kinase 1 (PLK1) P-threonine binding domain with P-threonine as ligand in
both ribbon diagram and surface representation. Analogously Figure 15.19B
depicts two views of how P-serine interacts with the 14-3-3 domain of P-Ser
binding protein. Finally, Figure 15.19C shows how P-tyrosine fits into a
groove of the SH2 domain of the src-family tyrosine kinase lck.

15.8 FDA-approved Protein Kinase Inhibitors
Thus far in this volume we have not taken up the topic of inhibitors of
various phosphorus-utilizing enzymes. It could easily be a different book
that delves into the molecular pharmacology of many types of phosphorus-
recognizing enzymes. These range from DNA ligases, DNA and RNA poly-
merases, particularly of viral origin, to many structural scaffolds that inhibit
one or more of F-type, V-type, and P-type ATPases. We make a brief exception
for inhibitors of protein kinases because more than a dozen have been ap-
proved over the past three decades by the United States Food and Drug
Administration (US FDA) as human medicines.

The pharmaceutical and biotechnology industries have focused on
members of the human kinome as perhaps the most intensively investigated
set of proteins for pharmacological intervention.49 Excess protein kinase
activity has proven to be a nodal point in many human cancers.
Figures 15.20 and 15.21 list a dozen or so selective to semiselective inhibitors
with trade names, kinase targets and human cancer type for which they are
prescribed.

Originally, the medicinal chemistry goals were to achieve absolute mono-
selectivity for a particular kinase where there was evidence that either excess
levels of the native kinase or excess activity due to a mutated version was a
driver mutation in a particular set of cancer patients. However, the close
homology in ATP binding sites among neighbors on the kinome tree
(Figures 15.5–15.7) made that impractical in many cases as noted in
Figures 15.20 and15.21. As it happens, sometimes inhibiting closely related
kinases may have therapeutic benefit. Figures 15.20 and 15.21 indicate that
imatinib and desatinib are relatively selective for the abl tyrosine kinase to
treat chronic myeloid leukemia (CML) while gefitanib is selective for the
human epidermal growth factor receptor (HER) 1 tyrosine kinase isoform in
non-small cell lung cancer. Lapatanib targets both HER 1 and 2 isozymes
and is used for breast cancer chemotherapy. On the other hand, serafinib
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inhibits three related kinases. Figure 15.21 shows X-ray snapshots of some of
these FDA-approved kinase inhibitors on pharmacologically relevant protein
kinase targets.

While many of the cancer drug targets are in the receptor tyrosine kinase
family, Raf murine sarcoma viral oncogene homolog B (BRAF) is a serine–
threonine protein kinase. Most of the first- and even second-generation
clinical inhibitors have been targeted to the ATP binding site as competitive
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inhibitors. Among contemporary research programs are allosteric inhibitors,
that should be free of upstream substrate proteins overcoming inhibition by
mass action. There are also perhaps 40 of the4500 human protein kinases
that have cysteine thiolate side chains in or near the active site that have the
propensity to be targeted covalently and irreversibly by inhibitors bearing
electrophilic groups such as conjugated enones.52

Figure 15.19 A snapshot of some of the protein domains that selectively recognize
and bind to P-Ser, P-Thr, or P-Tyr domains of proteins and thereby
enable signal propagation (A) P-Thr in the polo box domains (PBD) of
Polo-like kinase-1: domain the left side is the ribbon diagram of the
protein, on the right side is the surface representation. The surface view
shows that only the beta methyl and the tetrahedral phosphate of
the P-Thr ligand is visible at the surface; drawn from pdb file 1UMW.
(B) P-Ser bound to the human 14-3-3 beta protein is shown on the left
with the protein as a ribbon diagram, on the right as a surface depiction
(drawn from pdb file 6G8K). (C) P-Tyr bound to the SH2 domain of the
56 kDa lck member of the src family of cytoplasmic tyrosine kinases.
The protein is shown in space-filling, surface representation to show the
shape of the p-Tyr binding site (drawn from pdb file 1CWD).

Figure 15.20 FDA-approved protein kinase inhibitors for human therapeutic use.
Starting with Imatininb in 2001, some 29 kinase inhibitors had been
approved by 2015.50 A partial list is shown in the list below the time
line. CML, chronic myeloid leukemia; GIST, gastrointestinal stromal
tumor; ALL, acute lymphoblastic leukemia; NSCLC, non small cell
lung carcinoma.
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15.9 Phosphoprotein Phosphatases: Two Limiting
Strategies for Specificity

The prediction ofB230 000 P-Ser, P-Thr, and P-Tyr residues distributed over
B13 000 human phosphoproteins noted earlier gives an upper limit to the

Figure 15.21 FDA-approved protein kinase inhibitors for human therapeutic use.
Given the high homology of protein kinase family members, especially
in the ATP binding site typically targeted by kinase inhibitors,51 it is
not surprising that the inhibitors may act on more than one kinase
in vivo. The arrows show the key specificity points of contact of the
specific drugs with their target kinases.
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human phosphoproteomics inventory. The actual fraction forming at any
given time in any cell depends, among other parameters, on two balancing
factors. One is certainly the catalytic flux of the actual protein serine–
threonine kinases and tyrosine kinases that are activated in that interval.
The second is the corresponding inventory of phosphoprotein phosphatases,
capable of acting on P-Ser, P-Thr, or P-Tyr residues in that cell in that
time frame.

The need for a dedicated set of phosphoprotein phosphatases to have
protein phosphorylation be reversible, and therefore qualify for the
full range of signal dynamics (Figure 15.22) is mandated by the chemical

Figure 15.22 The logic for signal ‘‘on’’ and signal ‘‘off’’ by phosphorylation of Ser,
Thr, or Tyr residues in proteins requires catalytic removal of these
chemically stable phosphoryl groups. The ‘‘off’’ role is served by
protein phosphatases.
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stability of the two aliphatic alcohol phosphomonoesters (P-Ser and
P-Thr residues) and the equivalent stability of the phenolic ester
(P-Tyr residues) (Figure 15.1). Otherwise the three phosphorylated alco-
holic side chains would persist for the life of the cell, much like proteolytic
cleavages.

There are dual specificity protein phosphatases (DUSPs; see later in
this Chapter) that will transfer all three phosphoryl groups on Ser, Thr,
and Tyr residues to water, but the majority of protein phosphatases are
selective either for P-Ser and P-Thr side chains or P-Tyr side chains
(Figure 15.23)

In principle, one might have expected three possible enzymatic strategies
for such protein dephosphorylations based on acceptor precedents from
primary metabolism. One route would be –PO3

2� transfer to Mg–ADP to
form ATP (akin to an F-type ATP synthase). A second route would be to use
inorganic phosphate, Pi, as an external substrate. The protein dephos-
phorylation would then produce inorganic pyrophosphate, PPi, as copro-
duct. The problem with each of these routes is that they would generate
phosphoric anhydride bonds in the ATP and PPi products and so be uphill
thermodynamically and disfavored energetically. Cells instead use the third
reagent, water, as cosubstrate for protein dephosphorylations. The hy-
drolysis to yield inorganic phosphate is at worst energetically neutral and
typically has a positive energetic outcome, with a relatively low energetic

Figure 15.23 Categories of protein phosphatases: The two major chemoselective
and mechanistically distinct classes of phosphatases are the protein
tyrosine phosphatase (PTPs) and the Protein Ser–Thr phosphatases
(PSPases).53 The dual specificity group is a subclass architecturally and
mechanistically of PTPases. Compared with theB100 human PTPases,
there is a much smaller number of PSPases to deal with theB230 000
potential P-Ser and P-Thr sites in the proteome.
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barrier. (This route does lead to net ATP consumption when the protein
kinase–protein phosphatase pairs are considered as an ensemble.)

The protein phosphatases hydrolyzing P-Ser and P-Thr alcoholic phos-
phate monoester bonds follow a mechanistic path analogous to phos-
phatases that act on low molecular weight phosphoester metabolites,56,57

discussed in Chapter 6. The enzymes are metalloprotein catalysts, using
divalent cations to orient both the dianionic phosphate side chains of the
Ser and Thr phosphate esters and to orient and activate a water molecule
for nucleophilic attack. Intriguingly, protein phosphatase 1 and 2 (PP1 and
PP2) complexes tend to be isolated with Zn21 and Fe21 (rather than two
Mg21) as the bimetallic catalytic center. Direct in line phosphoryl transfer
via an at least partially associative transition state is the proposed mech-
anism for all those (B230 000) P-Ser and P-Thr phosphoprotein hydrolyses
(Figure 15.24).

In contrast, some 95 of the 107 human phosphotyrosyl protein phos-
phatases58 employ covalent catalysis as described earlier in Chapter 14
(Figures 14.24 and 15.24). These all form cysteinyl–S–PO3

2� covalent enzyme
intermediates, resulting from attack of the active site cysteine thiolate
on the P-Tyr–PO3

2� group. The remaining dozen or so PTPases are
metalloenzyme hydrolases with the conventional phosphatase logic and
metal cation active site machinery. To reverse the autophosphorylation
events of the transmembrane receptor tyrosine kinases, some of the protein
tyrosine phosphatases are themselves transmembrane proteins with catalytic
domains (often tandemly repeated) on the cytoplasmic side of the membrane.
Figure 15.25 sketches the orientation of three PTPases CD45, PTPzB, and
Drosophila PTP (DPTP). The extracellular domains can be occupied by ex-
ternal ligands to control the PTPase activities in the cytoplasmic domains.
Also depicted are the congeneric Src homology 2 domain tyrosine phos-
phatases SHP-1 and SHP-2 that have tandem P-Tyr-binding SH2 domains to
recruit P-Tyr substrate proteins into proximity for dephosphorylation.

To effect specific hydrolysis of subsets of the estimatedB230 000 P-Ser–P-Thr
sites andB10 000 P-Tyr sites in human phosphoproteins to reverse the action
of specific subsets of protein kinases, one can imagine two limiting strat-
egies.59 One strategy would be to pair up each protein kinase with a partner
protein phosphatase. This is the approach bacteria use in their two-component
sensor kinase–response regulator logic. Given that humans express 90 protein
tyrosine kinases and 107 phosphotyrosyl protein phosphatases, that is effect-
ively the strategy for making phosphotyrosine proteomics a usefully reversible
posttranslational signaling modality.

The other limiting strategy might be to express only a small number of
protein phosphatases that are chemospecific (P-Ser and P-Thr but not P-Tyr)
where the catalytic subunit is intrinsically promiscuous with regard to
protein sequence or architecture. Specificity could then be imposed with
regulatory subunits that impart partner protein recognition and/or serve to
anchor the catalytic phosphatase subunit in certain subcellular locations or
complexes. This is the limiting strategy for the P-Ser and P-Thr protein
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phosphatases.57 Only B40 genes are used for such phosphatase catalytic
subunits, approximately one tenth the number of the 400 Ser–Thr kinases to
be balanced. The most important are as few as seven PSPases, numbered
PP1–7 (Figure 15.26). Within this family, PPI and PP2 isoforms are thought
to carryB90% of the catalytic flux for those potentialB230 000 P-Ser–P-Thr
dephosphorylations.57,59

Specificity is achieved by regulatory subunit combinatorics.60,61 There are
over 100 regulatory subunits for PP1. Some are phosphorylated and
become substrates, some are scaffolding proteins that bring substrate

Figure 15.24 Categories of protein phosphatases: The great bulk of PTPases use
covalent catalysis via phosphorothioate–enzyme adducts while the
small class of PSPases use water as a direct cosubstrate in a two-
metal cation active site.
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phosphoproteins into proximity, some anchor the PP1 and PP2 complexes to
membrane surfaces of specific organelle membranes to increase proximity
to classes of localized phosphoproteins (Figure 15.26). The combinatorial
use of a catalytic phosphatase subunit (of which there are four different
isozymes for PP1, derived from three genes) with a regulatory subunit and a
scaffolding subunit in PP1 heterotrimers means there are thousands of
molecular variants that can act in specific subcellular locations towards
specific sets of P-Ser–P-Thr phosphoproteins for hydrolysis (Figure 15.26).
There are also protein inhibitors that can tie up catalytic or regulatory
subunits of PP1 and PP2A to modulate or control phosphatase activity. One
should think of the P-Ser–P-Thr protein phosphatase cellular inventory in
terms of dynamic combinatorics to achieve specificity.

Among the family of phosphotyrosine protein phosphatases is the enzyme
SHPTP2 that has two SH2 (phosphotyrosine binding) domains tethered
intramolecularly upstream of the catalytic phosphatase domain. In the
absence of P-Tyr protein substrates, the intramolecular SH2 domains,
particularly the N-terminal one, inhibit target protein access and the phos-
phatase activity is negligible62 (Figure 15.25).

Figure 15.25 Categories of protein phosphatases: Schematic of three receptor
tyrosine kinases – CD45, PTPase zeta B, and DPTP – and one cyto-
plasmic SHP-1/2 member.55
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In the presence of a protein with multiple P-Tyr residues, such as the
cytoplasmic domains of receptor tyrosine kinases (EGFR, IRS, PDGFR,
FGFR), engagement of the SH2 domain of SHPTP2 with one of the target
protein P-Tyr domains, frees up the phosphatase active site for hydrolytic
activity. The catalytic domain is now in the vicinity of those multiple P-Tyr
residues and can act to hydrolyze them. If the SH2 domain of the phos-
phatase dissociates and then reassociates with a different P-Tyr residue, one
can imagine removal of all the P-Tyr residues from the cytoplasmic domain
of a multiply phosphorylated P-Tyr receptor kinase to turn off all signaling
modalities. The fusion of an SH2 phosphotyrosine binding domain to a
catalytic phosphatase domain thus can increase the efficiency of
tandem P-Tyr hydrolyses.

A third subcategory of protein phosphatases, that are structurally related
to classical PTPases, have dual specificity (dual specificity protein phos-
phatases¼DUSP) for hydrolytic removal of –PO3

2� groups from both serine
and threonine residues within a single target protein (Figure 15.27). Six
subgroups of DUSPs have been categorized64 and several act in the MAP
kinase cascades. All three types of protein phosphatases work in signaling
cascades to control the timing and extent of protein phosphorylations and
strength of various protein-based signals. Figure 15.27 schematizes
two P-Ser–P-Thr- and one P-Tyr-based signaling pathway from membrane to
cytoplasm to nucleus. The locations of action of PP1, PTPs, and DUSPs in the
cytoplasm and nucleus are indicated.

Figure 15.26 Categories of protein phosphatases: Schematic of trimeric PSPases
with catalytic subunit A and a large set of regulatory subunits B and C
that alter location and substrate selectivity and enable many combin-
ations of the ABC trimeric PSPases.54
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CHAPTER 16

Noncanonical
Phosphoproteomics – II

16.1 Noncanonical Adducts in a Broadened View
of Phosphoproteomics

The preceding two chapters, Chapters 14 and 15, have surveyed both: (1) sets
of noncanonical phosphoproteins that have escaped conventional mass
spectroscopic detection, most probably due to their acid lability, and (2) the
conventional P-Ser, P-Thr, and P-Tyr stable troika of canonical phosphoryl-
ated side chains thought to carry out the bulk of phosphoproteomic
signaling in eukaryotic cells. There are some additional protein post-
translational covalent modifications that incorporate phosphoryl groups
into target proteins that fall outside the boundaries of the above two
categories. Most often, they are not simple O-phosphomonoesters of Ser,
Thr, or Tyr residues but nonetheless reveal how phosphorus containing
groups fit into the posttranslational proteome universe.

We summarize some of these in this chapter to give further scope to the
logic and machinery that cells use for derivatization of protein residue side
chains with electrophilic fragments that contain one or more phosphoryl
groups. While the first two examples use ATP as donor, the two subsequent
enzyme families use alternate donors that contain more complex
phosphorus-containing substituents.

One can quarrel with the inclusion of these posttranslational categories as
‘‘simple’’ phosphoproteomics, but they all contain anionic phosphoryl groups.
They thereby fit in our ‘‘noncanonical’’ categories of enzymatic strategies that
use phosphorus-containing metabolites as donors of electrophilic fragments to
nucleophilic side chains of protein residues (Figure 16.1). Not surprisingly, the
biological niches for these posttranslational modifications can be quite
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Figure 16.1 Four noncanonical proteome modifications: (A) Dehydroalanyl residues via P-Ser eliminations; (B) Tyrosyl–O–AMP phos-
phodiesters; (C) Ser–O–phosphorylcholine diesters; (D) Autophagy-related protein 8 (Agt8) protein linked to the head group of
the membrane phospholipid phosphatidylethanolamine via a phosphodiester linkage.
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distinct and specialized functionally. There are probably other examples of
posttranslational adducts that might make the list for interested readers be-
yond the four examples in Figure 16.1.

16.2 Cryptic Phosphoserines in Lanthipeptide
Formation

There is one well studied protein context in which serine and threonine
residues are posttranslationally phosphorylated but then subjected to
enzyme-mediated elimination of inorganic phosphate across the C2 and C3
carbons of the serine residue (Figures 16.2 and 16.3). These are the family of

Figure 16.2 Enzymatic processing of Ser or Thr residues in nascent lanthipeptide
precursor proteins to P-Ser or P-Thr residues, followed by elimination
of inorganic phosphate across C2 and C3. These olefinic side chains
may persist in the mature peptide or be captured by neighboring
cysteine thiolate anions to create the thioether residues lanthionine
or methyllanthionine.
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lanthipeptides.1 The P-Ser or P-Thr residues do not accumulate. They are
transient intermediates on the way to olefinic dehydroalanlyl (from P-Ser)
and dehydrobutyryl residues (from P-Thr). This is a posttranslational strat-
egy in hundreds to thousands of bacterial proteins. The fate of many but not
all of the olefinic side chains is subsequent intramolecular capture by a
thiolate anion of a particular cysteine side chain.2 The resultant nascent
isoamide adducts isomerize in the enzyme active sites, with C2 protonation,
(often to give the D-isomers) to yield lanthionine or methyllanthionine
residues. Lanthionyl and methyl-lanthionyl residues are bifunctional with a
stable thioether linkage, representing conformationally restrictive covalent
crosslinks.

Subsequent limited proteolysis digests the crosslinked proteins into
compact lanthipeptides with a diverse range of biological activities. Among
the functions are potent complexation of bacterial lipid II by nisin acting as a
food preservative. The saposin B (SapB) lanthipeptide instead functions as a
developmental morphogen for streptomycete spore-forming bacteria.3

Lanthipeptide bacterial gene clusters typically encode the substrate pro-
tein to be modified and a set of modifying enzymes. One protein partner is a
Ser–Thr kinase homolog. It is dedicated to forming the P-Ser or P-Thr
modifications noted above. This is classic Ser–Thr protein kinase activity on
a specific substrate protein. For nisin maturation, eight such O–PO2� side
chain monoesters are generated (Figures 16.2 and 16.3). We have noted it-
eratively that such P-Ser and P-Thr side chains are chemically stable.

The elimination of inorganic phosphate is therefore enzyme-mediated,
presumably initiated by abstraction of the C2–H of a newly formed P-Ser–P-Thr
residue as a proton, setting up a low energy elimination of HO–PO3

2� from C3.
This is the olefin-forming step as each of the eight P-Ser and P-Thr phosphate
esters undergo elimination of Pi across the C2–C3 bonds in nisin. These

Figure 16.3 NMR structure of lanthipeptide antibiotic actagardine (pdb 1AJ1), with
thioether linkages in yellow.
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eliminations subsequent to phosphorylations do not happen in the action of
the several hundred traditional kinases of the human kinome.

The olefins in nascent dehydrolalanyl and dehydrobutyryl residues are
also chemically stable (in the absence of nearby nucleophiles) and some
persist in a range of peptides derived from such posttranslational processing
enzyme machinery. However, those olefins are electrophilic and capturable
by cysteinyl thiolates in the immediate (usually intramolecular) micro-
environment. Mature nisin has five thioethers, a mix of one lanthionyl and
four methyllanthionyl residues (Figures 16.4 and 16.5). It is the thioether
formations that constrain conformational flexibility and introduce rigidity
into the maturing modified peptide scaffolds. Mature nisin is resistant to
proteases.

Thousands of lanthipeptide modification genes have been detected in cy-
anobacterial genomes,4 indicating that the tandem steps of serine–threonine
protein kinases followed by P-Ser–P-Thr eliminase actions to generate the
dehydro amino acid residues are widespread in prokaryotes. In turn, the
presence of a dehydroalanyl or dehydrobutyryl side chain in a bacterial pro-
tein or peptide is most often a signature that a serine or threonine residue had
been modified to set up the elimination. Not all go via O-phosphorylation.1

Some lanthipeptides form via Ser–O–glutamyl or Thr–O–glutamyl adducts as
an alternate route to deacylating eliminations to the dehydroalanyl and de-
hydrobutyryl residues (not shown).

In contrast, none of the thousands of P-Ser and P-Thr residues in proteins
of higher eukaryotes are known to be enzymatically processed for such

Figure 16.4 The food preservative nisin is generated as a small 34 residue pre-
protein, in which five Thr and three Ser side chains are phosphorylated
enzymatically by ATP and then eliminated to produce five dehydrobu-
tyryl and three dehydroalanyl resides.
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olefin-forming eliminations. Olefins are not posttranslational products in
higher eukaryotic proteomes.

16.3 Nucleotidyl Transfers to Thr and Tyr Side
Chains: Protein AMPylations

Back in Chapters 3 and 4 we noted that in low molecular weight metabolites,
the two major routes of ATP cleavage were phosphorylation (nucleophilic at-
tack at Pg) and nucleotidyl transfer (nucleophilic attack at Pa), with dozens to

Figure 16.5 There are five cysteine side chains in nascent nisin. All of these capture
upstream olefinic side chains, creating five thioethers (four methyl-
lanthionine, one lanthionine), leaving two dehydroalanyl and one
dehydrobutyryl side chain in the mature nisin. All five thioethers are
formed in the (retrograde) C to N direction.
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hundreds of examples of each route to P–O–P anhydride cleavage. A priori
then, it would not be surprising to expect that there might be similar protein-
modifying enzymes that carried out nucleotidylation rather than phos-
phorylation, particularly given the abundance of modifications of Ser, Thr,
and Tyr alcohol side chains (Figure 16.6). When ATP is substrate the nu-
cleotidyl transfer would be classified as adenylylation. In recent years as such
protein posttranslational adenylylations have been detected, largely in bac-
terial metabolism, authors have introduced the colloquial term AMPylation,
perhaps to AMP up the visibility of the phenomena in their publications.

16.3.1 Adenylylation and Uridylylation Cascades in Bacterial
Glutamine Synthetase Modification

The initial observations on protein side chain nucleotidylation go back al-
most 50 years to studies by Earl Stadtman’s group on regulation of bacterial
glutamine synthetase under high and low nitrogen conditions in the culture
media.5 Glutamine synthetase is the primary conduit for fixing NH3 into
amino acids (Figure 16.7) and its activity levels are closely regulated.

Bacterial glutamine synthetase is the key catalyst for fixation of inorganic
NH3 into organic metabolite scaffolds and is essential for life. The strategy is
to activate a g-carboxylate of substrate glutamate via phosphoryl transfer
from Mg–ATP to produce the intermediate glutamyl phosphate, now acti-
vated for capture of ammonia and formation of the amide in glutamine.
Glutamine is an amino acid framework to carry around a source of ammonia
in a nonnucleophilic form. Close regulation of the enzyme is anticipated to
deal with environmental nitrogen limitations on growth. The E. coli enzyme
is a dodecamer of 50 kDa subunits, a surprisingly large homo-oligomer. This
architecture allows cooperative interaction among subunits by both covalent
and noncovalent regulators for fine tuning of the flux of NH3 into metabolite
frameworks.

16.3.2 Regulation by Covalent Adenylyl Transfer to a Tyrosyl
Residue in Each Subunit

A major mode of regulation turned out to be covalent adenylylation of
tryosine residue 397 in each subunit of bacterial glutamine synthase. The Tyr
397–O–AMP phosphodiester form of the enzyme is largely inactive
(Figure 16.8). One can find intermediate states of activity, reflecting inter-
mediate levels of covalent adenylation from one to all twelve subunits, but all
12 subunits can be adenylated to turn the enzyme down to very low activity
levels.

When exogenous NH3 levels drop, glutamine synthetase needs to be re-
activated to sustain central metabolism. It turns out that the regulatory
adenylyl transferase has separate deadenylylation activity. (Figure 16.8).
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Figure 16.6 Two possible route of Ser, Thr, Tyr side chain modifications by Mg–ATP. Phosphoryl transfers give the familiar troika
of P-Ser, P-Thr, and P-Tyr stable phosphoproteins. On the other hand, nucleotidyl transfers would instead give the indicated
three adenylylated protein forms.
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Figure 16.7 Glutamine synthetase is the enzymatic conduit for fixation of inorganic ammonia, NH3, into amino acid, purine, and
pyrimidine scaffolds. It is a highly regulated enzyme. The catalytic strategy is to activate the g-carboxylate of Glu by
phosphoryl transfer from ATP and then aminate that activated carboxyl group. The dodecameric glutamine synthetase is
shown from X-ray structure determination (RSCB PDB structure 1F1H from Salmonella typhimurium). Also displayed is the
binding of ADP to one of the twelve identical subunits.
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Figure 16.8 The dodecameric bacterial glutamine synthetase can be adenylated on
Tyr 397 by a regulatory enzyme using Mg–ATP, acting as an inactivat-
ing adenylyl transferase (Tyr-AMPylation in current parlance).
This covalent inactivation can be reversed by the same enzyme,
acting in a deadenylation mode. The deadenylation cosubstrate is
not water, but instead inorganic phosphate. Thus, on reactivation of
glutamine synthetase ADP is released as coproduct by deadenylylating
phosphorolysis.
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In turn, another layer of covalent regulation is imposed on the system by a
partner enzyme that alters the balance of the adenylyl transferase (ATase)
activity between adenylylation and deadenylylation. That balance of adeny-
lylation and deadenylylation can be controlled by the interaction of this
ATase modification catalyst with a partner protein known as PII. PII, in turn,
can also be in a nucleotidylated form (Figure 16.9). In this case the
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Figure 16.9 A second level of regulatory nucleotidylation in the glutamine synthe-
tase system is provided by a uridylyl transferase (UTase) that adds
(or subsequently removes) a uridylyl (UMP) group to a tyrosine residue
in each of three subunits of regulatory protein PII. PII interacts with the
regulatory adenylyl transferase (ATase).
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nucleotidylation is via a UMP residue rather than an AMP residue. Up to
three tyrosyl residues on PII can be uridylylated by a companion uridylyl
transferase (UTase). The UTase itself can also deuridylylate PII under specific
conditions. We have noted the role of UTases in RNA processing by 30-mono-
and oligo-uridylylations in Chapter 4.

The unmodified uridylylated PII interacts with the GS-adenylyl transferase
and stimulates its deadenylylation activity on its target glutamine synthetase.
Two ways of looking at the multilayered two-tiered protein nucleotidylation
logic are depicted in Figure 16.10. The left-hand circular diagram shows the
cyclical behavior of the four-protein system [UTase, PII, ATPase, and ultimate
target glutamine synthetase (GS), with two levels of regulatory nucleotidyl
transfers, and one catalytic phosphorylation (GS catalysis)]. The right-hand
schematic indicates the costs of such regulatory control expenditures of ATP
and UTP to modulate a glutamine synthetase dodecamer and the preferred
kinetic directions It also indicates that the activity of glutamine synthetase is
also controlled by the levels of glutamate, and 2-ketoglutarate in the bacteria.

The activity of E. coli glutamine synthetase is thus controlled by a pair of
bifunctional nucleotidyl transferases which allows moment to moment
control of the uridylylation and adenylylation levels of the two proteins that
integrate metabolite levels to fine tune glutamine synthetase activity.

16.3.3 FIC Adenylation Domains

The bacterial glutamine synthetase paradigm appeared to be a singular use
of posttranslational nucleotidylation logic for almost four decades from its
original discovery in the 1960s and 1970s. This changed with the discovery
that bacterial filamentation phenotype induced by cAMP (FIC) domains
contained activatable protein nucleotidyl transferase domains.6,7 Specific-
ally, these use ATP, transfer an AMP equivalent, and have been termed
AMPylation domains. There are thousands of FIC-like open reading frames
encoded in bacterial genomes. Most of them are thought to be inactive in the
basal state due to an a-helix that charge pairs with an active site residue to
occlude access of ATP to the active site.

Activation of FIC domains includes auto-AMPylation of Tyr-OH side chains
to relieve the inhibition of the mobile a-helix (Figure 16.11). One of the
targets of bacterial FICs is adenylyl transfer to tyrosine residues in the DNA
gyrase B (GyrB) or partitioning protein E (ParE) subunits of the two classes of
DNA toposiomerase II dimers (Figure 16.11). The consequent inactivation of
gyrase activity turns on the SOS DNA damage response genes and leads,
among other effects, to the elongation and filamentation of cells that was the
original FIC phenotype.

Several bacterial pathogens, including Vibrio parahemolyticus and Histo-
philius somni secrete FIC type AMPylation enzymes that modify threonine
residues in various members of the small GTPase superfamily (Figure 16.11).
The V. parahemolyticus Vibrio outer protein S (VopS) targets a threonine in
the switch I region of RhoGTPases, slowing down hydrolysis of GTP to tightly
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Figure 16.10 Two views of the multi-layered regulation of bacterial glutamine synthetase by two-tiered nucleotidylation. (Left) The
adenylation state of GlnA subunits is controlled by the balance of action of the GlnE adenylyltransferase in adenylation
mode and the deadenylation mode, in turn controlled by the GlnD uridylyltransferase. (Right). The dodecameric glutamine
synthetase (GlnA) can be adenylylated at any or all of its 12 subunits, modulated by the activity of the PII protein that in turn
can undergo four uridylylations.
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Figure 16.11 (A) Auto-AMPylation of FIC domains in proteins activates them, e.g. for bacterial filament formation; (B) among exogenous
proteins AMPylated are tryosyl residues in the GyrB or ParE subunits of the type II bacterial DNA gyrases. Those are
inactivating modifications and are distinct from the tyrosine residues that get covalently modified to 5 0phosphate ends of
DNA gaps during catalytic cycles of single or double strand DNA breaks. (C) The aliphatic alcohol side chain of a threonine
residue in conditional RhoGTPases can undergo adenylylation (AMPylation) with resultant decrease in catalytic GTPase
activity.
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bound GDP, thereby blocking downstream signaling and disrupting inter-
actions with actin. Analogously, the immunoglobulin-binding protein A
(IbpA) protein of H. somni covalently adenylylates tyrosines in the switch I
region of RhoA, Rac, and Cdc42 subfamily members, with similar cell
rounding phenotypes, resulting from blocking of GTPase activity.7–9

Recently a pseudokinase, YidU, conserved from E. coli and Salmonella ty-
phimurium to humans has been demonstrated to have two nucleotidyl transfer
activities. One is AMPylation, both of itself, and proteins on Ser, Thr, or Tyr
residues that turns down activity.10 Variation in nucleotidyl transfer donor
specificity for the Salmonella enzyme has indicated that UTP is recognized
preferentially to ATP as a nucleotidyl donor. Among some 50–60 substrate
proteins UMPylated were the major protein chaperones GroEL, DNAK, HtpG
and ClpB in times of stress.11 Uridylylation of tyrosine or histidine residues
(UMP-phosphoramidates) are reminiscent of the logic of regulation of the
bacterial glutamine synthetase system noted above. The UMPylated chaperones
no longer bind client proteins to help shepherd them through folding pro-
cesses. In turn less ATP is used to help such protein clients fold and11 there is
less stress-induced ATP depletion in those cells where YidU is overexpressed.

FIC homologs are found in eukaryotes but have not been examined deeply yet.
It is known that a drosophila FIC adenylylates binding-immunoglobulin protein
homolog (BIP), an endoplasmic reticulum-resident protein folding chaperone.9

In E. coli and Sacchromyces cerevsiiae the selenoprotein SelO, thought to be
a pseudokinase because it lacks a crucial active site aspartate residue, shows
AMPylation activity towards a number of proteins involved in oxidative
phosphorylation.12 Further structural and catalytic examination of both a
pseudomonal and a human analog of that pseudokinase SelO demonstrated
that indeed it was not active for phosphoryl transfer from Mg–ATP. Instead,
the ATP substrate was flipped around in the active site such that Pa- rather
than Pg of bound ATP was attacked by alcoholic or phenolic side chains of
threonine or tyrosine residues in proteins. The result is covalent AMPyla-
tion.10 In humans a SelO homolog is mitochondrial in subcellular location
and led to AMPylation of mitochondrial proteins involved in redox metab-
olism, including the E1 enzyme component of a-ketoglutarate dehy-
drogenase (Thr–O–AMP) and of glutaredoxin (Tyr–O–AMP). The authors
suggested a reexamination of pseudokinases for AMPylation rather than
phosphorylation catalytic activity towards protein side chains was in order.

To date, the extent of protein posttranslational nucleotidylations compared
with protein phosphorylations is in the order of 1 : 10 000. While there may be
more protein AMPylations to be discovered, it appears that in contrast to low
molecular weight metabolism, posttranslational proteomics has not utilized
nucleotidyl transfers as a common route for protein-based signal transductions.

16.4 Transfers of Phosphorylcholine to Proteins
Legionella strains have two types of Fic enzymes that they can inject into the
cytoplasm of host cells. The defect in Rab1 (one of the small GTPase family
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members) recruitment (Drr) protein transfers an AMP moiety from ATP to
the tyrosyl 77 side chain phenolic oxygen in the switch II region of Rab1
GTPase, causing inactivation (Figure 16.12). An intriguing alternate activity
of a separate FIC enzyme, ankyrin repeat-containing protein X (AnkX), from
the same Legionella strain instead modifies the adjacent serine side chain-
OH but not by AMP. Instead, a phosphorylcholine is attached in both Rab1
and Rab35 GTPase isoforms10 (Figure 16.13).

Reasoning that CDP-choline is a common metabolically activated form of
phosphorylcholine, the investigators determined that it was indeed the
phosphorylcholine donor in this alternative posttranslational modification.
One would formulate the enzymatic transfer as a regiospecific attack by the
target protein-serine alkoxide anion in the transition state to attack the
distal phosphate of CDP-choline. Subsequent study revealed that AnkX
carries out autophosphorylcholination at Ser 521, Thr 620, and Thr 943, es-
tablishing chemospecificity to Ser and Thr side chains13 (Figure 16.14).
These authors propose a covalent phosphorylcholinyl-His 229 intermediate
on AnkX, indicating phosphoramidate chemistry (see Chapter 10) in play

Figure 16.12 Rab1 unusual modifications by bacterial pathogen enzymes. Legionella
enzyme Drr is an AMPylase for Tyr 177 of the Rab1 GTPase.
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during phosphoryl transfer to Rab1 (Figure 16.15). Finally, a Legionella
protein can remove three phosphocholine groups from Rab, presumably
acting as a phosphodiesterase14 (not shown).

Figure 16.13 Rab1 unusual modifications by bacterial pathogen enzymes. The
Legionella AnkX instead transfers a choline phosphate moiety to the
adjacent Ser 178 side chain.

Figure 16.14 Rab1 unusual modifications by bacterial pathogen enzymes. AnkX
automodifies up to three of its own side chains with a phosphorylcho-
line diester linkage.
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Typical nucleotidyl (cytidylyl) transfers would have seen attack on the
proximal phosphorus of CDP-choline not the distal phosphorus observed for
AnkX. It remains to be seen if there are other examples of such phosphor-
ylcholine phosphodiester formations by other FIC enzymes on the small
GTPase superfamily members and what the balance between adenylyl
transfer from ATP vs. phosphorylcholine transfer from CDP-choline turns
out to be.

16.5 Covalent Tethering of Atg8 to Autophagosomal
Membranes

Separate from phosphoproteomics is an extensive category of lipidated pro-
teomics in eukaryotic cells. The two major types of lipid protein covalent

Figure 16.15 Rab1 unusual modifications by bacterial pathogen enzymes. AnkX
first transfers the phosphorylcholine moiety from CDP–choline to an
active site histidine before transfer onto Ser 178 of Rab1.
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posttranslational linkages are (1) long chain fatty acids in either amide
(N-terminal glycine or side chain lysine amine) or thioester linkages (cysteine
thiolate), or (2) prenylated thioethers (cysteine thiolate as nucleophile).15

An alternate strategy for lipidation and directed location to an internal cell
membrane occurs for the protein autophagy 8 (Atg8), required for autop-
hagy.16 The core of the B14 kDa Atg8 resembles ubiquitin and that core is
processed by Atg enzymes that mimic the ubiquitin cascade. The C-terminus
of Atg8 undergoes precise limited proteolysis by Atg4 to uncover a C-terminal
glycine. The new glycine C-terminal carboxylate acts as nucleophile in a
classic nucleotidyl transfer to yield the Atg8–Gly–AMP mixed acyl phosphoric
anhydride. This is converted to a covalent Atg8 thioester on a Cys residue of
another Atg protein before undergoing thermodynamically favored capture
by the amino group of a phosphatidylethanolamine molecule under the
aegis of an Atg5–12–16 enzyme complex (Figure 16.16).

This lipidation in the form of a C-terminal amide between Atg8 and the
phosphatidyl ethanolamine tethers Atg8 to newly forming autophagosomal
membranes and enables assembly of other Atg protein components that
result in maturation of the autophagosome. The logic and mechanism of
attachment of the phosphatidylethanolamine head group to Atg8 is mech-
anistically orthogonal to the phosphocholination of Rab1 and Rab35 noted
above. In the Atg8 case, the C-terminus in the thioester linkage is the elec-
trophile. The amine of the membrane-localized phosphatidylethanolamine
is the nucleophile. In the Rab1–Rab35 case above, the Ser–OH side chain is
the nucleophile and CDP–choline is the electrophilic partner.

From a strict definition, neither of these two modifications fit into con-
ventional phosphoproteomics by mechanism or constitution of the protein
adducts. Yet, each has an anionic phosphodiester grouping covalently
tethered to a protein side chain or C-terminus and illustrates the diversity
of phosphorus posttranslational chemical biology. In such an expanded
definition one could also fit any enzyme that cleaves NAD1 in protein ADP
ribosylations, both as mono-ADP ribose or poly-ADP ribosylations.15

Although the diphosphate moiety of NAD1 is a bystander in such post-
translational modifications, the newly introduced ADP ribosyl moieties have
a dianionic pyrophosphate group (Figure 16.17). Furthermore, NAD1 turns
out to be the source of a novel phosphodiester crosslink in more than
180 mammalian proteins as detailed in the next section.

16.6 NAD1 as a Donor of Electrophilic Fragments
to Protein Side Chains: Proteomic Roles

Although the reduced forms of the nicotinamide coenzymes (NADH,
NADPH) are rightly considered the mobile electron transfer currency for
hundreds of two-electron redox reactions cellular metabolism, the oxidized
form NAD1 has an extensive set of non-redox roles in posttranslational
modification of proteins.17 Inspection of the structure of oxidized NAD1 in
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Figure 16.16 Atg8 is activated by ubiquitin type logic to form a C-terminal-AMP and then a C-terminal S–enzyme intermediate before
transfer of the activated Agt8 protein moiety to the head group of a phosphatidylethanolamine lipid molecule. This is a key
step in organellar apoptosis in cells.
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Figure 16.17 Six distinct posttranslational modifications containing one or more phosphate-derived group.
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Figure 16.18 reveals three sites of enzyme-mediated fragmentation of NAD1

with transfer of electrophilic fragments to nucleophilic side chains in
proteins. The corresponding biosynthetic logic to NAD1 assembly, utilizing
three distinct types of phosphoryl group chemistry has been described
earlier in Figure 4.24.

The first reaction arrow in Figure 16.18 points to C1 of the ribose moiety
in the NMN1 portion of the NAD1 scaffold, reflecting the permanent
charge on the adjacent quaternized nicotinamide ring in the oxidized
state. That permanent charge makes C1 of that ribose moiety electrophilic,
in analogy to the CH3 group adjacent to the cationic S atom in
S-adenosylmethionine. This C1–N1 bond turns out to be the most labile for
enzymatic reactions that generate fragmentation of NAD1, transferring the
ADP ribosyl moiety to cellular nucleophiles. As shown in Figure 16.19,
typical protein side chains undergoing ADP ribosylation in target proteins
include the thiolate anion of cysteine, the g-carboxylate side chain of
glutamyl residues, and, perhaps unexpectedly, the amidino side chain of
arginine residues.

The second arrow in Figure 16.18 indicates the cleavage point of NAD1when
it is a substrate for the subclass of DNA ligases that use NAD1 rather than
ATP as a nucleotidyl donor (see Chapter 6, Figure 6.13). That mode of

Figure 16.18 Three sites of enzymatic cleavage of NAD1 in nonredox protein modifi-
cations. ADP ribosyl transfers, adenylations, and phosphoribosyl-
ubiquitin transfers.
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fragmentation utilizes the pyrophosphate bridge between the AMP and NMN1

halves of NAD1 as a phosphoric anhydride donor of the adenylyl moiety.
The third arrow indicates cleavage of that same pyrophosphate bridge at

the other electrophilic phosphorus in the P–O–P anhydride functionality. In
this case the phosphoribosyl moiety is transferred to a serine residue in a
range of mammalian target enzymes. To examine this third mode of NAD1

reactivity we take up the recent finding that this mode of cleavage is effected
by a set of enzymes injected into host cells by the bacterial pathogen
Legionella pneumophila. This also involves the mammalian posttranslational
protein modifier ubiquitin and ADP ribosylation as part of this pathogen’s
host cell biology.

A large number of mono-ADP ribosylations and poly-ADP ribosylations
have been reported and characterized for different biological effects in cel-
lular contexts and are largely beyond the scope of discussion in this section.
Notably though, ADP-ribosylation of the 76-residue mammalian protein
ubiquitin has recently been discovered.

Ubiquitin itself, a 76-residue small helical protein, is widely used as an
information-rich posttranslational modification covalent tag in a wide range
of mammalian biology. Typically, ubiquitin is activated on its C-terminal
glycine 76 carboxylate, first as an –AMP mixed carboxylic anhydride, then as
an acyl thioester on two consecutive enzymes before undergoing transfer as a
protein acyl group on to the side chains of lysine residues in hundreds of
cellular protein targets. The resultant ubiquitinyl–Lys isopeptide bonds are
stable to normal peptidases, although susceptible to hydrolysis by deubi-
quitinylating hydrolases.

Figure 16.19 Two distinct sites of ADP ribosylation on ubiquitin.

512 Chapter 16



Figure 16.20 ADP ribosyl transfer to Arg 42 of ubiquitin by the legionella SdeA enzyme.
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Two regio-distinct ADP-ribosylations of ubiquitin have been observed as
noted in Figure 16.19. The poly (ADP–ribose) polymerase 9 (PARP9) ADP
ribosyltransferase modifies the C-terminal glycine 76 carboxylate, the same
kind of regiochemistry seen in canonical ubiquitin activation enzymology.
However, when L. pneumophila infects mammalian cells it uses NAD1 to
ADP-ribosylate the amidino side chain of Arg 42 in an ADP–ribosyl–Ub am-
inal linkage18,19 (Figure 16.20). The Legionella enzyme is one of about 300
enzymes injected into host cells, some 10 of which disrupt normal ubiquitin
biology.20 The requisite ADP ribosyl transferase is SdeA, but SdeA is not
finished when it has ADP-ribosylated ubiquitin.

It turns out that SdeA and its Legionella homologs are bifunctional en-
zymes. The second activity in an adjacent catalytic domain is structurally
related to some phosphodieterases.21 However, this second activity of
SdeA is in fact the third arrow for NAD1 cleavage in Figure 16.18. The

Figure 16.21 The second catalytic activity of SdeA involves release of AMP and
transfer of a phosphoribosyl-ubiquitin to serine-OH side chains of
host proteins.
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ADP–ribosyl–Arg 42–Ub is one substrate and any of B180 mammalian host
proteins are cosubstrates, each using a serine side chain as a nucleophile to
transfer the phosphoribosyl-Ub fragment to the attacking host proteins. As
shown in Figure 16.21, this action converts each of those serine side chain to
phosphodiesters. The other substituent on phosphorus is the -ribosyl–Arg
42–Ub tag.22,23 This second activity of SdeA is required for the L. pneumophila
intracellular disease phenotype in infected human cells: Golgi complex
fragmentation as the bacteria encase themselves in a newly created intra-
cellular vacuole and multiply therein. Finally, L. pneumophila can also inject
enzymes into host cells that act as specific phosphodiesterases, cleaving
the Protein–Ser–P–ribose–Ub crosslink giving back native host protein and
releasing the Ub–Arg 42-ribose-5-phosphate fragment.24

This is a new nonredox role for NAD1 with a distinct regiospecificity of
enzymatic cleavage of its pyrophosphate linker. An engulfed L. pneumophila
bacterium injects hundreds of proteins into its mammalian host cell, among
them the bifunctional SdeA that does a pair of tandem reactions on the
NAD1 scaffold: first an ADP ribosylation to ubiquitin on an unusual
side chain and then the novel phosphoribosyl-Ub transfer to host proteins.
This affects not just one protein butB180 of them, opening up a new chapter
in posttranslational protein modifications by phospho-ribosyl-ubiquitin
frameworks. The second step is a special form of protein ubiquitination,
likely to disrupt normal ubiquitin trafficking and signaling (e.g. the frag-
mentation of the Golgi complex in Legionella-infected cells).
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CHAPTER 17

Broad Biological Arcs from
Only Four Types of Phosphate
Molecules

The vast sweep of phosphate chemistry in biological systems can be
categorized by multiple criteria. One is by metabolite category as we shall
summarize below. A second is by the economically small number of
chemical forms in which phosphorus exerts its biologic effects.

17.1 The Simplicity of Phosphate Chemistry
in Biological Systems: Inorganic Phosphate,
Phosphoric Anhydrides, Phosphate Monoesters,
Phosphate Diesters

This second categorization has been the backbone of this volume. The
default compound is inorganic phosphoric acid, as its monoanionic and
dianionic salts at physiological pH ranges. Phosphate ions are essentially
redox inert in499% of the metabolic niches of life, simplifying (and perhaps
also restricting) the scope of phosphometabolite reactivities to P15 oxidation
state chemistry. Three derivatives of inorganic phosphate then make up
490% of the phosphate forms across the metabolic landscape (Figure 17.1).
Two other notable transient phosphate metabolites derived from these core
categories are acyl phosphates and enol-phosphates noted later as metabolic
intermediates that donate –PO3

2� groups to ADP to form ATP in the glycolytic
pathway.

All forms of biological phosphate compounds (except the xenobiotic
phosophotriester insecticides and nerve toxins) are negatively charged in
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biologic milieus. Those charges affect kinetic stability, and enable phosphates
to function as double-headed, orthogonal reactants: nucleophilic at the per-
ipheral oxyanions, electrophilic at the central phosphorus atoms.

Another essentially simplifying feature of phosphate chemical biology is
that there are only a handful of phosphate-containing molecular frame-
works, used over and over. There is inorganic phosphate itself, often limiting
for prokaryotic growth and yet maintained at a tight concentration of around
1 mM in eukaryotic sera. The two biologically most important derivatives of
phosphoric acid (and its anions) are phosphoric anhydrides and phosphate
esters to alcohol(s), either monophosphate esters (one ROH) or phospho-
diesters (ROH and R0OH).

Depending on one’s biological interest, one might advance phosphoric
anhydrides (ATP and other NTPS), phosphate monoesters (protein kinases
and phosphoproteomics), or phosphodiesters (RNA and DNA) ahead of the
other two phosphate derivatives. They represent as few as three central facets
of chemical logic to power most of metabolism, growth, and biological in-
formation transfer.

Phosphoric anhydrides (from the simple inorganic pyrophosphate to the
nucleoside triphosphate building blocks of RNA and DNA) ultimately power
every category of biomacromolecular synthesis. In the specific guise of
ATP, they serve as ion pumps in every cell type. The astounding calculation
that organisms make and fully utilize their body weight in ATP every day
is a triumphant paean to the combined thermodynamic activation and

Figure 17.1 Inorganic phosphate and three other derivatives are the small set of
phosphate forms that power metabolism.
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conjoined kinetic stability of phosphoric anhydrides as chemically central
sources of biologic energy.

Phosphate monoesters are generated from the ur-energy source ATP by
attack of cosubstrate alcohols on the terminal Pg phosphoric anhydride
group in the side chain of ATP (Figure 17.2). This is the default reaction in
trapping glucose in every cell type. It is also the most common chemical
reaction in the more than 200 types of protein posttranslational modifica-
tions. Protein kinases in their hundreds provide the protein-based signaling
network that enable moment to moment coordination and integration of the
thousands of tasks cells and tissues have to choreograph incessantly.

Phosphodiesters can arise by two tandem phosphorylation events from
two ATP molecules. However, this logic is dwarfed in the biosynthetic
pathways for DNA, RNA, proteins, polysaccharides, and membrane phos-
pholipids by phosphodioester formation by way of nucleotidyl transfers
(Figure 17.2). These, like phosphoryl transfers above, rely on energetically
favored ATP side chain phosphoric anhydride cleavage. The pattern of
fragmentation is distinct: Cosubstrate nucleophiles, most typically R-OH
groups, are directed to attack Pa, not Pg, in the ATP side chain. The
nucleophile gets adenylated when ATP is cosubstrate or guanylated
(GMP transfer), uridylylated (UMP), or cytidylylated (CMP). There are
multiple and chemically rich consequences of nucleotidyl transfer logic and
machinery for building phosphodiesters, none more central than making
RNA and DNA. It still seems astoundingly simple that the sole covalent

Figure 17.2 Two phosphoric anhydride linkages in ATP enable three modes of
triphosphate side chain fragmentation: phosphoryl transfers, pyropho-
sphoryl transfers, and nucleotidyl transfers.
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bonds connecting the millions of monomer (NMP or 20dNMP) units in long
chain information-rich RNA and DNA are the resultant internucleotide
phosphodiesters. The use of these (always monoanionic) internucleotide
phosophoidiesters has many ramifications, stretching from evolution, dif-
ferential chemical stability of DNA vs. RNA, replication, repair, editing, and
splicing. Nucleic acid biology in all its glory and complexity is enabled,
directed, and constrained by the chemistry available to those monoanionic
internucleotide phosphodiester bonds.

17.2 Phosphate Involvement by Metabolite Category

17.2.1 Phosphate Involvement in Low Molecular Weight
Metabolic Pathways

17.2.1.1 Carbohydrates

Carbohydrates are perhaps the highest visibility metabolic class where
monomers, largely neutral sugars, are routinely phosphorylated, converting
neutral polyols, passively diffusible through membranes, into membrane
impermeant dianions. These are largely sugar monophosphate esters formed
in classical phosphoryl transfers from ATP, but can be transformed to par-
tition glucose-phosphates to distinct metabolic fates.

The most celebrated processing route of glycolysis reveals the logic and
mechanisms for converting the ‘‘low energy’’ glucose-6-phosphate monoester
into two notable activated phosphoryl groups (Figure 17.3). The first is an acyl
phosphate – mixed acyl phosphoric anhydride (1,3-diphosphglycerate) – and
the second an enol phosphate (PEP) as thermodynamically activated, kinetic
stable phosphoryl agents to drive ATP synthesis.

The phosphoryl group on glucose acts as a chemical traffic cop for routing
glucose between glycolysis, the pentose phosphate pathway, and oligo-
saccharide and polysaccharide biogenesis.

The interconversion of glucose-6-phosphate to glucose-1-phosphate via
transient 1,6-diphospho intermediate is an inventive enzymatic turnstile
mechanism.

The glucose-1-phosphate is used then as a nucleophilic phosphate equiva-
lent, a reversal of reactivity from the electrophilic phosphoryl group trans-
fers. This reactivity sets in motion nucleotidyl transfers to create nucleoside
diphosphosugars as sources of C1–glucosyl oxocarbenium ion equivalents
for all biological glycosyl transfers (such that all glycosyl units are connected
to what had been the cosubstrate nucleophile at C1). Analysis of the
underlying chemical logic is that the net conversion of, for example, glucose-
6-phosphate to glucose-1-UDP, has set up low energy cleavage of the C1–O
bond, lowering the barrier for transfer of glucosyl C1 oxocarbenium
equivalents into the biological universe.

Finally, a quintessential strategy for mobilizing glucosyl units, from starch,
glycogen, cellulose and other glycans, is enzyme-mediated phosphorolysis.
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Figure 17.3 The phosphate monoester in glucose-6-phosphate is converted to two activated phosphoryl group during glycolysis: an acyl
phosphate and a phosphorylated, trapped enol.
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Inorganic phosphate acts as a nucleophile, via one of its anionic oxygen
substituents, towards the glucosyl–C1–oxocarbenium ions in transition states
to give the sugar-1-1-phosphates. Phosphohexose mutases in their reverse
turnstile catalytic modes generate the 6-phosphoglucose regioisomers to feed
into glycolysis for energy.

17.2.1.2 Nucleotides

Nucleotides are clearly at the intersection of ribose metabolism as building
block on the one hand and DNA and RNA assembly as the downstream linear
condensed products on the other hand. Several attributes of phosphate
chemical logic are exercised as glucose scaffolds are funneled down its third
metabolic pathway to ribose and then nucleic acids. On the order of tens of
billions of 6-phosphoglucose molecules per cell cycle get oxidized at C1, then
at C3 to set up decarboxylation to D-ribose-5-phosphate. This is a major flux
during the DNA synthesis part of the cell cycle (S phase) and at all times
when RNAs are being made.

The de novo biosynthesis of both pyrimidine and purine nucleotides from
5-phosphoribose utilizes the third mode of ATP fragmentation to drive
biosynthetic equilibria, pyrophosphoryl transfers (Figure 17.2). The 5-phos-
pho-ribose-1-pyrophosphate (PRPP, reflecting two of the three modes of ATP
cleavage) molecules are activated at C1 as electrophilic sites for subsequent
displacement by amine nucleophiles so both purine and pyrimidine-
50-phosphates are assembled this way.

To go from nucleoside-50-phosphates that emerge from the purine and
pyrimidine pathways to the triphosphates, two consecutive sets of kinase-
mediated phosphoryl transfers occur. These build up pyrophosphate and
then triphosphate side chains in the NDP and NTP products. Those are
energy neutral phosphoric anhydride interchange reactions, not phosphate
ester transformations.

17.2.1.3 Biomacromolecular Condensed Linear Polymer Growth:
Driven Thermodynamically and Mechanistically
by Nucleotidyl Transfers.

Much of chapter four dealt with the common logic that the assembly of de-
hydrated, condensed linear biopolymers – RNA, DNA, proteins, and oligo-
saccharides – are driven by coupled nucleotidyl transfers that ultimately end
in net hydrolysis of the NTP to NMP (captured in the growing RNA chain)
and released PPi.

The DNA and RNA chains, the proteins, and the polysaccharides are all
accumulating against unfavorable equilibria. The combination of nucleotidyl
transfer logic that releases PPi as a phosphoric anhydride linkage is utilized,
and inorganic pyrophosphatase in cells, means that NTPs are cleaved de facto
into an NMP fragment and two PPis. Two phosphoric anhydride linkages are
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spent in each elongation step to push the otherwise unfavorable equilibria of
biopolymer accumulations.

The nucleotidyl transfers in the macromolecular biosynthetic and mem-
brane phospholipid classes are in the context of distinct types of cosubstrate
scaffolds. At first glance they look to be quite disparate processes with dra-
matically different functional group chemical biology in play. However, all
four high flux pathways are united by underlying nucleotidyl transfer logic,
even though only the nucleic acids have incorporated the NMP or dNMP
moiety in flight in each reactant class (Figures 17.4–17.7).

In RNA and DNA polymerase action the NMP or dNMP moiety from the
triphosphate substrates are incorporated permanently in the growing chains
via direct formation of each internucleotide phosphodiester bond. In protein
biosynthesis, each of the 20 proteinogenic amino acid carboxylates react as
oxygen nucleophiles to form the mixed aminoacyl–AMP anhydrides. These
are not the final products because of kinetic instability with release of AMP.
Indeed, they are one step away from the stable amide bonds in proteins by
way of mobile aminoacyl–oxoester linkages in the aminoacyl-tRNAs. Each
ATP utilized is split to AMP and PPi.

For oligosaccharide, polysaccharide, O- and N-glycoprotein arrays, yet a
third context is operant. A sugar-1-phosphate, e.g. glucose-1-phosphate, via
one of that phosphate’s oxyanions, is the nucleophile towards UTP for the
enzyme-mediated uridylyl (nucleotidyl) transfer step. This deploys a third
kind of oxygen nucleophile (30–OH for RNA and DNA, amino acid carboxylate
for protein biosynthesis, here the phosphate monoester oxygen). The result
of this nucleotidyl transfer is a sugar-1–P–P–ribose–uracil¼UDP glucose. We
have noted that such UDP sugars are then used as chemical reagents for
offering up C1-glucosyl oxocarbenium ion equivalents, e.g. to C4–OH of
oligosaccharide chains in forming the characteristic linear condensed chains
of starch, glycogen, and cellulose.

17.2.1.4 Membrane Phospholipids

The fourth major biosynthetic metabolite class involving phosphoryl and/or
nucleotidyl group transfer chemical logic and enzymatic machinery are
not condensed informational biopolymers. They are the amphiphilic
diacylglycerol-based phospholipid diesters that in their hundreds of millions
and billions of individual monomer molecules make up the lipid biolayers
of cellular membranes. These can still be assembled by nucleotidyl transfer
logic, e.g. CDP–choline and diacyl glycerols as substrates. The product –
phosphatidylcholine – contains one of the phosphate groups from CDP
choline but the CMP moiety has been released as free product (a smoking
gun for cytidylyl transfer?). The membrane phosphatidyl lipids are phos-
phodiesters, with hydrophobic acyl tails and hydrophilic monoanionic
phosphodiester groups. The amphiphilic two portions, hydrophobic tails
and polar head groups, form the physical basis for self-assembly into lipid
membrane bilayers.
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Figure 17.4 Nucleotidyl transfer is the common biosynthetic logic in activation of monomers for RNA and DNA: examination of the fate of
the nucleotidyl groups in flight.
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Figure 17.5 Nucleotidyl transfer is the common biosynthetic logic in activation of monomers for proteins: examination of the fate of the
nucleotidyl groups in flight.
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Figure 17.6 Nucleotidyl transfer is the common biosynthetic logic in activation of monomers for polysaccharides: examination of the fate
of the nucleotidyl groups in flight.
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Figure 17.7 Nucleotidyl transfer is the common biosynthetic logic in activation of monomers for membrane phospholipids: examination
of the fate of the nucleotidyl groups in flight.
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17.2.2 Protein Posttranslational Modifications:
Stable vs. Transient Phosphoproteomics

If one woke up a biologist from a sound sleep and uttered the word phosphate
biochemistry, intelligible replies would surely vary but ‘‘phosphoproteomics’’
would most likely dominate. The explosive reach of phosphoproteomics over
the past four decades has uncovered far-reaching and intricate networks of
protein-based sensing and signal integration in essentially every subcellular
compartment. Up toB250 000 P-Ser, P-Thr and P-Tyr residues are predicted
in human phosphoproteomes. This all happens with one type of substrate
ATP, acted on by B520 protein kinases in the human kinome, provides its
electrophilic g–PO3

2� to any of the three -OH side chains of Ser, Thr, or Tyr
residues of target proteins. Chemically stable phosphate monoesters are
the products and require the action of phosphate monoesterases (phos-
phatases) for reversal. The enzyme chemistry is almost unitary, albeit protein
kinases tend to be highly chemoselective for the aliphatic Ser–OH and
Thr–OH vs. the phenolic –OH of Tyr residues. This is a high level and over-
simplified description of what has become canonical phosphoproteomics
(Figure 17.8A)

17.2.3 Protein Posttranslational Modifications:
Canonical vs Noncanonical Phosphoproteomics

We (and others) have distinguished these canonically stable phosphopro-
teomes from transient noncanonical phosphoproteomes. Of the 20 proteino-
genic amino acids, nine have potentially nucleophilic side chains. Above and
beyond the three Ser, Thr, and Tyr-alcohol groups, the nitrogens of His, Lys,
and Arg side chains, the carboxylate side chain oxygens of Asp and Glu, and
the thiolate anion of Cys residues are nucleophilic candidates for enzymatic
phosphoryl transfers. They rarely lead to stable phosphoproteins,
consistent with the expected thermodynamic activation of –N–PO3

2� phos-
phoramidates, –COOPO3

2�mixed acyl phosphoric anhydrides, and –S–PO3
2�

phosphorothioate linkages (Figure 17.8B). It is likely that an updated phos-
phoproteomics version 2.0 should encompass both the thermodynamically
activated transient phosphoproteome (Figure 17.5), many of which are
covalent catalytic intermediates in ATP-consuming enzymes, and the de-
activated stable phosphoproteome of P-Ser, P-Thr, and P-Tyr, chemically
suited for stable transduction of protein-based signals.

Histidine autokinases and paired aspartyl phosphate receiver proteins
dominate bacterial integration of external signals via such transient
phosphoproteomics. In eukaryotes, this transient phosphoproteomics
pair have been replaced by an explosive radiation of tyrosine autokinases
and protein serine–threonine kinases, giving the canonical stable phos-
phoproteomes. In turn, that stability has led to the evolution of sets
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Figure 17.8 (A) Stable canonical vs. (B) Transient noncanonical phosphoproteomics: Nine nucleophilic amino acid side chains in proteins
can be phosphorylated; Three of them are chemically stable as the canonical P-Ser, P-Thr, and P-Tyr phosphoproteomes.
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of phosphoprotein-recognition partner protein domains and also
families of both protein serine phosphatases and protein tyrosine phos-
phatases, features not required or present in transient phosphoproteomics
networks.

17.3 Glucokinase Regiochemistry Connected
to Directionality of RNA and DNA Polymerase
Replication and Transcription

We conclude with a short vignette about the downstream fate of the
phosphoryl group transferred from Pg of ATP to the hydroxyl substituent at
C6 of glucose, arguably the first step in capturing a key metabolite in-
tracellularly. This is meant to illustrate the linkage of upstream and
downstream cellular phosphoryl transfers and the imperatives the up-
stream paths lay out for the downstream catalysts; in this case hexokinase
regiospecificity and directionality of DNA and RNA polymerase-catalyzed
nucleic acid chain growth.

The first chemical event on the scaffold of glucose after it has been
transferred across membranes into cells is enzymatic phosphorylation at the
sole primary hydroxyl group at carbon six, available in both the major cyclic
hemiacetal glucopyranose anomers and the minor open chain aldehyde
form. The several isomers of mammalian hexokinases (glucokinases) all
exhibit the same regiochemical specificity for the more reactive, less hin-
dered C6–OH as do those bacterial phosphotransferase systems where the
phosphoryl donor is PEP not ATP (Chapter 3).

This has been noted for decades as an electrostatic trap to keep the now
anionic glucose-6-phosphate from passively diffusing across lipid plasma
membranes and back out of cells. We also noted that the low energy phos-
phate monoester in glucose-6-phosphate is ultimately converted during the
ten enzyme steps of glycolysis to the phosphorylated enol in PEP and thereby
converted to a phosphoric ester (by enolase) thermodynamically activated for
transfer to ADP [by pyruvate kinase (Chapter 6)].

In a very real sense this initial glucokinase regiochemistry for C6-OH
phosphorylation of glucose has ramifications that reach far downstream into
the catalytic machineries of primary metabolism. For example, one of the
three major metabolic fates of glucose-6-phosphate is transit through the
pentose-phosphate pathway with 5-phosphoribose as a major endpoint
metabolite. The first four enzymes of the pentose phosphate pathway oxidize
6-phospho-glucose at C1 from the hemiacetal to the lactone oxidation
state, open it hydrolytically to the acid, oxidize C3 via NADP reduction, and
then decarboxylate 6-phospho-3-keto-gluconate to D-ribulose-5-phosphate
(Figure 17.9). A keto–aldo isomerase (ribulose-phosphate isomerase) then
equilibrates the C-1,2-hydroxycarbonyl moiety between the ribulose ketose
and the ribose-aldehyde form.
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Figure 17.9 The regiochemical preference of hexokinase for C6 of glucose reads out in the 50 to 30 directionality of chain growth by RNA
and DNA polymerases. Glucose-6-phosphate to ribulose-5-phosphate.
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No change in the phosphate monoester group has occurred in this
five-enzyme (pentose-phosphate) pathway from 6-phospho-glucose to
5-phospho-ribose. As noted in Chapter 5, the 5-phospho-ribose is then
substrate for a unusual pyrophosphoryl transfer, with the a-C1–OH of the
hemiacetal (furanose) form of 5-phospho-ribose attacking Pb of Mg–ATP to
give 5-phosphoribose-ribose-1-diphosphate (PRPP) that serves as the key
building block for both purines and pyrimidines as well as the nicotinamide
coenzymes. Thus, the pyrimidine scaffolds (uracil, and then to cytosine)
and the purine scaffolds (inosine and then to adenine and guanine) are all
constructed de novo on C1 of the 5-phospho-ribose framework (Figure 17.10).
This biosynthetic chemistry leads inevitably to 50-monophosphates (UMP, AMP,
GMP) and then as noted in Chapter 3, by tandem action of two kinases up to
the 50-nucleoside triphosphates (Figure 17.11). The corresponding building
blocks for DNA replication are processed as 50-ribonucleoside diphosphates to
20deoxy-50-NDPs by ribonucleotide reductases.

Thus, the original regiochemical choice of glucokinases as the first entry
step in glucose metabolism leads straightforwardly to 50-NMPs and 50-NTPs
and 20-deoxy-50-NTPS. The original –PO3

2� group on glucose-6-phosphate
has become the a-phosphoryl group of NMPs and NTPs or dNTPs. There is
no similar widespread enzymatic path to 30NMPs, NTPs, and 20deoxy-
30-NTPs, and they are not common metabolites in cells. DNA polymerases
and RNA polymerases have presumably evolved and adapted to this existing
pool of activated monomers for chain elongation strategies.

To build the elongating chains with the 3 0,5 0-phospohodiester as the
sole covalent linkage that anchors the NMPs and 2 0dNMP units together
in the long RNA and DNA chains, the polymerases use the 5 0-NTP and
5 0-dNTP building blocks: monomers as electrophiles at phosphorus and
the 3 0-OH of the nucleic acid chain termini as nucleophiles. Each such
attack releases PPi and incorporates the NMP and dNMP monomer into
the growing chain (Figure 17.12). The phosphate group coming in with
each NMP is the one put on by glucokinases in the first place. Chain
growth of DNA and RNA can only proceed in the 5 0 to 3 0 direction because
the pool of activatable monomers are 5 0-NTPs and dNTPs not the 3 0NTPs
and dNTPS.

This is a tidy and chemically logical connection between phosphoryl group
trapping of glucose inside cells and its metabolic morphing into the phos-
phodiester group that links each monomer in RNA (and DNA) chains. The
hexokinase or glucokinase regiochemical preference for the lone primary
hydroxyl group of glucose, leading to accumulating 6-phospho-glucose,
ensures that 5-phospho-ribose is the pentose-phosphate that is available for
de novo assembly of purines and pyrimidines. Chain extension to the 50 NTPs
or dNTPS then dictates the chemical logic for directionality of RNA and DNA
polymerases. Four ATPs (labeled ATP1–4 in Figures 17.9–17.11) are consumed
between glucose and any RNA (mRNA, tRNA, rRNA, non-coding RNAs, . . .)
chain elongation event. Three of the four ATPs undergo phosphoryl
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Figure 17.10 The regiochemical preference of hexokinase for C6 of glucose reads out in the 50 to 30 directionality of chain growth by RNA
and DNA polymerases. Ribose-5-phosphate to PRPP to purine and pyrimidine nucleotide 50-monophosphates.
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Figure 17.11 The regiochemical preference of hexokinase for C6 of glucose reads out in the 50 to 30 directionality of chain growth by RNA
and DNA polymerases. 50-NMPs to 50-NTPs by successive phosphoryl transfers.
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Figure 17.12 The regiochemical preference of hexokinase for C6 of glucose reads out in the 50 to 30 directionality of chain growth by RNA
and DNA polymerases. Incorporation of 50-NTPs or dNTPs into nucleic acid growing chains.
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transfers, one experiences pyrophosphoryl transfer in the PRPP formation
step. Each XMP group incorporation (AMP, GMP, UMP, CMP) in RNA chain
extension is a nucleotidyl transfer. Thus, all three types of ATP triphosphate
side chain fragmentations are involved in connecting glucose-6-phosphate
formation to nucleic acid polymerase directionality.

Broad Biological Arcs from Only Four Types of Phosphate Molecules 537



Subject Index
g-glutamyl-cysteine, 72
g-glutamyl-phosphate, 72

D3-isoentenyl-pyrophosphate, 215
D2-isopentenyl diphosphate, 49
D2-isopentenyl pyrophosphate,

47–48, 50
D3-isopentenyl pyrophosphate, 47, 50

AAA-proteins, 82, 89–91
ABC type transmembrane ATPases,

87–89
Abelson tyrosine-protein kinase 1

(Abl) protein, 462
acetylcholine, 289
acetylcholine esterase, 292
acyl phosphates, 12, 71, 72, 190–193,

304–306
vs. acyl adenylates, 177–183
metabolites, 180
in phosphoproteomes, 429

acyl phosphoric anhydride
metabolites, 178

acyl thioesters, 304–306
phosphate capture of, 305

adenosine diphosphate (ADP), 9, 55, 71
adenosine monophosphoramidate,

325
adenosine triphosphate (ATP),

10–12, 55
vs. ADP, 64
daily human consumption,

66–67
phosphoryl transfers from,

67–69
synthetic analogs of, 358

adenosine triphosphate (ATP)
synthases, 9

adenosyl-B12 coenzyme, 170–176
adenosyl transfers, 169

adenosyl-B12 coenzyme,
170–176

S-adenosylmethionine
synthetase, 169–170

adenylate kinase, 73–77
adenylylation cascades, 496
adenylyl-sulfate (APS), 187
adenylyl transfers, 105–109, 126,

158, 209
in posttranslational maturation

of microcin C7, 319
tyrosyl residue, 496–501

ADP ribosyl transfer, 513
alanyl tRNA synthetase, 109
alcohol kinase reactions, 71
alcohol–phosphate monoester, 197
alkaline phosphatase, 231
allotropes, 5
allyl carbonium ion transition state,

48–50
amidinotransferase enzyme, 314
aminoacyl tRNA synthetases,

109–111
first half reaction of, 109
second half-reaction of, 110

aminokinase action, 323–327
AMP, 52, 73, 276
AMP kinase, 74
AMP phosphoramidate, 316
antimetabolite phosphinothricin, 331
Arf, 93
arginine phosphoramidates, 413–418



aspartyl phosphate intermediates,
434–440

aspartyl phosphates, 189
ATPases

cellular work and, 79–82
domains, diverse functions,

89–91
in human proteomes, 81
phosphoryl transfer to water,

79–82
reaction, 67
transmembrane, 82

ATPases associated with cellular
activities (AAA), 89–91

ATP citrate lyase, 182
ATP hydrolase (ATPase), 99
ATP synthase, 59, 84–87
autophagosomal membranes,

507–508
autophagy 8 (Atg8), 507–509

bacterial phosphotriesterases, 291,
293

bacterial propanediol dehydrase, 175
bacterial S-phosphoryl enzymes,

421–423
biologically activated phosphoryl

groups
acyl phosphates vs. acyl

adenylates, 177–183
aspartyl phosphates, 189
cysteinyl phosphates, 189
guanidinium phosphoramidates

(phosphagens), 187–188
low molecular weight

phosphomonoesters, 189–190
phosphorylated enols, 183–186
protein histidinyl phosphates,

189
protein serinyl phosphates, 189
spectrum of, 177
sulfuric–phosphoric anhydrides,

187
threonyl phosphates, 189
tyrosyl phosphates, 189

bio-macromolecules, 106

bis-sulfurylation, 187
bone formation, 31–33

calcium phosphate, 3, 8, 31
Camphylobacter jejuni strains, 320–321
canonical phosphoproteome scope,

452–453
capsular polysaccharide, 320
carbocationic transition states, 47–48
carbohydrate metabolism, 211
carbohydrate phosphorylases, 302
carbohydrates, 521–523
carbon electrophiles, 308
carboxylate isosteres, 337–343
Cas9, 264–268
C–C bond formation, 48–50
CDP choline, 51
3050-CDP phosphoramidate, 316
cGMP–AMP synthase (cGAS), 140
chirality, 228, 229

control, 368–370
clusters of regularly interspersed

short palindromic repeats
(CRISPR), 144

C–O bond cleavage, 47–48
coupled proton gradients, 190–193
covalent tethering, 507–508
C–P bonds (direct carbon–phosphorus

bonds)
cleaving, 343
C–P lyase, 345–350
naturally occurring

phosphonates, 331–333
oxygenative C–P bond cleavage,

350–352
PEP mutase, 333–334
phosphonatase on phospho-

noacetaldehyde, 343–345
C–P lyase, 345–350
creatine, 312

biosynthesis, 314
creatine kinase, 314
creatine phosphate, 312
CRISPR, 264–267
CRISPR–Cas9, 264–267
cryptic phosphoserines, 492–495

Subject Index 539



crystalline hydroxyapatite, 3
CTP synthetase, 150
3050-cyclic AMP (cAMP), 131–135, 273,

277
cyclic dinucleotide phosphodies-

terases, 278
20,50 and 30,50 phosphodiester

bonds, cGAMP, 280
30,3-di-cyclic-GMP and

di-cyclic-AMP, 278–280
30,50 cyclic GMP (cGMP), 131–135, 277
2,5, 3050-cyclic GMP–AMP, 139–144
cyclic nucleotide phosphodiesterases,

272–278
cyclic nucleotides

cAMP and cGMP, 131–135
2,5, 3050-cyclic GMP–AMP,

139–144
di-cyclic AMP, 135–139
di-cyclic GMP, 135–139
larger ring cyclo-

oligoadenylates, 144
cysteinyl phosphates, 189
cystic fibrosis transmembrane

conductance regulator (CFTR)
protein, 89

cytosine triphosphate (CTP), 114

daily dietary input, 6
20deoxyNTPs, 10–12
20-deoxyribonucleoside triphosphates

(20-dNTPs), 120
desulfuration, 368
di-cyclic AMP, 135–139
di-cyclic GMP, 135–139
1,3-diphosphoglycerate, 183
DNA alkylation, 288

internucleotide phosphodiester
bond, 288–289

DNA ligases, 17, 120–126
mechanism of action of, 125

DNA polymerase, 531–537
DNA polymerization, 20dXMP

transfers, 119–120
DNA restriction endonucleases,

sequence-specific, 259–264

DNAse I, 247
DROSHA endonucleases, 248
dynamins, 98

ecto-nucleotide pyrophosphate
phosphodiesterase 1 (ENPP1), 280

electrophile, 187
energy capture nanomachine, 196–199
enolase, glycolytic enzyme, 199–202
enol phosphates, 190–193
enzymatic glycosyl transfers, 303
enzymatic phosphorolysis, 300
enzymatic phosphoryl transfers, 62,

208
enzyme–AMP intermediate, 126
enzyme catalyzed hydrolyses, 60
esterification, 17
eukaryotic phosphohistidinyl

protein residues, 410–413
eukaryotic S-phosphoenzymes, 423

S-phosphocysteinyl–enzyme
intermediates, 423–426

sulfiredoxin and peroxiredoxin
resuscitation, 426–429

30-exonucleolytic phosphorylase, 306

F-ATP synthases, 41–42, 202
FIC adenylation domains, 501–504
flavin adenine dinucleotide (FAD), 51
fluorapatite, 6
folyl polyglutamate synthetase,

443–445
fructose-1,6-bis-phosphatase, 230–235
fructose-1,6-bis-phosphate (FDP),

193, 234
fructose-6-phosphate, 232
F-type transmembrane ATPases,

84–87

generic phosphomonoester, 60
glucokinase regiochemistry, 531–537
gluconeogenesis, 232, 234

vs. glycolysis, 233
glucosamine synthase (GlmS)

ribozyme, 258
glucose, 191

540 Subject Index



glucose-6-phosphatase, 230–235
glucose-1-phosphate, 212
glucose-6-phosphate, 63, 210, 232
Glu–Cys–acyl phosphate, 182
glutamine synthetase modification,

496
glyceraldehyde-3-phosphate

dehydrogenase, 182, 196–199,
306

glycocyamine, 312
glycogen phosphorylase, 302
glycolysis, 234, 304

vs. gluconeogenesis, 233
phosphorylation logic,

193–196
ten-enzyme pathway of, 195

glycoside phosphorylases, 301
glyecraldehyde-3-phosphate, 193
GMP, 73, 276
GMP kinase, 74
G protein-coupled membrane

receptors (GPCRs), 91, 92
GTP, 166
GTPase families, 98
GTPases

cellular work and, 91
conditional hydrolases, 91
hydrolysis, 90

guanidinium phosphoramidates
(phosphagens), 187–188

guanosine pentaphosphate (pppGpp),
166

guanosine tetraphosphate (ppGpp),
166

heterotrimeric G proteins, 91–93
hexokinase, 227, 534–536
hexose phosphorylations, 66
human kinome, 457–463
hydroxyapatite, 6

formation and deposition,
31–33

hydroxyethyl phosphonate, 339
hydroxymethyl phosphonate, 339
hypophosphorous acid, 332
hypotaurocyamine, 312

inorganic phosphate, 1, 3, 6, 8–9, 24,
58, 59, 258, 345–350, 518–521

bodily levels, 27–28
dianionic form of, 7
orthogonal role, nucleophile, 308
phosphoric acid, pKas, 28–29
transport, 29–31

inorganic phosphoric acid, 5
inorganic pyrophosphatases, 38–39,

42
membrane-bound proton-

pumping inorganic pyro-
phosphatases, 39–41

soluble inorganic pyrophos-
phatase, 39

inorganic pyrophosphate, 9–10
simplest inorganic phosphoric

anhydride, 33–37
tetra-anionic form of, 7

inorganic thiophosphate, 355–357
inosine monophosphate (IMP), 73
internucleotide phosphodiester

bonds, 252, 288–289
interprotein phosphoryl transfer, 403
introns, group I and II, 254, 257
ion selectivity, 81
isoprenoid biosynthetic pathways,

48–50

2-ketoglutarate, 342
ketose dihydroxyacetone-phosphate,

193
kinase-type phosphoryl transfers, 59
kinetic stability, 37–38

lanthipeptide formation, 492–495
larger ring cyclo-oligoadenylates, 144
Leu–Trp dipeptide, 323, 326
linear polyphosphates, 33
lombricine, 312
long inorganic polyphosphates, 42–45
low molecular weight phospho-

monoesters, 189–190

marine dinoflagellate neurotoxins, 189
MccB enzyme, 320

Subject Index 541



mechano-chemical enzymes, 93
membrane-bound proton-pumping

inorganic pyrophosphatases,
39–41

metaphosphate anion, 224
methane, 345–350
5-methyl-20deoxy-UTP, 120
methyl phosphonate, 337

fragmentation, 345–350
5-methyluracil, 120
mevalonate-5-pyrophosphate, 215
Mg–ADP, 79
Mg–ATP, 63–66, 99–101, 113
microbial metabolites, 18
microcin C7 maturation, 316–320

NAD1, 51, 155, 157
electrophilic fragments,

protein side chains, 508–515
NADP1, 235–238
nicotinamide adenine dinucleotide

(NAD), 235
nicotinamide adenine diphosphate

(NADPH), 235–238
nicotinamide coenzyme assembly,

152–155
nicotinate adenine dinucleotide

(NAAD1), 152, 155
nocturnin (circadian rhythm-

controlled protein), 235–238
N-phospho-asparaginyl residue,

316–320
N-phospho-glutamine, 320–321
N-phospho-lysine protein residues,

418–419
N-phosphoproteomes

eukaryotic phosphohistidinyl
protein residues, 410–413

pyruvate phosphate dikinase,
408–410

sensor–response regulator
systems, 394–404

tandem phosphoryl transfers,
phosphotransferse systems,
404–408

N-phosphoryl-asparagine, 312

N-phosphoryl glutamine, 312
N-phosphoryl proteinogenic amino

acids, 310–312
nuclease cleavage regiospecificity,

247–248
nucleases, 244
nucleoside diphosphate kinase,

73–77
nucleoside diphosphokinase, 76
nucleoside monophosphate units

(NMPs), 14
nucleoside triphosphates (NTPs),

8–12
nucleotide phosphodiesterases, 16
nucleotide phosphoramidates,

321–323
nucleotides, 523
nucleotidyl transferases

classes of nucleophiles in, 109
reactions, 107

nucleotidyl transfers, 17, 46–47,
105–109, 149, 243, 525–528

in activation of sugar monomers,
149–152

50 and 30 ends of mature
mRNAs, 116–118

biomacromolecular condensed
linear polymer growth,
523–524

DNA chain elongation by, 121
glutamine synthetase

modification, 496
intramolecular and

intermolecular, 131
isoamide anions as

nucleophiles, 144–149
in RNA chain elongation,

111–116
Thr and Tyr side chains, 495–496
uridylyl and guanylyl transfers

to 30-ends, RNAs, 118–119

octicidin, 316, 327
orbital filling diagram, 4
organic pyrophosphate linkages,

51–52

542 Subject Index



orotidine monophosphate (OMP), 48
orthogonal reactivity, 1
osteoblasts, 31–33
oxidation state, 1
oxidized phosphate atoms, 3
oxocarbenium ion transition state, 304
oxygenative conversion, 368
oxygenative C–P bond cleavage,

350–352

paired restriction endonucleases, 263
palmitoyl CoA, 191
paraoxon, 293, 368
parathion, 293, 368
pentacovalent phosphoranes, 62
PEP mutase, 333–334

equilibrium, 338
PEP, P–O or C–O bond cleavage, 215
peptide bond formations, 253
peroxiredoxin, 426–429
3-PGA kinase, 198, 234
phosphagens, 312–315
phosphatases, 205

phosphate monoesters
hydrolysis, 222

vs. phosphodiesterases, 223
phosphate anion, oxygen nucleophile,

299–304
phosphate diesters, 58, 518–521
phosphate groups, effects in proteins,

382–385
phosphate involvement

carbohydrates, 521–523
membrane phospholipids, 524
nucleotides, 523
protein posttranslational

modifications, 529–531
phosphate monoesters, 58, 62,

518–521
chemical stability, 455–457
dianionic form of, 7

phosphate monoesters hydrolysis, 222
mechanisms, 222–230

phosphate scaffolds types, 393–394
phosphate trimester, 328
phosphatidylcholine, 282

phosphatidylinositol molecule life
cycle, 215–221

phosphatidylinositols, 284
phosphinates, 332, 337–343
phosphine, 5
phosphinothricin biosynthesis,

337–343
phosphite triester, 328
30-phospho-5-adenosine

phosphosulfate (PAPS), 12
phosphoaspartyl response

regulators, 429–434
phosphodiesterases

as nucleases, 244–246
regiospecificity, 247–248

phosphodiesters, 8, 308
alcohols as nucleophiles, 14–17
monoanionic form of, 7
nucleotidyl transfers, 14–17

30,50-phosphodiesters, 15
5-phospho-D-ribose-1-pyrophosphate

(PRPP), 47–49
phosphoenolpyruvate, 12, 78, 79, 341
phosphoglucomutase, glycolysis to

hexose oligomerizations, 212–215
3-phosphoglyceric acid (3-PGA), 183
phosphohistidine residues, 394
phospholipase C, 280–286
phospholipase D, 280–283, 286–288
phospholipid diester head groups, 8
phosphomonoester hydrolysis, 225
phosphomonoesters, 453–455

alcohols as nucleophiles, 13–14
formation, function and

hydrolysis, 207–211
phosphoryl transfers, 13–14

phosphonate metabolism I, 334–337
phosphonate metabolism II, 337–343
phosphonates, 17–20, 332
phosphonoformate, 339
phosphonopyruvate, 334

transamination of, 337
phosphoprotein phosphatases,

478–485
phosphoproteomes, acyl phosphates,

429

Subject Index 543



phosphoproteomics, 20–23, 375–377
canonical vs noncanonical,

529–530
noncanonical adducts, 490–492
stable vs. transient, 529

phosphoproteomics 2.0, 388–389
phosphoproteomics, version 1.0,

379–382
phosphoramidate metabolites, 18
phosphoramidate nomenclature,

315–316
phosphoramidates, 17–20, 312–315
phosphoramidinyl group transfer,

321–323
phosphoramidites, synthetic oligo-

nucleotide chemistry, 327–329
phosphoramidon, 311, 323–327
50-phosphoribose-1-pyrophosphate

(PRPP), 162–165
phosphoribosyl C1-oxocarbonum

ion transition state, 48
5-phosphoribosyl-1-pyrophosphate,

46, 152
phosphoric acid, 5, 6, 28–29, 355
phosphoric anhydrides, 8–9, 58,

518–521
side chains, 10–12

phosphorodithioates, 355
phosphorohydrazidothioate, 355
phosphorolytic cleavage, cellulose, 299
phosphorothioate diesters, 357
phosphorothioate monoesters, 357
phosphorothioate oligonucleotides,

368–370
phosphorothioates, 17–20, 355

naturally occurring DNA-based,
365–368

phosphorothioate triesters, 20
phosphorous acid, 332
phosphorus pentachloride, 4
phosphorus trichloride, 4
phosphorylated enols, 183–186, 201
phosphorylated lipids, 215
phosphorylated metabolites, 241
phosphorylation, sugars, 404–408
phosphorylcholine transfers, 504–507

phosphoryl derivatives
ATP biosynthesis, routes, 12–13
thermodynamically activated, 12

phosphoryl groups, kinetic vs.
thermodynamic stability, 23–24

phosphoryl group transfers, 67, 68
electrophilic g-PO3

2�, 63–66
enzymatic control, 57–60
Mg–ATP, 63–66
timing and mechanism, 60–62

phosphoryl transfers
from ATP, 67–69
cosubstrate alcohols, 69–71
cosubstrate carboxylates, 71–73
cosubstrate phosphate esters,

73–77
enolate anions in, 77–79
enzymology, 58
mixed acyl–phosphoric

anhydrides, 71–73
phosphoserine, 442, 453–455

binding domains, 474–475
phosphoserine phosphatase, 441
phosphothreonine, 453–455
phosphotransacetylase, 304
phosphotriesterases, 288
phosphotriester insecticides, 291
phosphotriesters, 288
phosphotyrosine, 453–455

binding domains, 474–475
phosphotyrosine protein

phosphatases, 483
polynucleotide phosphorylase, 260,

306–308
two-way enzyme, 258–259

posttranslational oligogluta-
mylations, 445–446

posttranslational phosphorylation,
21, 22

primordial chaperone, 45
protein AMPylations, 495–496
protein glutamyl phosphates, 441–443

folyl polyglutamate synthetase,
443–445

protein-g-glutamyl phosphates,
445–446

544 Subject Index



protein histidinyl phosphates, 189
protein kinase A (PKA), 274
protein kinase activation cascades, 463

serine–threonine protein
kinases, 463–469

tyrosine kinases, 469–474
protein kinase G (PKG), 274
protein kinase inhibitors, FDA-

approved, 475–478
proteinogenic amino acids, 179
protein partner domains, 475
protein posttranslational

modifications, 529
canonical vs noncanonical

phosphoproteomics, 529–530
stable vs. transient phospho-

proteomics, 529
protein residues, phosphorylated,

386–388
protein serinyl phosphates, 189
protein-g-glutamyl phosphates,

445–446
proteomics, 378–379
P-Ser, 475
P-Thr, 475
PTPase, S-phosphocysteinyl–enzyme

intermediates, 423–426
P-type ATPase catalytic cycles,

434–440
P-type transmembrane ATPases, 83
P-Tyr, 475
purine N-phosphoribosylation, 48
pyridoxine, 214
pyrimidine N-phosphoribosylation,

48
pyrophosphoric acid (PPi), 33, 36,

39, 48, 280
pyrophosphoryl transfers, 161–162

50-phosphoribose-1-pyropho-
sphate (PRPP), 162–165

pppGpp, 166
thiamin-pyrophosphate,

166–167
pyruvate kinase, 201

reaction, 215
pyruvate phosphate dikinase, 408–411

Rab, 93
Rac, 93
Ran, 93
Ras, 93
restriction–modification (RM) system,

259, 262
reversible phosphoproteomics, 23
Rho, 93
riboflavin, 214
ribonuclease A, 250
ribonuclease P, 257–258
ribonucleases, 248–251

catalytic RNAs, 251–257
GlmS ribozyme, 258
introns, group I and II, 257
phosphodiester transesterifica-

tions and hydrolyses, 251–257
RNA catalysts to RNA–protein

catalysts, 257–258
ribonucleoside triphosphates, 153
ribosome translation factors, 93–95
RNA polymerase, 531–537
RNAse A, 255
RNAse classes, 248
RNAse P, 255
RNA splicing, 126–127

exon–intron boundary, 128–129
internucleotide phospho-

diester bond interchange,
129–131

internucleotide phosphodiester
interchange, 128–129

intron–exon boundary, 129–131

S-adenosylmethionine (SAM)
synthetase, 169–170

sensor–response regulator systems,
394–404

serine–threonine protein kinases,
463–469

small GTPases, 93
soluble inorganic pyrophosphatase,

35, 39
sophorose phosphorylase, 303
specificity, 482
sphingosine-1-phosphate, 215, 217

Subject Index 545



S-phosphocysteinyl proteomes,
419–421

bacterial S-phosphoryl
enzymes, 421–423

eukaryotic S-phosphoenzymes,
423

stereochemical inversion
phosphorus in enzymatic

nucleotidyl transfers, 357–363
phosphorus in phosphoryl

transfers, 363–364
stimulator of interferon genes

(STING), 142, 144
succinyl CoA synthetase, 182
sucrose phosphorylase, 302
sugar metabolism, 207
sulfinic–phosphoric anhydride, 428
sulfiredoxin, 426–429
sulfostin, 316, 327
sulfuric–phosphoric anhydrides, 12,

187

talopeptin, 311, 323–327
tandem phosphorylations

strategy to pyrophosphorylation,
167–169

tandem phosphoryl transfers, 149
taurocyamine, 312
tetraenoic acid, 218
thalassamine, 312
thermodynamic activation, 37–38
thiamin-pyrophosphate, 166–167
thiophosphates, 355
thiophosphoric acid, 355
thiophosphoryl enzyme intermediates,

370–371
threonyl phosphates, 189

topoisomerases I, 270, 271
transesterification, 128
transient noncanonical

phosphoproteomes, 529
transmembrane ATPases, 82

ABC type, 87–89
F-type, 84–87
P-type, 83
V-type, 83–84

trehalose phosphorylase, 302
tribasic inorganic phosphoric acid,

206
triphosphates, 42–45
tubulins, 95–97
type III CRISPR bacterial defense

systems, 144
type II topoisomerases, 267–271
tyrosine kinases, 469–474
tyrosyl phosphates, 189

UDP glucose, 51
UDP–glucose pyrophosphorylase,

361
ultrastable phosphodiester

internucleotide bonds, 8
UMP kinase, 74
uridylylation cascades, 496
UTP, 114

vacuolar-ATPases (V-ATPases), 41–42
vitamin B12, 170, 173, 174, 176
V-type transmembrane ATPases,

83–84

xenobiotic phosphotriesters,
289–293

xenobiotics, 20

546 Subject Index


	Cover
	Dedication
	Preface
	Contents
	Section I. Introduction to Phosphorus and Inorganic Phosphates
	Chapter 1 Introduction to Phosphorus Chemical Biology
	1.1 The Element: Discovery, Abundance, Valence States
	1.1 The Element: Discovery, Abundance, Valence States
	1.2 Chemical Biology of Phosphorus
	1.2.1 Where There is Life There is Phosphorus
	1.2.2 Inorganic Phosphate, Phosphoric Anhydrides to Nucleoside Triphosphates &lpar;NTPs&rpar;

	1.3 Inorganic Pyrophosphate
	1.4 Phosphoric Anhydride Side Chains in ATP, NTPs, and 2?deoxyNTPs
	1.5 Families of Thermodynamically Activated Phosphoryl Derivatives
	1.5.1 Routes to ATP Biosynthesis

	1.6 Phosphomonoesters: Alcohols as Nucleophiles in Phosphoryl Transfers
	1.7 Phosphodiesters: Alcohols as Nucleophiles in Nucleotidyl Transfers
	1.7.1 Three Nucleotidyl Transfers in a Catalytic Cycle of DNA Ligase
	1.7.1 Three Nucleotidyl Transfers in a Catalytic Cycle of DNA Ligase

	1.8 Phosphonates, Phosphoramidates, and Phosphorothioates
	1.8 Phosphonates, Phosphoramidates, and Phosphorothioates
	1.9 Phosphoproteomics
	1.10 Phosphoryl Groups: Kinetic vs. Thermodynamic Stability
	1.10 Phosphoryl Groups: Kinetic vs. Thermodynamic Stability
	1.11 The Structure of This Book
	References

	Chapter 2 Inorganic Phosphate, Pyrophosphate, and Polyphosphate
	2.1 Inorganic Phosphate Bodily Levels
	2.1.1 Phosphoric Acid pKas: The Biological Importance of Being Ionized

	2.2 Inorganic Phosphate Transport
	2.3 Hydroxyapatite Formation and Deposition by Osteoblasts During Bone Formation
	2.4 Inorganic Pyrophosphate: The Simplest Inorganic Phosphoric Anhydride
	2.5 Thermodynamic Activation Balanced by Useful Kinetic Stability
	2.6 Thermodynamically Favored Enzymatic Hydrolysis Drives Otherwise Unfavorable Cellular Equilibria
	2.6.1 Two Types of Inorganic Pyrophosphatases
	2.6.1.1 Soluble Inorganic Pyrophosphatase
	2.6.1.2 Membrane-bound Proton-pumping Inorganic Pyrophosphatases
	2.6.1.2 Membrane-bound Proton-pumping Inorganic Pyrophosphatases

	2.6.2 Vacuolar ATPases and F-ATP Synthases

	2.7 From Triphosphates to Long Inorganic Polyphosphates
	2.7 From Triphosphates to Long Inorganic Polyphosphates
	2.8 Organic Pyrophosphate Scaffolds. Monosubstituted Organic Pyrophosphate Metabolites: Incorporation of Inorganic Phosphate and Pyrophosphate Groups into Organic Scaffolds Enables a Wide Range of Chemistries in Energy Metabolism
	2.8.1 Nucleotidyl Transfers to Cosubstrate Nucleophiles
	2.8.2 C-O Bond Cleavage in PRPP and ?2-IPP to Generate Carbocationic Transition States
	2.8.3 Pyrimidine and Purine N-phosphoribosylations of the Phosphoribosyl C1-oxocarbonum Ion Transition State
	2.8.4 Iterative C-C Bond Forming Chemistry from the C1-allyl Carbonium Ion Transition State in Isoprenoid Biosynthetic Pathways

	2.9 Overview
	2.10 Disubstituted Organic Pyrophosphate Linkages
	References


	Section II. ATP and Nucleoside Triphosphate Congeners: Substrates for Phosphoryl-, Pyrophosphoryl-, and Nucleotidyl Transferases
	Chapter 3 ATP as the Premier Biological Phosphoryl Transfer Reagent
	3.1 Phosphoryl Group Transfers under Enzymatic Control
	3.1 Phosphoryl Group Transfers under Enzymatic Control
	3.2 Timing and Mechanism of Phosphoryl Group Transfers
	3.2 Timing and Mechanism of Phosphoryl Group Transfers
	3.3 Phosphoryl Group Transfers from Mg-ATP: Electrophilic ϒ-PO32- in Flight
	3.4 ATP: Daily Human Consumption Equal to Total Body Weight
	3.5 Phosphoryl Transfers from ATP: Logic and Mechanisms
	3.5 Phosphoryl Transfers from ATP: Logic and Mechanisms
	3.5.1 Phosphoryl Transfers to Cosubstrate Alcohols
	3.5.2 Phosphoryl Transfers to Cosubstrate Carboxylates: Mixed Acyl-Phosphoric Anhydrides
	3.5.3 Phosphoryl Transfer to Cosubstrate Phosphate Esters: Adenylate Kinase, Nucleoside Diphosphate Kinase
	3.5.4 Enolate Anions in Phosphoryl Transfers

	3.6 ATPases and Coupled Equilibria
	3.6.1 ATPases: Phosphoryl Transfer to Water, Coupled to Cellular Work

	3.7 Transmembrane ATPases
	3.7.1 P-type Transmembrane ATPases
	3.7.2 V-type Transmembrane ATPases
	3.7.3 F-type Transmembrane ATPase=ATP Synthase
	3.7.4 ABC Type Transmembrane ATPases

	3.8 AAA Proteins: A Plethora of ATPase Domains Coupled to Diverse Functions
	3.9 Beyond ATPases: GTPases as Conditional Hydrolases Coupled to Multiple Forms of Cellular Work
	3.9.1 Heterotrimeric G Proteins
	3.9.2 Rab, Rac, Ran, Rho, Ras Family of Small GTPases
	3.9.3 Ribosome Translation Factors
	3.9.4 Tubulins
	3.9.5 Dynamins
	3.9.6 GTPase Summary

	3.10 Mg-ATP Bidentate Coordination Complexes are the Immediate Forms of ATP, GTP, and other NTP Substrates
	References

	Chapter 4 Nucleotidyl Transfers &lpar;ATP and NTPs&rpar;
	4.1 Adenylyl and Nucleotidyl Transfers
	4.1.1 Classes of Nucleophiles in Adenylyl Transferases

	4.2 Aminoacyl tRNA Synthetases
	4.3 Nucleotidyl Transfers in Each Step of RNA Chain Elongation
	4.3 Nucleotidyl Transfers in Each Step of RNA Chain Elongation
	4.3.1 Two Additional Nucleotidyl Transfers at 5' and 3' Ends of Mature mRNAs
	4.3.2 Uridylyl and Guanylyl Transfers to 3?-ends of Different Classes of RNAs

	4.4 Equivalent 2'dXMP Transfers in Every Chain Elongation Step of DNA Polymerization
	4.5 DNA Ligases
	4.6 RNA Splicing
	4.6.1 Internucleotide Phosphodiester Interchange at an Exon-Intron Boundary: Step 1
	4.6.2 Internucleotide Phosphodiester Bond Interchange at an Intron-Exon Boundary: Step 2

	4.7 Cyclic Nucleotides: Intramolecular and Intermolecular Nucleotidyl Transfers
	4.7.1 cAMP and cGMP
	4.7.2 Di-cyclic GMP and Di-cyclic AMP
	4.7.3 c-GAMP: 2,5, 3'5'-cyclic GMP-AMP
	4.7.4 Larger Ring Cyclo-oligoadenylates in Type III CRISPR Bacterial Defense Systems

	4.8 Isoamide Anions as Nucleophiles in Nucleotidyl Transfers
	4.8 Isoamide Anions as Nucleophiles in Nucleotidyl Transfers
	4.9 Tandem Phosphoryl and Nucleotidyl Transfers
	4.9.1 Nucleotidyl Transfers in Activation of Sugar Monomers
	4.9.2 Nicotinamide Coenzyme Assembly

	4.10 Summary
	References

	Chapter 5 Pyrophosphoryl and Adenosyl Transfers from Mg–ATP
	5.1 Pyrophosphoryl Transfers
	5.1.1 5?-Phosphoribose-1-pyrophosphate &lpar;PRPP&rpar;
	5.1.2 pppGpp
	5.1.3 Thiamin-pyrophosphate

	5.2 Tandem Phosphorylations as An Alternative Strategy to Pyrophosphorylation
	5.3 Adenosyl Transfers
	5.3.1 S-adenosylmethionine Synthetase
	5.3.2 Adenosyl-B12 Coenzyme

	References

	Chapter 6 Activated Phosphoryl Groups and Biosynthetic Paths to ATP
	6.1 The Spectrum of Biologically Activated Phosphoryl Groups
	6.1.1 Acyl Phosphates vs. Acyl Adenylates
	6.1.2 Phosphorylated Enols
	6.1.3 Sulfuric-Phosphoric Anhydrides
	6.1.4 Guanidinium Phosphoramidates (Phosphagens)
	6.1.5 Protein Histidinyl Phosphates, Aspartyl Phosphates, Cysteinyl Phosphates.
	6.1.6 Protein Serinyl Phosphates, Threonyl Phosphates, Tyrosyl Phosphates
	6.1.7 Low Molecular Weight Phosphomonoesters

	6.2 Three Ways to Make ATP: Acyl Phosphates, Enol Phosphates, and Coupled Proton Gradients
	6.2.1 The Phosphorylation Logic of Glycolysis
	6.2.2 Glyceraldehyde-3-Phosphate Dehydrogenase as an Energy Capture Nanomachine
	6.2.3 Enolase as the Second Glycolytic Enzyme Creating a Thermodynamically Activated Phosphate Scaffold

	References

	Chapter 7 Phosphomonoesters: Enzymatic Formation and Decomposition
	7.1 Phosphomonoesters: Formation, Function, Hydrolysis
	7.1 Phosphomonoesters: Formation, Function, Hydrolysis
	7.2 Phosphoglucomutase: Connecting Glycolysis to Hexose Oligomerizations
	7.3 PEP Activated for P-O or C-O Bond Cleavage
	7.4 Phosphorylated Lipids
	7.4.1 Life Cycle of a Phosphatidylinositol Molecule

	7.5 Phosphatases: Hydrolysis of Phosphate Monoesters
	7.5 Phosphatases: Hydrolysis of Phosphate Monoesters
	7.5.1 Phosphate Monoester Hydrolysis Mechanisms
	7.5.2 Glucose-6-Phosphatase and Fructose-1,6-Bis Phosphatase
	7.5.2 Glucose-6-Phosphatase and Fructose-1,6-Bis Phosphatase
	7.5.3 Nocturnin: A Circadian Rhythm-Regulated Specific Phosphatase for NADPH and NADP+

	References


	Section III. Types of Phosphorylated Metabolites and Metabolic Logic
	Chapter 8 Phosphodiesters and Phosphotriesters
	8.1 Phosphodiesterases as Nucleases
	8.2 Phosphodiesterase/Nuclease Cleavage Regiospecificity
	8.2 Phosphodiesterase/Nuclease Cleavage Regiospecificity
	8.3 Ribonucleases
	8.3.1 Catalytic RNAs: Ribonucleic Acids Can Catalyze Phosphodiester Transesterifications and Hydrolyses
	8.3.2 Group I and Group II Introns
	8.3.3 Ribonucleases: Evolution from RNA Catalysts to RNA-Protein Catalysts to Proteins: Ribonuclease P
	8.3.4 GlmS Ribozyme

	8.4 Polynucleotide Phosphorylase: A Two-way Enzyme
	8.5 Sequence-specific DNA Restriction Endonucleases Make Double Strand Cuts
	8.6 CRISPR-CAS9: Another Bacterial Defense Strategy Involving Specific Double Strand Cuts of Foreign DNA
	8.7 Type II Topoisomerases
	8.8 Cyclic Nucleotide Phosphodiesterases
	8.9 Cyclic Dinucleotide Phosphodiesterases
	8.9.1 Bacterial Phosphodiesterase Activity on 3',3-di-cyclic-GMP and di-cyclic-AMP
	8.9.2 Phosphodiesterase Activity on Both 2',5? and 3',5' Phosphodiester Bonds of cGAMP

	8.10 Phospholipases C and D
	8.10.1 Phospholipase C
	8.10.2 Phospholipase D

	8.11 Phosphotriesters and Phosphotriesterases
	8.11.1 DNA Alkylation at the Internucleotide Phosphodiester Bond
	8.11.2 Xenobiotic Phosphotriesters

	References

	Chapter 9 Phosphorylases: Inorganic Phosphate as Oxygen Nucleophile
	9.1 Phosphate Anion as Oxygen Nucleophile
	9.2 Equilibrating Acyl Thioesters and Acyl Phosphates
	9.3 Polynucleotide Phosphorylase
	9.4 Phosphorylase Summary
	References

	Chapter 10 N–P Bond Chemical Biology
	10.1 N-Phosphoryl Proteinogenic Amino Acids
	10.2 Phosphagens and Phosphoramidates
	10.3 Phosphoramidate Nomenclature
	10.4 N-Phospho-asparaginyl Residue in Microcin C7 Maturation
	10.4 N-Phospho-asparaginyl Residue in Microcin C7 Maturation
	10.5 N-Phospho-glutamine and Tailoring of C. jejuni Capsular Polysaccharide
	10.6 Nucleotide Phosphoramidates: Transfer of a Phosphoramidinyl Group
	10.7 Talopeptin/Phosphoramidon: α-Aminokinase Action
	10.7 Talopeptin/Phosphoramidon: α-Aminokinase Action
	10.8 Phosphoramidites in Synthetic Oligonucleotide Chemistry
	10.8 Phosphoramidites in Synthetic Oligonucleotide Chemistry
	References

	Chapter 11 C–P Bonds in Biology: Phosphonates and Phosphinates
	11.1 C–P Bonds: Naturally Occurring Phosphonates
	11.2 PEP Mutase: The Singular Route to C-P Bonds
	11.3 Phosphonate Metabolism I
	11.4 Phosphonate Metabolism II: A Route to Phosphinates in Phosphinothricin Biosynthesis: Phosphinates as Carboxylate Isosteres
	11.5 Cleaving C-P Bonds
	11.5.1 Phosphonatase Acting on Phosphonoacetaldehyde
	11.5.2 C-P Lyase: Methyl Phosphonate Fragmentation to Methane and Inorganic Phosphate
	11.5.3 Oxygenative C-P Bond Cleavage

	References

	Chapter 12 P–S Bonds: Phosphorothioates
	12.1 Phosphorothioates/Thiophosphates
	12.2 Inorganic Thiophosphate: Not a Known Metabolite
	12.2 Inorganic Thiophosphate: Not a Known Metabolite
	12.3 Phosphorothioate Monoesters and Diesters
	12.4 Stereochemical Inversion at Phosphorus in Enzymatic Nucleotidyl Transfers
	12.5 Stereochemical Inversion at Phosphorus in Phosphoryl Transfers
	12.6 Naturally Occurring DNA-based Phosphorothioates
	12.6 Naturally Occurring DNA-based Phosphorothioates
	12.7 Oxygenative Conversion of Parathion to Paraoxon
	12.8 Synthetic Phosphorothioate Oligonucleotides and the Problem of Chirality Control
	12.9 Thiophosphoryl Enzyme Intermediates
	References


	Section IV. Phosphoproteomics
	Chapter 13 Scope and Roles of Posttranslational Protein Phosphorylations
	13.1 Proteomics
	13.2 Phosphoproteomics: Version 1.0
	13.3 How do Phosphate Groups Have Their Effects in Proteins
	13.4 Nine of Twenty Protein Residues Can Be Phosphorylated
	13.5 Criteria for Phosphoproteomics 2.0
	References

	Chapter 14 Noncanonical Phosphoproteomes
	14.1 Types of Phosphate Scaffolds in Biology
	14.2 The N-phosphoproteomes: Phosphohistidine Residues
	14.2 The N-phosphoproteomes: Phosphohistidine Residues
	14.2.1 Bacterial Two Component Sensor-Response Regulator Systems
	14.2.1 Bacterial Two Component Sensor-Response Regulator Systems
	14.2.2 Tandem Phosphoryl Transfers in Bacterial Phosphotransferse Systems for Coupled Import and Phosphorylation of Sugars
	14.2.3 Bacterial Pyruvate Phosphate Dikinase: A Relative of PTS Logic?
	14.2.4 Eukaryotic Phosphohistidinyl Protein Residues

	14.3 Arginine Phosphoramidates in Proteins
	14.4 N-phospho-lysine Protein Residues
	14.5 S-phosphocysteinyl Proteomes
	14.5.1 Bacterial S-phosphoryl Enzymes
	14.5.2 Eukaryotic S-phosphoenzymes
	14.5.2.1 S-Phosphocysteinyl-Enzyme Intermediates in PTPase Action
	14.5.2.1 S-Phosphocysteinyl-Enzyme Intermediates in PTPase Action
	14.5.2.2 S-phosphocysteinyl Involvement in Sulfiredoxin and Peroxiredoxin Resuscitation


	14.6 Acyl Phosphates in Phosphoproteomes
	14.6.1 Phosphoaspartyl Response Regulators in Bacteria
	14.6.2 Aspartyl Phosphate Intermediates in P-type ATPase Catalytic Cycles
	14.6.3 Phosphoserine Phosphatase
	14.6.4 The Search for Protein Glutamyl Phosphates
	14.6.4.1 Folyl Polyglutamate Synthetase
	14.6.4.2 Protein-ϒ-Glutamyl Phosphates as Intermediates in Posttranslational Oligoglutamylations


	References

	Chapter 15 Canonical Phosphoproteomics: Phosphoserine, Phosphothreonine, and Phosphotyrosine
	15.1 Scope of the Canonical Phosphoproteome
	15.2 Phosphoserine, Phosphothreonine and Phosphotyrosine are Chemically Stable Phosphomonoesters
	15.2 Phosphoserine, Phosphothreonine and Phosphotyrosine are Chemically Stable Phosphomonoesters
	15.3 Consequences of Phosphate Monoester Chemical Stability
	15.4 The Human Kinome
	15.5 ‘‘Cascades" of Protein Kinase Activation from Outside In: Cell Surface to Cytoplasm and Nucleus
	15.5 ‘‘CascadesÇÇ of Protein Kinase Activation from Outside In: Cell Surface to Cytoplasm and Nucleus
	15.5.1 Serine-Threonine Protein Kinases
	15.5.2 Tyrosine Kinases: Membrane Receptor vs. Soluble Forms
	15.5.2 Tyrosine Kinases: Membrane Receptor vs. Soluble Forms

	15.6 Phosphoserine and Phosphotyrosine Binding Domains
	15.6 Phosphoserine and Phosphotyrosine Binding Domains
	15.7 Visualization of Binding Pockets for P-Thr, P-Ser, and P-Tyr in Protein Partner Domains
	15.8 FDA-approved Protein Kinase Inhibitors
	15.9 Phosphoprotein Phosphatases: Two Limiting Strategies for Specificity
	References

	Chapter 16 Noncanonical Phosphoproteomics – II
	16.1 Noncanonical Adducts in a Broadened View of Phosphoproteomics
	16.1 Noncanonical Adducts in a Broadened View of Phosphoproteomics
	16.2 Cryptic Phosphoserines in Lanthipeptide Formation
	16.2 Cryptic Phosphoserines in Lanthipeptide Formation
	16.3 Nucleotidyl Transfers to Thr and Tyr Side Chains: Protein AMPylations
	16.3.1 Adenylylation and Uridylylation Cascades in Bacterial Glutamine Synthetase Modification
	16.3.2 Regulation by Covalent Adenylyl Transfer to a Tyrosyl Residue in Each Subunit
	16.3.3 FIC Adenylation Domains

	16.4 Transfers of Phosphorylcholine to Proteins
	16.5 Covalent Tethering of Atg8 to Autophagosomal Membranes
	16.5 Covalent Tethering of Atg8 to Autophagosomal Membranes
	16.6 NAD+ as a Donor of Electrophilic Fragments to Protein Side Chains: Proteomic Roles
	References

	Chapter 17 Broad Biological Arcs from Only Four Types of Phosphate Molecules
	17.1 The Simplicity of Phosphate Chemistry in Biological Systems: Inorganic Phosphate, Phosphoric Anhydrides, Phosphate Monoesters, Phosphate Diesters
	17.2 Phosphate Involvement by Metabolite Category
	17.2.1 Phosphate Involvement in Low Molecular Weight Metabolic Pathways
	17.2.1.1 Carbohydrates
	17.2.1.2 Nucleotides
	17.2.1.3 Biomacromolecular Condensed Linear Polymer Growth: Driven Thermodynamically and Mechanistically by Nucleotidyl Transfers.
	17.2.1.4 Membrane Phospholipids

	17.2.2 Protein Posttranslational Modifications: Stable vs. Transient Phosphoproteomics
	17.2.3 Protein Posttranslational Modifications: Canonical vs Noncanonical Phosphoproteomics

	17.3 Glucokinase Regiochemistry Connected to Directionality of RNA and DNA Polymerase Replication and Transcription


	Subject Index



